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Abstract  
 

Monitoring effects of environmental pollution is a critical aspect to preserving 

ecosystem health, but is challenging if baseline conditions are never established. 

Microorganisms are the first responders in a marine pollution event, hence oil-degrading 

bacteria can be used to monitor dispersion and biodegradation of oil spills. Deep-water 

subsurface oil reservoirs are predicted to exist along the Scotian Slope offshore Nova Scotia. 

Seafloor sediment from 19 Scotian Slope stations spanning a ~70,000 km2 area were used 

to generate 51 bacterial 16S rRNA gene amplicon libraries (V3-V4 region) to form a DNA 

baseline. A 300-day long mock oil spill experiment using Scotian Slope sediment identified 

potential bacterial bioindicators of pristine and contaminated conditions, relative to 

baseline, underpinning an environmental monitoring approach that is proposed. This study 

shows that bacterial rRNA gene amplicon sequencing offers a novel parameter for baselines 

and environmentally responsible development of offshore deep-water oil drilling in Canada 

and beyond. 
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box represents 24 samples. The box and whiskers have the same meaning as described in 
Figure 3.3 legend.  
 
Figure 3.6. Total number of reads assigned to OTUs taxonomically classified as Archaea 
(A), Bacteria (B), Eukaryota (C), or unknown (D) in surface sediment amplicon libraries 
created using three different primer pairs. Data from cell lysis method and stations are 
grouped together. Each box represents 24 samples. The box and whiskers have the same 
meaning as described in Figure 3.3 legend.  
 
Figure 3.7. Absolute numbers of reads classified as Archaea or Bacteria in amplicon 
libraries sequenced using either primer pair (i) 341F/785R, (ii) 341F/805R or (iii) 
926F/1392R (24 samples per primer pair).  
 
Figure 4.1. Scotian Slope stations where sediment was collected onboard the research 
vessel CCGS Hudson in 2015, 2016 and 2018 (indicated by the grey circles). 26 stations 
were sampled in 2015, 46 stations in 2016 and 14 stations in 2018.  
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Figure 4.2. Station locations where seafloor sediment was collected that was used to 
establish temporal and spatial microbial community baselines of the Scotian Slope offshore 
Nova Scotia. Green squares represent locations collected in 2015, pink circles represent 
locations collected in 2016 and yellow triangles represent locations collected 2018. The 
letters within the shapes indicate the station ID (Table 4.1). Station coordinates are provided 
in Table 2.1. 
 
Figure 4.3. A non-metric multidimensional scaling (NMDS) plot of Bray-Curtis dissimilarity 
between amplicon libraries represented by squares (sampled in 2015), circles (sampled in 
2016) or triangles (sampled in 2018) (PERMANOVA p < 0.01; Stress = 0.0329). The colours 
within the shapes represent the Shannon alpha diversity index.  
 
Figure 4.4. Relative sequence abundance (x axis) of phyla in seafloor sediment amplicon 
libraries (stations along y axis, in order of Kruskal-Wallis comparisons in Table 4.2) used to 
establish the temporal baseline of the Scotian Slope offshore Nova Scotia in 2015 (stations 
A, B and C) 2016 (stations, H, K, N, O and P in triplicate) and 2018 (stations Q and S in 
triplicate). Phyla in less than 1% average relative sequence abundance across all amplicon 
libraries were grouped as “Other”. 
 
Figure 4.5. Bar chart of percent relative sequence abundance (x axis) of classes in 
seafloor sediment amplicon libraries (stations along y axis, in order of Kruskal-Wallis 
comparisons in Table 2) used to establish the temporal baseline of the Scotian Slope 
offshore Nova Scotia in 2015 (stations A, B and C) 2016 (stations, H, K, N, O and P in 
triplicate) and 2018 (stations Q and S in triplicate). Classes in less than 1% average relative 
sequence abundance across all amplicon libraries were grouped as “Other”.  
 
Figure 4.6. Bar chart of percent relative sequence abundance (x axis) of families in 
seafloor sediment amplicon libraries (stations along y axis, in order of Kruskal-Wallis 
comparisons in Table 2) used to establish the temporal baseline of the Scotian Slope 
offshore Nova Scotia in 2015 (stations A, B and C) 2016 (stations, H, K, N, O and P in 
triplicate) and 2018 (stations Q and S in triplicate). Families in less than 1% average relative 
sequence abundance across all amplicon libraries were grouped as “Other”. 
 
Figure 4.7. A non-metric multidimensional scaling (NMDS) plot of Bray-Curtis dissimilarity 
between amplicon libraries (PERMANOVA p < 0.001; Stress = 0.0426). Circles of the same 
colour are biological replicates per station.  
 
Figure 4.8. Pie charts of the relative percent sequence abundance (%) of phyla detected in 
2016 baseline seafloor sediment amplicon libraries from stations collected along the 
Scotian Slope offshore Nova Scotia. Each pie chart is the average between triplicate 
amplicon libraries per station (white letter). Phyla in less than 1% average relative 
abundance across all samples were categorized as “Other”.  
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Figure 4.9. Bar chart of relative percent sequence abundance (x axis) of classes in 
seafloor sediment amplicon libraries in triplicate (stations along the y axis) used to establish 
the spatial baseline of the Scotian Slope offshore Nova Scotia in 2016. Classes in less than 
1% average relative sequence abundance across all amplicon libraries were grouped as 
“Other”. 
 
Figure 4.10. Bar chart of relative percent sequence abundance (x axis) of families in 
seafloor sediment amplicon libraries in triplicate (stations along the y axis) used to establish 
the spatial baseline of the Scotian Slope offshore Nova Scotia in 2016. Families in less than 
1% average relative sequence abundance across all amplicon libraries were grouped as 
“Other”. 
 
Figure 5.1. Geographical location of station T (3260 m below sea level) where box core 
sediment sample used in this chapter was collected offshore Nova Scotia in 2016. Station 
coordinates are provided in Table 2.1. 
 
Figure 5.2. Schematic of treatments and controls (as microcosm bottles) used in this 
experiment. Circles with numbers inside indicate the sampling day where either DNA (grey) 
or RNA (orange) amplicon libraries that were analyzed. Triplicate bottles that were sacrificed 
by freezing are indicated.  
 
Figure 5.3. A schematic of the one-step reverse transcription polymerase chain reaction 
that transforms single stranded RNA into double stranded complementary DNA (cDNA) 
amplicons.  
 
Figure 5.4. Shannon index (alpha diversity; x axis) at each sampling time point (y axis) of 
crude oil treatment DNA amplicon libraries (grey), crude oil RNA amplicon libraries (orange), 
un-amended (pink), polysaccharide (green) and subsampling effects (blue) DNA amplicon 
libraries. Refer to Table 5.3 for number of replicates per sampling day. 
 
Figure 5.5. Non-metric multidimensional scaling (NMDS) plots of Bray-Curtis dissimilarity 
(beta diversity; stress for A-D=0.0000348). Each point represents an amplicon library from 
sampling day 0 (light blue), day 30 (light green), day 60 (yellow), day 92 (pink), day 150 
(dark blue), day 240 (red) and day 300 (dark green) of the microcosm experiment. A: DNA 
(circles) and RNA (squares) amplicon libraries from the crude oil treatment with corner A 
sediment. B: DNA (circles) amplicon libraries from the crude oil treatment with corner B 
sediment. C: DNA amplicon libraries from the crude oil treatment (circles) and subsampling 
effects control (SE; triangles) D: DNA (circles) and RNA (squares) amplicon libraries from the 
un-amended control.  
 
Figure 5.6. Relative sequence abundance (%, bubble size) of phyla in the crude oil 
treatment DNA and RNA amplicon libraries (x axis) through time.  
 
Figure 5.7. Relative sequence abundance (%, bubble size) of classes in the crude oil 
treatment DNA and RNA amplicon libraries (x axis) through time. 
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Figure 5.8. Relative sequence abundance (%, bubble size) of families in the crude oil 
treatment DNA and RNA amplicon libraries (x axis) through time.  
 
Figure 5.9. Non-metric multidimensional scaling (NMDS) of Bray-Curtis dissimilarity (beta 
diversity) index between the microcosm (circles) and 2016 Scotian Slope baseline samples 
(squares; Section 4.3.5) at A: day 0 of the microcosm experiment (pink circles; stress = 
0.000075), B: day 30 (light green circles; stress = 0.061), C: day 150 (yellow circles; stress 
= 0.061) and D: day 300 (orange circles; stress = 0.053). 
 
Figure 5.10. Non-metric multidimensional scaling (NMDS) of Bray-Curtis dissimilarity (beta 
diversity) index between DNA amplicon libraries from sediment stored at 4°C for one year 
prior to sequencing (pink circles) compared to sediment immediately stored at -80°C after 
sampling prior to sequencing (green squares) (stress = 0.095). 
 
Figure 5.11. Relative sequence abundance (bubble size) of phyla from DNA amplicon 
libraries of sediment sampled from 2016 Scotian Slope station T stored at -80°C 
immediately after sampling prior and sediment stored at 4°C for one year prior to 
sequencing. 
 
Figure 5.12. Relative sequence abundance (bubble size) of classes from DNA amplicon 
libraries of sediment sampled from 2016 Scotian Slope station T stored at -80°C 
immediately after sampling prior and sediment stored at 4°C for one year prior to 
sequencing. 
 
Figure 5.13. Relative sequence abundance (bubble size) of families from DNA amplicon 
libraries of sediment sampled from 2016 Scotian Slope station T stored at -80°C 
immediately after sampling prior and sediment stored at 4°C for one year prior to 
sequencing. 
 
Figure 5.14. A schematic of the proposed strategy for a DNA-based marine environmental 
effects monitoring method after a crude oil spill. 
 
Figure 5.15 Relative sequence abundance (%) of A: JTB255, the proposed biological 
indicator of un-contaminated marine seafloor sediment offshore Nova Scotia, B: 
Colwelliaceae and Oceanospirillaceae, proposed indicators of early bacterial community 
succession after crude oil contamination, and C: Alcanivoracaceae and Flavobacteriaceae, 
proposed indicators of late community succession. Abundance was calculated by summing 
all OTUs in the DNA amplicon libraries classified in the family of interest in either the 2016 
Scotian Slope baseline (Chapter 4) or microcosm experimental time points. 
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Chapter 1: 

Introduction 
 

1.1. Offshore oil  and gas 

1.1.1. Ultra deep-water exploration 

 The oil and gas industry is expanding its search for hydrocarbon reservoirs to the 

deep ocean (> 200 mbsl), as easily accessible reserves are becoming no longer 

economically viable and reaching the end of their productive lifespan (Cordes et al. 2016). 

Advancement of offshore drilling technology has allowed development to now take place in 

ultra deep-water ocean regions (> 1,000 mbsl). Ultra deep-water oil and gas drilling fields 

are unique in that there is very little forgiveness in the event of mechanical failure. At the 

deep seafloor, unique geohazards exist such as active faults, irregular topography with steep 

and unstable slopes as well as pressurized sands that get disrupted and activated by drilling 

(Rocha et al. 2003). The Deepwater Horizon (DWH) Macondo well blowout in the Gulf of 

Mexico (GoM) in 2010 provides a modern case study for evaluating the high risks of ultra-

deep-water drilling, and is frequently referred to throughout this thesis. Parts of the GoM has 

water depths greater than 3,000 m, which creates additional challenges when drilling wells 

with incredibly high subsurface pressures and temperatures (e.g. greater than 195°C), 

along with tricky geologic formations that have desirable reservoirs extending more than 

9000 m below the seafloor (Skogdalen et al. 2011). 

These reservoirs below the seafloor are commonly identified by oil slicks, forming on 

the ocean surface as a result of oil seeping through a crack in the cap rock. As oil and gas is 
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formed in the deep subsurface, it will percolate upwards through sedimentary rock pores 

due to its high buoyancy (Hyne 2001). An oil and gas reservoir is created when the 

hydrocarbons are trapped and accumulate in a geological formation due to the presence of 

a non-permeable cap rock preventing further migration. Another more systematic 

identification method is by seismic surveys on-board ships that identify and map the 

subsurface hydrocarbon reservoir location. The next step would be to begin drilling 

exploratory wells using drill ships or semi-submersible rigs (Cordes et al. 2016) to determine 

if the reservoir has commercially viable amounts of hydrocarbons (Hyne 2001). It can take 

up to three months to drill these exploratory wells that are up to 1 m in diameter length 

(Cordes et al. 2016). 

 

1.1.2. Marine oil spills 
 
 Oil spills are a risk associated with petroleum extraction activity. In the ocean, the 

accidental release of oil is typically a much larger and more rapid input compared to natural 

sources (e.g. oil seeps) and can lead to long-term accumulation in sediment because 

hydrocarbon compounds have low solubility (Duran and Cravo-Laureau 2016). While acute 

pollution events are easily noticed and associated with a point source, chronic marine 

hydrocarbon pollution (e.g. bunker fuel released in small quantities as a side effect of 

shipping activity) is also a nefarious stress on the environment (Cordes et al. 2016).  

 Marine oil spills have been thoroughly studied, so the fate of oil is generally well 

understood. Two oil spills that gained extensive media coverage were the Exxon Valdez oil 

tanker spill offshore Alaska in the Prince William Sound and the British Petroleum (BP) 

Deepwater Horizon oil well blowout in the Gulf of Mexico (Atlas and Hazen 2011). Most of 
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the oil from the Exxon Valdez, an example of a near shore oil spill, was suspected to have 

quickly washed up onto the shorelines as tar balls. In contrast, a blowout from a deep sea 

well (like the Deepwater Horizon) can experience natural physical dispersal due to the 

subsurface reservoir oil abruptly meeting a change in pressure and the cool temperatures at 

the seafloor (Atlas and Hazen 2011). The resulting dispersed oil droplets are able to travel 

through the water column at depths hundreds of meters below sea level (Camilli et al. 

2010). Approximately 46 million gallons of Macondo crude oil from the DWH, equating 22% 

of the total estimated release volume of oil, is unaccounted for and is likely buried in sand 

and sediment in various water depths throughout the GoM (Ramseur 2010; Passow et al. 

2012).  

Another possible fate of oil could be the unique event of marine snow observed in the 

GoM after the DWH that is predicted to have a significant impact on the fate of oil that 

reached the surface. Marine snow consists of particles greater than 0.5 mm in diameter, 

can be made up of organic or inorganic components and is largely responsible for sinking 

particles to the seafloor (Passow et al. 2012). A quick response of hydrocarbon degrading 

bacteria in an oil slick on the ocean’s surface waters can result in the production of biofilms 

that cause oil to flocculate resulting in the contaminant oil being pulled down the water 

column by gravity to then rest on the seafloor (Passow et al. 2012).  

 A recent and local example of complications arising with offshore oil drilling was the 

unintended release of 250,000 L of oil off the coast of Newfoundland in November 2018, 

making it the largest oil spill in the province’s history (Quon 2018). The connection between 

underwater piping with the drilling platform was lost due to extremely stormy sea conditions. 

Harsh offshore weather also caused the oil to quickly disperse after the spill, making it 

difficult to monitor its environmental impact. This, along with the examples highlighted in 
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this section show the risk of an oil spill outcome associated with offshore drilling. The 

particularly unique combination of high pressure and high temperature in ultra deepwater 

environments can create further complications. While these types of accidents do not occur 

frequently, their impacts can be devastating when they do, which calls for developing 

strategies for swift and effective environmental monitoring for this new frontier of oil 

exploration.  

 

1.2. Marine baselines and environmental monitoring 

1.2.1. Environmental Impact Assessments (EIA) for collecting baseline data 

 Risk of an oil spill begins at the construction phase of exploratory well drilling (Kark et 

al. 2015). Predicting environmental impacts as a result of exploration and drilling must be 

assessed prior to the commencement of significant industrial activity in an area, in the form 

of an Environmental Impact Assessment (EIA; Cordes et al. 2016). A baseline study of the 

environment is included in a standard EIA, as well as assessing potential environmental 

impacts and mitigation strategies. The most important and emphasized mitigation strategy 

is to first avoid a negative environmental impact, followed by minimizing, restoring, and 

finally, offsetting (World Bank 2012).  

Prior to the Deepwater Horizon oil spill, the Gulf of Mexico had a variety of historical 

ecological assessments, such as the characterization of coral (Cordes et al. 2008), 

tubeworm and mussel communities (Cordes et al. 2007), as well as abundance, biomass 

and species composition of general seafloor macro-fauna (Rowe and Kennicutt 2008). 

Unfortunately, these studies did not end up being particularly useful in the aftermath of the 

2010 spill, as they did not target biota that was studied to monitor oil contamination. 
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Instead, the microbial communities and processes were intensely monitored immediately 

after the event and in the years following, but there were no microbial baselines to compare 

to (Joye et al. 2015).  

 

1.2.2. Traditional environmental effects monitoring (EEM) after pollution 

Environmental effects monitoring (EEM) refers to the measurement of environmental 

variables over time relative to baseline conditions (i.e. prior to onset of industrial activity) 

(Duinker 1989). Having an established EEM method to compare with baselines is critical in 

the event of an offshore oil spill. Modelling tools can be used as a pre-emptive strategy by 

mapping a potential oil spill trajectory by incorporating ocean currents and weather patterns 

(Goldman et al. 2015), and this can aid in determining the location of EEM sample 

collection. Ecosystem recovery after an oil spill has been observed to take between 2-10 

years for marine macrofauna (Kingston 2002), so an EEM strategy should be designed to 

take place over a similar time frame. Furthermore, the methodology for baseline collection 

must be reproducible for years to come, and cost of the methods used needs to be 

sustainable. 

Currently, the most common approach used to monitor environmental effects of 

marine oil production sites are done by studying benthic invertebrate fauna. This method 

requires sifting through large volumes of sediment for organism identification and 

preservation, which allows for broad estimates of total abundance, species richness and 

diversity to be made (DeBlois et al. 2014; Paine et al. 2014). Changes in community 

population numbers and diversity are monitored, along with known biological pollution 

indicator species. This method can be time and labour intensive, costly and fraught with 
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error as a result of taxonomic misclassification. The rapid evolution of DNA sequencing 

technology has led to the potential to now sensitively detect shifts in microbial community 

structure that may be indicative of environmental pollution, with lower labour and time 

investment than traditional baseline methods (Quail et al. 2012, Shokralla et al. 2015). 

Using microorganisms that quickly adapt to sensitive changes in the surrounding 

environment can be an accurate way to gather knowledge on baseline ecosystem conditions 

and be used throughout subsequent EEM. 

 

1.2.3. Potential for offshore environmental monitoring using microorganisms 

The natural transition for environmental baselines to include microbial information is 

by applying macro-ecological thinking and strategies (e.g. monitoring changes in diversity or 

establishing a biological indicator species) to microbial community datasets (Prosser et al. 

2007). An early study examining seafloor micro-ecology by Kennedy and Jacoby (1999) 

investigated meiofauna (invertebrates with a maximum size of 500 µm) as a biotic baseline 

and environmental monitoring parameter. Meiofauna were the targeted biotic parameter 

because interactions between contamination and the environment occur at the lowest 

trophic level (Kennedy and Jacoby 1999). The same argument can be applied to targeting 

microbial communities now that community DNA sequencing technology has developed to 

be able to do so. Microorganisms are lower in the food chain than meiofauna, are a required 

aspect of ecosystem function and can indirectly impact the function of “valued ecosystem 

components” (i.e. components important for the economy, aesthetic or recreation, as 

defined by Kennedy and Jacoby (1999)). Meiofaunal monitoring methods can be applied to 

microbial community data, such as measuring absolute abundance (Hennig et al. 1983; Van 



 26 

Damme et al. 1984), diversity indices (Cousins 1991; Platt et al. 1984) and indicator 

species (Lorenzen et al. 1987; Arthington et al. 1986).  

 

1.2.4. Marine hydrocarbon biodegradation!

Hydrocarbon degrading bacteria indigenous to marine environments were 

thouroughly characterized in the Gulf of Mexico (GoM) after the Deepwater Horizon (DWH) oil 

blowout, which could be used as a guideline to understand what microorganisms are likely 

to enrich in a marine oil spill. Prior to the DWH, a review by Head et al. (2006) described 

obligate hydrocarbon degrading bacteria in marine beach sands, notably Alcanivorax spp. 

(Alcanavoracaceae family), Cycloclasticus spp. (Piscirickettsiaceae family), and Oleispira 

spp. (Oceanospirillaceae family). After the DWH oil spill in the GoM, Alcanivorax spp. was 

observed to be strongly associated with oil degradation by its enrichment in recently 

hydrocarbon contaminated beach sands (Kostka et al. 2011). Analysis of 16S rRNA gene 

clone libraries in a microcosm experiment using GoM sediment shortly after the DWH oil spill 

show a bloom of Oceanospirillales. Similarly, the community is seen to shift within a 3 month 

period toward a higher relative abundance of Colwellia and Cycloclasticus in 4°C incubation 

temperatures (Redmond and Valentine 2012). Marine beach sediment has been widely 

studied, but there is less known about the deep marine sediment. Deepwater temperatures 

are around 4°C, and temperature has the potential to play a role in microbial community 

composition. Most commonly known marine bacteria that enrich in the presence of 

hydrocarbons, Colwellia, Oceanospirillales, Oleispira, are psychrophiles (Redmond and 

Valentine 2012; Hazen et al. 2010).  
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In the offshore drilling industry, crude oil is the most likely contaminant to be 

unintentionally released into the marine environment either by a leak at the seafloor 

wellhead or from a tanker or pipeline transporting the crude product. Aliphatic and aromatic 

hydrocarbons are the main components of crude oil (Atlas and Hazen 2011). Short (C1-C4 

length carbon chains) and medium length (C5-C10) alkanes are preferentially targeted for 

energy by heterotrophic bacteria with hydrocarbon degrading capabilities using a !-oxidation 

pathway under aerobic conditions to attack the carbon and hydrogen bonds holding the 

chains together (Joye et al. 2016). Aromatic hydrocarbons are highly stable due to their 

benzene ring. Therefore, the bacterial metabolic pathway under aerobic conditions uses 

mono- and dioxygenase ezymes to introduce an oxygen molecule into the hydrocarbon ring 

to break down the stability and begin the degradation process. Seafloor sediment 

hydrocarbon-degrading bacteria are poised for enrichment in the event of an anthropogenic 

flux of oil due to conditioning from natural hydrocarbon seeps around the world. 

 

1.3. Incorporating microbial community data in baselines 
 

The global marine environment has always experienced natural hydrocarbon inputs 

(Lea-Smith et al. 2015; Joye et al. 2014); therefore microorganisms have been in contact 

with hydrocarbons long before accidental anthropogenic contributions. One source is the 

prevalence of natural cold seeps. They are responsible for releasing reservoir oil and gas 

through a leaky cap rock conduit along continental shelves and slopes, and have given 

nearby seafloor sediment microbial communities the opportunity to evolve to degrade 

hydrocarbons (Orcutt et al. 2010; Head et al. 2006). 
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 Microorganisms are nature’s first responders in a marine pollution event (Head et al. 

2006), yet marine baselines studies do not yet focus on microbial communities. There is 

potential for molecular methods to be incorporated as a complementary and highly sensitive 

and efficient approach for baselines. Specifically, a cultivation-independent approach can 

reveal anomalies or pollution-indicator species in a microbial community by surveying the ca. 

99% of microorganisms that lack isolated representatives (Lok 2015). It is becoming 

common to use taxa known to be sensitive to pollution, like hydrocarbon-degrading 

microorganisms, to monitor the dispersion and biodegradation of marine oil spills (King et al. 

2015; Mason et al. 2014; Lu et al. 2012; Redmond and Valentine 2012; Kostka et al. 2011; 

Hazen et al. 2010), hence there is a growing need for baseline studies to incorporate 

microbial diversity metrics to provide a benchmark in measuring ecosystem recovery. 

Borrowing strategies from baseline studies using invertebrates, screening for microbial 

indicators of the presence of hydrocarbons and significant changes in microbial community 

structure in response to pollution may be successfully applied in marine environments 

(Paine et al. 2014). 

 Microbial diversity can be routinely evaluated by sequencing 16S rRNA genes in 

environmental samples. This gene is used to assign taxonomy in microorganisms because it 

is universally detected in all microbial genomes, it has both highly conserved and variable 

regions, and the function appears to be remaining constant over time (Madigan et al. 2014; 

Janda and Abbot 2007). An alternative method gaining in popularity for DNA surveys is 

environmental DNA (eDNA) sequencing. This is best used in aquatic environmental 

monitoring instead of traditional methods that focus on morphologically identifying benthic 

invertebrate fauna (Laroche et al. 2017). eDNA allows for the detection of a variety of 

macro-organism species by extracting DNA present in water samples (Goldberg et al. 2016). 
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This step is usually followed by qPCR that targets specific organisms of interest, for example, 

an endangered fish species. A drawback is that multiple PCR assays need to be run using 

different primer pairs, depending on the number of target organisms the environmental 

study aims to detect (Deiner et al. 2015). This could require a significant amount of time for 

sample processing in the laboratory.  

A drawback of DNA amplicon sequencing is that it does not take into account activity 

of microorganisms (Jones and Lennon 2010) and may result in the overestimation of the 

living microbial diversity (Torti et al. 2018). Instead, directly sequencing 16S RNA (i.e. not 

the rRNA gene) has the potential to act as a proxy for taxonomically classifying the living 

microorganisms in an environmental sample (Laroche et al. 2018). Also, a focus on 16S 

rRNA amplicon sequencing may be sufficient for a biodiversity assessment to target the 

enrichment of known hydrocarbon degrading microorganisms using OTU taxonomy 

identification in an oil spill scenario, but metagenomics may be a viable application to the 

next step in an oil spill response after remediation, such as environmental restoration. Or, 

DNA archives that were originally used for amplicon sequencing can be revisited in the 

future for metagenomes if further information about the microbial communities is required 

for environmental monitoring.  

 

1.4. The present study 

Recently, major hydrocarbon reserve potential offshore Nova Scotia has been 

identified along the Scotian Slope in deep water (>2,500 m) that is similar to the Gulf of 

Mexico. The Play Fairway Analysis project being led by the Nova Scotia Department of Energy 

and Mines has identified potentially 121 trillion cubic feet of gas and 8 billion barrels of oil 



 30 

in Nova Scotia’s offshore. The Canada-Nova Scotia Offshore Petroleum Board (CNSOPB) 

issued a Call for Bids in 2017 for oil companies to purchase parcels of crown land offshore 

Nova Scotia for exploration and drilling (Figure 1.1). The offshore oil and gas industry has 

contributed over $3.4 billion in revenues to Nova Scotia since up until 2013. To date, it has 

been publicly disclosed that three exploratory wells have already been drilled in this ultra 

deep-water area. Should this exploration lead to large economically viable discoveries and 

subsequent production from deep-water oil reservoirs in Canadian waters, the risk of a 

deep-sea oil spill like the Deepwater Horizon must be considered. 

Sediment samples from the Scotian Slope were collected over three years for the 

purpose of oil exploration and were leveraged to also generate microbial baseline data by 

subsampling sediment cores dedicated to hydrocarbon geochemical analysis. The objective 

of this thesis is to use molecular methods to establish the seafloor baseline microbial 

community of the Scotian Slope, offshore Nova Scotia.  

Following this introduction, Chapter 2 outlines the general methods used throughout 

this thesis. Next, molecular methods are evaluated in Chapter 3. The cell lysis step of a DNA 

isolation kit was modified and tested on seafloor sediment samples, followed by sequencing 

using PCR primers that target different regions of the 16S rRNA gene. The result is a 16S 

rRNA gene amplicon sequencing workflow for sediment bacteria that can be used to 

establish a baseline for the Scotian Slope. Chapter 4 uses this workflow to construct 51 

amplicon libraries from 19 Scotian Slope stations collected in 2015, 2016 and 2018. 

Samples were evaluated to test for the presence of a consistent bacterial baseline 

community over space and time. Chapter 5 examined the Scotian Slope bacterial community 

response to a mock oil spill under experimental conditions. The results helped to consider 

an environmental monitoring strategy for the Scotian Slope that targets seafloor bacteria. 
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This strategy could be used in the event of an oil spill, i.e., by monitoring biological indicator 

species and observing changes in microbial diversity metrics over time. Chapter 6 is the 

conclusion of this thesis and includes a future outlook that suggests alternative molecular 

methods for baselines and environmental effects monitoring strategies that can be 

employed if a particular marine environment or contamination event requires further 

information about the microbial community response.  
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Figure 1.1. Offshore areas projected by the Canada-Nova Scotia Offshore Petroleum 

Board (CNSOPB) to be available for exploration bids by oil companies. If a lease block is 

purchased, the company gains the rights to conduct offshore hydrocarbon exploration.  

 

 

 

 

Nominations, for Crown lands, may be submitted by any person at any time and are not restricted to
the year and area shown on the map. In addition to reviewing nominated lands received by the
Board, the Board has outlined Call for Bids Forecast Areas on a rolling three year basis. These areas
will be evaluated by the Board and subject to fundamental decisions, one or more parcel(s) located in
these areas will normally be included in the Call for Bids for the year specified, along with selected
nominated parcels. The Call for Bids Forecast Areas are reviewed on an annual basis to determine
whether the planned areas should be amended. The current three year forecast is shown.

*In the 2020 area, limitations may be placed 
on petroleum activities near the shore.

*
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Chapter 2: 

Materials and Methods 
 

The following methods were used throughout this thesis. Any deviations, further 

details, or methods specific to the experiment are described in the methods section of the 

experimental chapter. 

 

2.1. Sample collection and processing 

 Sediment samples from the Scotian Slope, offshore Nova Scotia, were obtained 

during expeditions onboard CCGS Hudson in 2015, 2016 and 2018 (Table 2.1).  Sediment 

was collected using a piston core, gravity core or box core. Piston and gravity cores were 

split in half length-wise for sampling (Figure 2.1). Prior to sampling, the top 3 mm of 

sediment was scraped off and discarded because it made contact with the core splitting 

machine. Metal spatulas were sterilized using 100% ethanol prior to sampling the sediment 

at particular depth intervals, ensuring that no sediment was collected that made contact 

with the core sleeve, and then packed into 2 mL screw top empty bead-beating tubes (with 

the exception of samples collected in 2015, described in Chapter 4). The empty bead tubes 

were chosen as sampling vessels because they had a small rubber seal included in the 

screw top, making them secure for sample storage at cold temperatures. Samples were 

subsequently frozen onboard at -80°C until transport from Nova Scotia to Calgary in coolers 

with icepacks. Samples were ultimately stored in -80°C freezers in the Energy 

Bioengineering and Geomicrobiology Group laboratory at the University of Calgary until 

further analysis.  
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Table 2.1. Coring method, water depth and location of stations used in this thesis. Table 

continued on next page. CCGS Hudson expedition sample ID’s corresponding with station 

IDs used in this thesis are in Table S2.1.  

Station ID Sampling year Latitude Longitude Water 
depth 
(mbsl) 

Coring 
method 

A 2015 42.192794 
 

-62.277772 
 

2328 Piston core 

B 2015 42.241318 
 

-62.233517 
 

2178 Piston core 

C 2015 43.021038 
 

-60.559731 
 

1522 Piston core 

D 2016 41.692150 
 

-64.937660 
 

2535 Piston core 

E 2016 41.877977 
 

-64.613600 
 

2370 Piston core 

F 2016 41.910690 
 

-63.716940 
 

2050 Piston core 

G 2016 42.300450 
 

-63.267992 
 

2054 
 

Piston core 

H 2016 42.364558 
 

-62.712037 
 

2043 Piston core 

I 2016 41.878680 
 

-62.837250 
 

3095 Piston core 

J 2016 42.196683 
 

-62.313510 
 

2730 Piston core 

K 2016 42.470058 
 

-62.130127 
 

2106 Piston core 

L 2016 42.317898 
 

-61.566377 
 

3220 Piston core 

M 2016 42.686125 
 

-61.274667 
 

2419 Piston core 

N 2016 42.642847 
 

-60.845325 
 

3272 Piston core 

O 2016 42.862812 
 

-60.844940 
 

2250 Piston core 

P 
 
T 

2016 
 
2016 

43.004343 
 
41.374477 

-60.208335 
 
-64.563773 

2363 
 
3260 

Piston core 
 
Box core 
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(Table 2.1 
cont.) 
Station ID  

Sampling year Latitude Longitude Water 
depth 
(mbsl) 

Coring 
method 

X 2016 43.010478 -60.211777 2306 Piston core 

Y 2016 41.910690 -63.716940 2585 Piston core 

Q 
 
R 

2018 
 
2018 

43.007330 
 
42.159826 
 

-60.213663 
 
-62.362795 
 

2408 
 
2782 

Gravity core 
 
Gravity core 

S 2018 42.494195 
 

-62.126415 
 

2083 Gravity core 

      
 

 

Figure 2.1. General set-up of sediment sampling at sea from a split core.  

Ethanol 

Split core 

Core depth 
ruler 

Sediment 

Sampling tubes 
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2.2. DNA isolation 

 Genomic DNA (gDNA) was extracted from sediment using the DNeasy® PowerLyzer® 

PowerSoil® kit (Qiagen, Carlsbad, CA, USA) mostly following the manufacturer’s protocol, 

with the exception of Chapter 3 and some modifications described below. All tubes and 

proprietary solutions were included in the kit, and every extraction included a sediment-free 

negative. Prior to extraction, tubes and solutions were UV-sterilized in a biosafety cabinet for 

one hour.  

In the biosafety cabinet using aseptic technique, 250 µg of sediment was added to 

the bead tube provided in the kit, along with 750 µL of PowerBead solution and 60 µL 

Solution C1, followed by vortexing to homogenize the beads, sediment and solutions. To lyse 

the cell walls, tubes were shaken in the OMNI Bead Ruptor 24 (OMNI International, Inc.) for 

45 s at 5.5 m/s, followed by centrifugation at 10,000 x g for 3 minutes, which was the 

recommended time for clay sediment. The volume of supernatant varied between 400-600 

µL, but for consistency, 500 µL was the maximum volume always collected using a 

micropipette and transferred to a clean 2 mL hinge-cap collection tube. 250 µL of Solution 

C2 was added to the supernatant, vortexed for 5 seconds, and incubated at 4°C for 5 min, 

followed by centrifugation for 1 min at 10,000 x g. 600 µL of supernatant was collected by 

micropipette and transferred to a clean 2 mL collection tube. 200 µL of Solution C3 was 

then added and combined by vortexing briefly, followed by another 5 minute incubation at 

4°C. Tubes were centrifuged for 1 min at 10,000 x g and 700 µL of supernatant was 

collected while avoiding the pellet and transferred to a clean 2 mL collection tube. 1200 µL 

of Solution C4 was added and mixed by vortexing for 5 s.  

The spin column portion of the gDNA isolation consisted of loading 675 µL of the 

mixed supernatant and Solution C4 liquid onto a silica spin column, followed by 
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centrifugation at 10,000 x g for 1 min. This step was repeated 3 times and the flow-through 

was discarded in between each step. At this point, the extracted gDNA is bound to the spin 

column. Next, 500 µL of Solution C5 was added to the spin column, followed by a 30 s 

incubation then centrifuged at 10,000 x g for 1 min. The flow through was discarded and the 

tubes centrifuged again for 1 min at 10,000 x g. The spin filter was then carefully placed 

into a clean 2 mL collection tube, avoiding any excess Solution C5 from the last 

centrifugation step. 50 µL of Solution C6 was micropipetted into the center of the spin 

column white filter membrane and incubated for 1 minute. The tubes were finally 

centrifuged for 1 min at 10,000 x g to elute the gDNA from the filter, at which point the spin 

column was discarded.  

Qubit Fluorometer (Invitrogen by Life Technologies, Carlsbad, CA, USA) was used to 

determine the concentration of extracted gDNA as per the Qubit dsDNA HS Assay Kit 

protocol. Briefly, 2 µL of DNA template was added to 198 µL Qubit dsDNA HS Buffer mixed 

with the Qubit dsDNA HS Reagent, followed by quantification using the fluorometer with 

respect to two standards provided by Qubit, where Standard #1 had a DNA concentration of 

0 ng/µL and Standard #2 was 10 ng/µL.  

 

2.3. PCR amplif ication and sequencing l ibrary preparation 

 Polymerase chain reaction (PCR) was used to amplify extracted microbial community 

gDNA using PCR conditions previously described by Sharp et al. (2017). 16S rRNA gene 

libraries were generated using a two-step PCR method. The first PCR step was to amplify the 

target region of the 16S rRNA gene. The primer pair most frequently used throughout the 

thesis targeted the V3-V4 region of the bacterial 16S rRNA gene (with the exception of 
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Chapter 3, described in Section 3.2) and was modified to include Illumina overhang 

sequencing adaptors (SD-Bact-341-bS17/SD-Bact-785-aA21; Klindworth et al. 2013; Table 

S3.1). Each PCR reaction consisted of 1 µL gDNA template, 2.5 µL of both forward and 

reverse primers (resulting in a final concentration of 1 µM), 12.5 µL 2X Kapa HiFi HotStart 

ReadyMix (Kapa Biosystems, Wilmington, MA, USA) and 6.5 µL sterile nuclease-free water 

for a final volume of 25 µL. A blank PCR reaction without gDNA template was included in 

each round to ensure no contamination of the PCR reagents. PCR using the primer pair 

341F/785R was performed using a touchdown program: 95°C for 5 min, 10 cycles (95°C 

for 20 sec; 60°C (decreasing by 1°C per cycle) for 45 sec; 72°C for 1 min), followed by 20 

cycles (95°C for 30 sec; 55°C for 45 sec; 72°C for 1 min) and a final elongation period of 

72 °C for 5 min. Triplicate PCR reactions were performed for each experimental replicate 

and pooled. 

 PCR products were run on a 1% agarose gel stained with SYBR green (Molecular 

Probes Inc., Invitrogen Detection Technologies, Eugene, OR, USA) to confirm amplicons of 

the expected size (444 bp). The method described in Sharp et al. (2017) was followed to 

prepare the PCR products for sequencing. Pooled triplicate PCR products were purified using 

AMPure XP magnetic beads (Beckman Coulter, Indianapolis, IN, USA) and indexed (the 

second PCR stage) using the following thermocycler program: 95°C for 3 min, 10 cycles 

(95°C for 30 sec; 55°C for 45 sec; 72°C for 60 sec) and 72°C for 5 min. The index PCR 

product was purified a second time. Qubit fluorometer was then used to measure the final 

concentration of DNA. Amplicons were normalized to 2 ng/µL in a final volume of 10 µL and 

pooled for sequencing on an Illumina MiSeq Sequencer (Illumina, San Diego, CA, USA) in the 

Energy Bioengineering and Geomicrobiology (EBG) Group Laboratory (University of Calgary) 

using a paired-end 2 x 300 bp V3 sequencing kit. 
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2.4.  Amplicon sequencing analysis 

MetaAmp (Version 2.0), a web-based bioinformatics pipeline, was used to analyze 

the paired-end 16S rRNA gene amplicon reads (Dong et al. 2017). Read 1 and read 2 FASTA 

format sequence files associated with each sample from the Illumina MiSeq run were 

uploaded to MetaAmp along with a corresponding mapping file with sample metadata. 

MetaAmp thresholds included a minimum length of overlap of 50 base pairs (bp), with 8 

mismatches allowed in the overlap region. For quality filtering, the maximum number of 

differences to the primer sequence was set to 0, the maximum number of expected errors 

was set to 1 bp, and amplicons were trimmed to a fixed length of 350 bp. 

Within MetaAmp, the USEARCH software package (Edgar, 2010) was used to merge 

the paired-end reads. MetaAmp then assembled reads into operational taxonomic units 

(OTU) using a clustering threshold (similarity cut-off) of 0.97 after subjecting raw reads to 

quality control, de-replication, and removal of singletons and chimeric sequences using 

UPARSE software (Edgar, 2013). MetaAmp called on Mothur to taxonomically identify the 

OTUs based on an 80% boostrap value using the SILVA database (Version 132). 

The MetaAmp analysis resulted in an output file that included subsampled and non-

subsampled OTU tables with the number of reads corresponding to each OTU per sample, as 

well as alpha and beta diversity data. MetaAmp output was imported to Microsoft Excel for 

data manipulation and figures, and would also be imported to R-Studio (Version 1.0.138) for 

statistical analyses and creating figures based on custom scripts made with the help of Dr. 

Anirban Chakraborty and Jackie Zorz. 
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Chapter 3: 

Optimizing DNA extraction methods and PCR primers for a marine 
sediment microbial baseline protocol 

 

3.0. Abstract 

 Environmental baseline and monitoring studies require standardized protocols for 

reproducibility over space and time and to ensure variability detected is a result of 

environmental changes and not inconsistent methods. Sediment collected from the Scotian 

Slope underwent DNA extraction using four different cell lysis methods in an effort to 

increase the DNA recovery. Next, isolated DNA was amplified in PCR reactions using three 

different 16S rRNA gene primer pairs. Double bead beating, heating and freeze thaw cell 

lysis methods yielded higher diversity and OTU richness in surface sediment from one 

sample station but not the other. Overall, following the DNA isolation kit protocol with no 

modification to the cell lysis step resulted in lower DNA yield but more consistent 

concentrations across samples. PCR primer pair 341F/785R detected the highest number 

of bacterial reads, whereas 341F/805R resulted in the most reads assigned to OTUs that 

were unable to be taxonomically classified compared to the other primer pairs tested. The 

method decided for establishing the seafloor marine microbial baseline conditions of the 

Scotian Slope in Chapter 4 was to use a DNA extraction kit with no modification to the cell 

lysis step, followed by PCR using the bacteria-specific universal primer pair 341F/785R. 
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3.1. Introduction 

Next generation amplicon sequencing targeting the 16S rRNA gene allows for the 

fast, easy and cost effective taxonomic identification of microbial community members, 

which can be used to detect microbial species as bioindicators in polluted environments 

(Tan et al. 2015). PCR-based methods offer value by virtue of their ability to rapidly detect 

general shifts in microbial groups or changes in diversity, which can be ecological indicators 

used in environmental effects monitoring (Vierheilig et al. 2015; Engel and Gupta 2014; 

Huang et al. 2014). Baseline and environmental effects monitoring studies span time and 

geographical space; therefore methods must be reproducible to instill confidence that any 

variability in the data is due to real differences between samples, and not as a result of 

inconsistencies in the methods used. There are many variables to consider when conducting 

baseline and environmental surveys using DNA, including differences in preservations 

methods, the interaction between these preservation methods and DNA isolation methods, 

as well as the purity of DNA after isolation for downstream molecular methods (Deiner et al. 

2015). The standardization of protocols for studies where biodiversity is being compared 

between samples is imperative (Lekang et al. 2015). There are few studies testing methods 

for microbial based environmental monitoring, especially for sediment sourced from deep 

marine environments. 

 Collaborative efforts characterizing microbial life in different ecosystems, such as the 

Earth Microbiome Project or the Human Microbiome Project, place an emphasis on using 

standardized and reproducible methods. While this approach makes it ideal for dataset 

comparison, it is arguable that there is no one perfect method optimized for all 

environments or study question. There is a benefit to modifying protocols to target specific 

types of environmental samples that have unique characteristics, such as differences in 
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microbial biomass or high levels of inhibitory compounds (e.g. humic acids) that impact 

enzymatic reactions in downstream molecular processes (Lombard et al. 2011). 

This thesis investigates microbial communities from deep sea marine sediments 

sampled from greater than 2,300 m water depth. The extraction of nucleic acids from these 

environmental samples is the first step in conducting a 16S rRNA gene amplicon 

sequencing survey. Optimal extraction efficiency has historically been evaluated by DNA 

quantification (Frostegård et al. 1999), which can be evaluated using tools like fluorescence 

or downstream analysis of diversity and species richness in amplicon libraries. DNA isolation 

methods may be customized and developed in-lab, including weighing the desired amount of 

beads per bead tube and making the chemical reagents from scratch. Alternatively, the use 

of DNA isolation kits promotes method standardization that allows for comparisons between 

studies by eliminating inherent variability or possible contamination from human error 

across different laboratories mixing their own reagents.   

After the DNA isolation step, another critical component to consider for the methods 

used in a PCR-based short read sequencing approach are the PCR primers. While no PCR 

primer can be truly “universal” (Baker et al. 2003), the primer pair choice can be optimized 

to a specific study to capture the most diversity possible (Wang and Qian 2009; Klindworth 

et al. 2013). For a marine environmental baseline, a primer pair that has sufficient coverage 

of common marine microorganisms is ideal (Wear et al. 2018). Choosing a primer pair that 

encompasses most of the diversity from an environmental sample can be evaluated by 

comparing the total number of sequences, number of species and diversity in amplicon 

libraries generated using different primer pairs (Thijs et al. 2017). 

Chapter 3 is aimed at optimizing the DNA isolation method and selecting the 16S 

rRNA gene PCR primers for a customized amplicon sequencing protocol designed for Scotian 
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Slope seafloor sediment. The first objective was to test modifications to the cell lysis step of 

the Qiagen PowerSoil DNA isolation kit to increase DNA yield, which was measured by alpha 

diversity, OTU richness and DNA concentration. The four cell lysis methods tested were (i) no 

modification to the kit’s bead beating protocol, (ii) double rounds of bead beating, (iii) 

heating the sample before bead beating, and (iv) freezing and thawing the sample before 

bead beating. It was hypothesized that alpha diversity and OTU richness will be higher in 

amplicon libraries from DNA that was extracted using a modification to the cell lysis step of 

the Qiagen kit manufacturer’s protocol compared to no modification.  

The second objective of this chapter was to test Illumina MiSeq compatible primer 

pairs that target different hypervariable regions of the 16S rRNA gene to detect the highest 

diversity, measured by alpha diversity and the number of sequence reads taxonomically 

assigned to each domain. The three primer pairs that were tested targeted the forward and 

reverse locations on the 16S gene at (i) 341F/785R (Klindworth et al. 2013; V3-V4 region of 

the 16S gene), (ii) 341F/805R (Lu et al. 2015; V3-V4), and (iii) 926F/1392R (Suri et al. 

2017; V6-V8). It was hypothesized that primer (i) 341F/785R will have the highest number 

of reads belonging to Bacteria and therefore the highest alpha diversity compared to primer 

pairs (ii) 341F/805R or (iii) 926F/1392R.  

Sequencing DNA collected from seafloor sediment sampled at two Scotian Slope 

locations using different combinations of cell lysis methods and PCR primers generated 141 

amplicon libraries to analyze and test the hypotheses above. The results from this chapter 

will inform the standard method used in Chapter 4, where the Scotian Slope sediment 

microbial community baseline conditions are established based on 19 stations collected 

over 3 years. 



 44 

3.2. Materials and Methods 

3.2.1. Sample collection 

Samples were collected as part of the sampling expedition offshore Nova Scotia in 

2016 with CCGS Hudson using the methods described in section 2.1. Sediment from station 

X was collected by piston core (PC) and station Y collected by trigger weight core (TWC; 

Figure 3.1).  

 

 

Figure 3.1. Location of Scotian Slope sampling stations X and Y collected in 2016 onboard 

CCGS Hudson. Station coordinates are provided in Table 2.1. 
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The 20 cm bulk sediment sample from the PC at station X was available for use and 

selected for this study, whereas the 0 cm bulk sediment sample was used from the TWC at 

station Y. These depths for the purpose of analysis are considered “surface” samples. 

Subsurface samples from station X and Y were both collected by PC and were from 344 cm 

and 953 cm below seafloor respectively. The bulk sediment samples had been stored in 

large anoxic plastic bags at 4°C from June 2016 until January 2017. In the lab in January 

2017, a metal spatula sterilized with 10% bleach, followed by 100% ethanol was used to 

homogenize the sediment in the bags. Once thoroughly homogenized, sediment was 

subsampled into sterile 50 mL conical tubes and then frozen at -20°C until DNA isolation.  

 

3.2.2. DNA isolation 

 The sediment subsamples were thawed from -20°C at room temperature and 

vortexed for 30 seconds to homogenize prior to DNA isolation. The Qiagen DNeasy PowerSoil 

DNA Isolation Kit (Qiagen, Carlsbad, CA, USA) was used to isolate genomic DNA (gDNA) from 

sediment using aseptic technique as per the manufacturer’s protocol described in section 

2.2, with the exception of the three cell lysis method modifications to the manufacturer’s 

protocol described next.  

In total, four different cell lysis methods were tested on the Qiagen kit (Figure 3.2). 

The first method (i) tested simply followed the manufacturer’s protocol with no 

modifications, and will be referred to as “no modification” going forward. Briefly, sediment 

was added to the bead tubes provided in the kit, along with the required volumes of the 

proprietary Bead Solution, Solution C1 and Solution C2, also included in the kit. Bead tubes 

with the sample and solution were then vortexed and subject to one round of bead beating 
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at 5.5 m/s for 45 s before continuing with the rest of the manufacturer’s protocol (Section 

2.2).  

 

 

 

Figure 3.2. Schematic of the methods used in Chapter 3. Surface and subsurface 

sediment from stations X and Y were isolated in triplicate using four different cell lysis 

methods, followed by PCR amplification using 3 different primer pairs.  

 

The second method (ii), referred to as “double bead-beating” going forward, followed 

the same protocol above by first adding the sample and solutions. For this method, bead 
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beating took place once for 45 s at 5.5 m/s, followed by a 5 min rest, then a second round 

of bead beating for 45 s at 5.5 m/s, before continuing with the manufacturer’s protocol. 

The third method (iii), referred to as “heating”, also followed the same protocol above 

with the addition of samples and solutions to the bead tubes. After the vortex step to 

combine the sample, beads and solutions, the bead tubes were incubated without mixing at 

70°C (Eppendorf ThermoMixer C, Hamburg, Germany) for 10 min. This modification step 

was then followed by bead beating at 5.5 m/s for 45 s, before continuing with the 

manufacturer’s protocol. 

The fourth method (iv), referred to as “freeze-thaw”, is a modification from Lever et 

al. (2015). Sediment was added to the bead tubes with the solutions as described above, 

followed by vortexing. The bead tubes were then frozen at -80°C for approximately 15 hrs. 

This step was followed by thawing at 4°C for 1 hr, warming at room temperature (~22°C) for 

1 hr, then heated at 50°C for 1 hr. Next, these frozen and thawed bead tubes underwent 

bead beating at 5.5 m/s for 45 s, before also continuing with the manufacturer’s protocol.  

 All DNA extractions were immediately followed by DNA concentration quantification 

using the Qubit Fluorometer (Invitrogen by Life Technologies, Carlsbad, CA, USA) as per the 

Qubit dsDNA HS Assay Kit protocol as described in section 2.2.  

 

3.2.3. PCR amplif ication, l ibrary preparation and sequencing 

 gDNA isolated using the four methods described above underwent a polymerase 

chain reaction (PCR) following the modified protocol by Sharp et al. (2017), described in 

section 2.3. When creating the reaction mixtures, gDNA from each cell lysis method was 

amplified in three separate PCR reactions using one of the three different 16S rRNA gene 
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primer pairs being tested (Figure 3.2). All primer pair nucleotide sequences and the Illumina 

overhang sequencing adapters (Klindworth et al. 2013) are detailed in Table S3.1.  

 Of the three primer pairs tested, the first one (i) is a universal Bacteria specific primer 

pair that targeted a 444bp length of the V3-V4 region of the 16S rRNA gene using the 

forward 341 position and reverse 785 position (341F/785R; Klindworth et al. 2013). The 

second primer pair (ii) also targeted the V3-V4 region of the 16S rRNA gene, but used the 

positions 341F/805R (Lu et al. 2015). These primers result in a longer fragment (464 bp), 

therefore amplified DNA from Bacteria and Archaea. The third primer pair (iii) targeted a 

466 bp length of the V6-V8 region of the 16S rRNA gene using the positions 926F/1392R to 

amplify DNA from Bacteria and Archaea (Suri et al. 2017). 

 Thermocycler conditions for PCR reactions using primer pair (i) 341F/785R were 

those described in section 2.3. Thermocycler conditions were modified for PCR reactions set 

up using primer pair (ii) 341F/805R and (iii) 926F/1392R: 95 °C for 3 min, 32 cycles (95 

°C for 30 s; 55 °C for 45 sec; 72 °C for 60 sec), finishing with an elongation step of 72 °C 

for 5 min. Triplicate PCR reactions were performed for all experimental replicate and pooled 

for a final volume of approximately 70 µL for the next step, which was library preparation 

and Illumina MiSeq sequencing using the methods described in section 2.3. 

!

3.2.4. Amplicon l ibrary analysis 

 MetaAmp (Version 2.0; Dong et el. 2017) was used to analyze the paired-end 16S 

rRNA gene amplicon reads using the same methods as described in detail section 2.4. 

Amplicon libraries were not subsampled for the analyses in this chapter. 141 amplicon 

libraries had a total number of 3,980,099 reads, with the 72 surface samples read totals 
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per sample ranging from 5,245 to 115,911 reads, whereas the 69 subsurface samples 

ranged from 7373 to 115,911 reads (Table S3.2).  

 The cell lysis methods were analyzed separately based on the primer pairs used 

during amplicon library preparation. First, Shannon alpha diversity was calculated from the 

subsampled amplicon libraries during the MetaAmp analysis and extracted from the output 

files, followed by input to R Studio for statistical analysis (Table S3.3). Next, the OTU 

taxonomy table was extracted from MetaAmp output files and input to Microsoft Excel to 

perform calculations. The total number of operational taxonomic units (OTUs) with a 

minimum of 1 read that were generated for each sample was calculated and then imported 

to R Studio (Version 1.0.138) for statistical analysis (Table S3.4). Shannon Alpha diversity, 

the total number of OTUs and the total number of reads corresponding to each domain were 

tested for statistically significant differences between the four different cell lysis methods 

using an Analysis of Variance (ANOVA) test using R. A Tukey Honest Significant Difference 

(TukeyHSD) post-hoc test was conducted if the ANOVA test result yielded a p-value less than 

0.05. For all statistical tests in this chapter, a p-value of 0.05 was the threshold for 

significance based on a 95% confidence interval, with the null hypothesis being that any 

variation is due to chance alone. 

 All samples were grouped together (regardless of the cell lysis method used to isolate 

DNA) to compare differences in amplicon libraries between the different PCR primer pairs 

used. Similar to the cell lysis method analysis, Shannon Alpha diversity was imported to R 

studio from the MetaAmp output (Table S3.3). Next, the OTU taxonomy table was extracted 

from the MetaAmp output and input to Microsoft Excel to sum the total number of reads 

corresponding to OTUs taxonomically classified as either Archaea, Bacteria, Eukaryota or 

“Unknown” (Table S3.5), followed by importing this data file into R studio. ANOVA and 
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TukeyHSD statistical tests were also applied using R to test for statistically significant 

differences (p < 0.05) in Shannon Alpha diversity and the OTU taxonomy classification sums 

between amplicon libraries generated using the three different primer pairs.  

All boxplots visualizing these results were generated in R. p-values are reported by 

their exact value if greater than the chosen significance cut-off of 0.05. If less than 0.05, the 

p-value is reported by indicating how much lower it is than the significance cut-off (i.e. p < 

0.05, < 0.01, 0.001, or 0.0001). Surface and subsurface sediment amplicon libraries were 

analyzed separately. Results from both sediment depths will be presented in this chapter, 

but only surface sediment result figures will be included. Subsurface sediment result figures 

can be found in the Supplementary Figures section of this thesis. 
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3.3 Results 

3.3.1. Alpha diversity,  OTU richness and DNA concentration using different 

cell  lysis methods 

 ANOVA (df=3) revealed that the different cell lysis methods yielded statistically 

significantly different Shannon diversity within the Station X surface (p<0.001; Figure 3.3A) 

and subsurface sediment amplicon libraries (p<0.001; Figure S3.1A). Shannon diversity was 

significantly different between the cell lysis methods only for Station Y surface sediment 

(p<0.001; Figure 3.3B), whereas Station Y subsurface sediment did not have significantly 

different Shannon diversity (p=0.112; Figure S3.1B). 
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Figure 3.3. Shannon alpha diversity of surface sediment from Station X (A) and Station Y 

(B) based on the different cell lysis methods tested. The bold horizontal line in the box 

indicates the median Shannon alpha diversity of 9 samples per cell lysis method (i.e. per 

box). The dashed vertical lines extending from the top and bottom of the box indicate the 

upper and lower quartile ranges, respectively. The horizontal lines at the end of the dashed 

lines indicate the highest and lowest observation in the dataset.  
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TukeyHSD post-hoc analysis of the statistically significant results from the ANOVA 

determined that the freeze-thaw (p<0.0001) and heating (p<0.01) cell lysis methods yielded 

a significantly higher Shannon diversity than the no modification method in Station X surface 

sediment (Figure 3.3A). Also, double bead beating yielded significantly lower Shannon 

diversity than freeze-thaw (p<0.05). In contrast, freeze-thaw (p<0.001) and heating 

(p<0.001) yielded significantly lower Shannon diversity compared to the double bead-

beating method for Station X subsurface sediment, whereas no modification resulted in 

significantly higher Shannon diversity than the freeze-thaw (p<0.05) and heating (p<0.05) 

methods (Figure S3.1A). A similar trend to Station X surface sediment was observed in 

Station Y surface sediment, where TukeyHSD determined that freeze-thaw (p<0.0001), 

heating (p<0.0001) as well as double bead beating (p<0.0001) methods all yielded 

significantly higher alpha diversity compared to no modification to the cell lysis method 

(Figure 3.3B).  

 The Shannon diversity analysis above revealed more variability in results between 

sample depth rather than geographical location. Therefore, amplicon libraries were 

differentiated by surface or subsurface sediment, but station was not distinguished. 

Amplicon libraries were then separated by the PCR primer pair used as to not conflate these 

influences on OTU richness with cell lysis method. ANOVA (df=3) revealed no statistically 

significant differences in OTU richness across different cell lysis methods for surface 

sediment sequenced either using primer (i) 341F/785R (p=0.961), (ii) 341F/805R 

(p=0.883), or (iii) 926F/785R (p=0.469; Figure 3.4).  
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Figure 3.4. Total number of OTUs in amplicon libraries of surface sediment DNA isolated 

using the four cell lysis methods sequenced using primer pair (i) 341F/785R (A), (ii) 

341F/805R (B), and (iii) 926F/1392R (C). Data from stations X and Y are grouped together 

and each box corresponds to 6 samples. The box and whiskers have the same meaning as 

described in Figure 3.3 legend.  

 

 

There were also no significant differences in OTU richness by the different cell lysis method 

for subsurface sediment sequenced using primer (i) 341F/785R (p=0.267) or (ii) 

341F/805R (p=0.0656; Figures S3.2A and S3.2B). OTU richness was significantly different 

between cell lysis methods in subsurface sediment sequenced using primer (iii) 

926F/1392R (p<0.05; Figure S3.2C). TukeyHSD post-hoc test of this result revealed that 

the heating cell lysis method had a significantly higher OTU richness compared to no 

modification (p<0.05).  

 DNA concentrations measured using the Qubit Fluorometer immediately after 

isolation was similar between Station X and Y surface sample triplicates (Table 3.1).  

 

Table 3.1. DNA concentrations (ng/µL) measured using the Qubit Fluorometer from 

surface marine sediment samples collected from stations X and Y using four different cell 

lysis methods during the DNA isolation. DNA was isolated in triplicate. 

  Station X   Station Y  
 Rep 1 Rep 2 Rep 3 Rep 1 Rep 2 Rep 3 
No modification (ng/µL) 8.68 8.48 8.14 3.07 2.91 2.33 
Double bead-beating (ng/µL) 13.70 14.40 12.60 2.82 2.59 2.06 
Heat (ng/µL) 9.98 12.2 12.6 2.33 2.38 2.23 
Freeze thaw (ng/µL) 10.10 8.87 10.70 2.19 2.02 1.99 
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Station X generally had higher DNA concentrations than Station Y. Modifications to the cell 

lysis method using Station Y sediment barely impacted the final DNA concentration. 

However, the double bead-beating modification resulted in the highest concentration of DNA 

isolated from Station X, followed by freeze thaw and then heating. No modification to the cell 

lysis method yielded the lowest DNA concentration for Station X.  

 DNA concentrations of subsurface sediment were lower compared to surface 

sediment. Freeze thaw and heating modifications using Station Y subsurface sediment 

yielded the highest DNA concentrations across all subsurface samples, whereas the no 

modification and double bead beating methods resulted in low DNA concentrations (Table 

S3.6). DNA concentrations for Station X were below the Qubit detection limit of 0.05 ng/mL 

using the double bead-beating or no modification method, but the freeze thaw and heat cell 

lysis modifications resulted in low yet detectable concentrations.  

 

3.3.2. Alpha diversity and total sequencing reads of DNA amplif ied using 

different PCR primer pairs 

 Three different primer pairs were evaluated in two ways, (1) by comparing Shannon 

alpha diversity calculated using amplicon libraries subsampled to the read number for the 

smallest and then (2) by assessing the total number of sequencing reads assigned to OTUs 

classified in the domain Archaea, Bacteria, Eukaryota, or “unknown”. The same person 

sequenced all samples on only two different MiSeq runs; therefore the bias of MiSeq sample 

loading artefacts or sampling depth is minimized. Examining the total number of raw reads 

classified to each domain is the most straightforward approach to analyzing raw data 

obtained using each primer pair regardless of sequencing bias. Based on that, data trends 
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demonstrating primers preferentially amplifying DNA from certain domains will still be 

detected. OTUs with unknown taxonomy means no domain could be assigned to the OTU 

based on a minimum of 80% bootstrap confidence. For analysis, amplicon libraries from 

station X and Y were grouped together in either the surface or subsurface sample category. 

Amplicon libraries were not separated by cell lysis method.  

ANOVA (df=2) yielded no statistically significant difference in Shannon alpha diversity 

between all primer pairs tested in surface (p=0.815; Figure 3.5) and subsurface sediment 

(p=0.13; Figure S3.3), therefore no TukeyHSD post-hoc test was conducted.  

 

 

Figure 3.5. Shannon alpha diversity of surface sediment DNA sequenced using three 

different primer pairs. Data from cell lysis method and stations are grouped together. Each 

box represents 24 samples. The box and whiskers have the same meaning as described in 

Figure 3.3 legend. 
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ANOVA (df=2) revealed that the number of reads assigned to Archaea, Bacteria or 

Eukaryota were statistically significantly different between the primer pairs tested for both 

surface (p<0.0001; Figure 3.6A - 3.6C) and subsurface sediment (p<0.001; Figure S3.4A – 

S3.4C). ANOVA (df=2) detected a statistically significant difference between the number of 

reads assigned to OTUs with unknown domain taxonomy across all three primer pairs in 

surface sediment (p<0.0001; Figure 3.6.D) but not subsurface sediment (p=0.0733; Figure 

S4.4D).   
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Figure 3.6. Total number of reads assigned to OTUs taxonomically classified as Archaea 

(A), Bacteria (B), Eukaryota (C), or unknown (D) in surface sediment amplicon libraries 

created using three different primer pairs. Data from cell lysis method and stations are 

grouped together. Each box represents 24 samples. The box and whiskers have the same 

meaning as described in Figure 3.3 legend.  
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 A TukeyHSD post-hoc test of the ANOVA results described above show that primer 

pair (iii), 926F/1392R, yielded a significantly higher number of reads assigned to OTUs 

classified as Archaea than both primer pairs (i) 341F/785R (surface sediment p=0; 

subsurface sediment p<0.0001) and (ii) 341F/805R (surface sediment p=0; subsurface 

sediment p<0.01; Figure 3.6A, Figure S3.4A). Primer pair (ii) 341F/805R had a significantly 

higher number of reads assigned to unclassified OTUs (i.e. unknown) compared to the other 

primer pairs in surface sediment (p=0; Figure 3.6D). Primer pairs (i) 341F/785R (surface 

sediment p=0, subsurface sediment p<0.0001) and (ii) 341F/805R (surface sediment 

p<0.0001, subsurface sediment p<0.0001 both had a significantly higher number of reads 

assigned to Bacteria compared to primer pair (iii) 926F/1392R in both surface and 

subsurface sediment (Figure 3.6B; Figure S3.4B). Finally, primer pair (iii) 926F/1392R 

detected the highest number of Eukaryotic reads compared to primer pair (i) 341F/785R 

(surface and subsurface sediment p=0) and (ii) 341F/805R (surface and subsurface 

sediment p=0; Figure 3.6C; Figure S3.4C). 

 The ratio of sequences clustered into OTUs and taxonomically classified in either the 

domain Archaea or Bacteria compared between primer pairs support the statistical results 

described above (Figure 3.7). The total number of reads classified as Archaea across 24 

amplicon libraries sequenced using primer pair (i) 341F/785R was 41 with 821,298 reads 

belonging to Bacteria. The same number of amplicon libraries sequenced using primer pair 

(ii) 341F/805R had a total of 3,418 reads classified as Archaea and 739,834 Bacterial 

reads. In contrast, (iii) 926F/1392R yielded a total of 38,118 Archaeal reads and 306,367 

reads classified as Bacteria. Primer pair (iii) 926F/1392R had the highest proportion of 

reads belonging to Archaea and the lowest proportion of reads belonging to Bacteria, 
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whereas primer pair (i) 341F/785R had the lowest proportion of reads classified as Archaea 

and the highest of reads classified as Bacteria. 

 

 

 

 

 

Figure 3.7. Absolute numbers of reads classified as Archaea or Bacteria in amplicon 

libraries sequenced using either primer pair (i) 341F/785R, (ii) 341F/805R or (iii) 

926F/1392R (24 samples per primer pair).  
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3.4. Discussion 

 The present study investigated different cell lysis methods and 16S rRNA gene PCR 

primer pairs to determine a standardized DNA isolation and amplicon sequencing workflow 

for establishing the Scotian Slope marine microbial baseline offshore Nova Scotia in Chapter 

4. Studies testing similar molecular methods have been conducted previously (Lever et al. 

2015, Zhou et al. 1996), and these were revisited to verify and validate a strategy 

specifically for deep-sea sediment. 

 

3.4.1. Modifications to the cell  lysis step during marine sediment DNA 

isolation 

 The cell lysis method modifications were undertaken in an effort to increase the DNA 

yield from marine sediment environmental samples, which was evaluated by comparing 

alpha diversity, OTU richness and Qubit DNA concentrations. The present study applied 

these cell lysis modifications to the Qiagen PowerSoil kit, which is commonly accepted to be 

a reliable commercial DNA isolation kit (Lekang et al. 2015). The Qiagen kit was compared 

to three other commercially available DNA isolation kits and it was concluded to be the most 

consistent at yielding high quality microbial DNA for successful downstream PCR 

amplification and sequencing (Mahmoudi et al. 2011). 

 The three cell lysis modifications (double bead-beating, heating and freeze-thaw) 

resulted in amplicon libraries with overall higher alpha diversity compared to no modification 

to the cell lysis step for the surface sediment samples from both stations X and Y. This is 

consistent with the Qubit DNA concentration measurements for station X surface sediment, 

meaning the methods yielding higher DNA concentrations resulted in amplicon libraries with 
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higher alpha diversity. In contrast, DNA concentrations for station Y were similar regardless 

of the cell lysis technique, which was not the same trend as station Y surface sediment 

alpha diversity. This could be indicative of the limited reliability of Qubit for DNA 

concentration measurements, or perhaps is simply an indication of environmental variability. 

While no modification yielded lower alpha diversity, this strategy had lower variability of 

alpha diversity across samples tested compared to the other methods, as observed by the 

size of the upper and lower quartiles in boxplots.  

A study by Albertsen et al. (2015) that tested increased bead beating times during 

the cell lysis step of DNA isolation from activated sludge communities saw higher yields of 

all bacterial phyla. The recommended bead beating time by Albertsen et al. (2015) was 160 

s at 6 m/s, which is almost double the length of the double bead-beating method used in 

this chapter. It is unlikely that the Scotian Slope sediment DNA experienced a decrease in 

DNA integrity with 90 s of bead beating at 5.5 m/s. Instead, the increase in alpha diversity 

detected in subsurface sediment using the double bead-beating method is likely due to the 

lysis of a broader diversity of cells. Some form of bead beating has been recommended for 

extracting DNA from cells in a soil or sediment matrix based on higher yield of DNA observed 

compared to non-mechanical methods (Devi et al. 2015). There is a risk of decreased DNA 

integrity outweighing the opportunity for detection of certain bacterial groups (Albertsen et 

al. 2015). DNA integrity could be evaluated using, for example, the Agilent Bioanalyzer 

microfluidic-based tool that uses capillary electrophoresis to determine the size of DNA 

fragments (Kiewe et al. 2009). Thermo Fisher’s NanoDrop spectrophotometer may also be 

applied to determine the purity of DNA by measuring an absorbance ratio (Schiebelhut et al. 

2017).   
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 A study by Cruaud et al. (2014) tested multiple DNA isolation methods on sediments 

sampled from Guaymas Basin, including a standard mechanical bead beating cell lysis 

method and a freeze-thaw method followed by chemical lysis (Zhou et al. 1996). It was 

predicted that using a chemical lysis method with freezing and thawing would reduce DNA 

shearing, resulting in less chimeras. Instead, it was observed that there were no significant 

differences in sequencing reads between the chemical and mechanical cell lysis methods 

and that samples extracted using commercial DNA isolation kits resulted in less variability in 

DNA quality and concentrations between replicates (Cruaud et al. 2014). DNA quality was 

different between the two methods directly after the DNA isolation protocol, but it was 

determined that after the purification and amplicon library preparation steps that followed, 

DNA experienced similar amplification and sequencing efficiencies. Cruaud et al. (2014) 

observed similar numbers of OTUs and estimations of microbial diversity in samples that 

underwent different DNA isolation methods. Instead, it was suggested that primers are a 

more likely significant source of bias than the cell lysis method (Cruaud et al. 2014).  

  The use of commercial DNA isolation kits is promoted for yielding consistent 

sequencing output (Schiebelhut et al. 2017), which was observed in the present study. 

When no modification was made to the cell lysis step of the kit, OTU richness and alpha 

diversity was less variable across samples. Lekang et al. (2015) made this same 

observation after comparing the Qiagen PowerSoil DNA isolation kit (used in the present 

study) against 8 different DNA isolation methods that relied on different cell lysis 

techniques. Since the cell lysis modifications did not yield dramatically different results 

compared to no modification in the present study, and no modification yielded results with 

less variability, it was decided that the Qiagen PowerSoil DNA isolation kit with no 



 65 

modification to the cell lysis step would be the method of choice for seafloor surface 

sediment in the remainder of this thesis.  

The subsurface sediment had slightly different and less clear results than the surface 

sediments. A different DNA isolation strategy altogether would likely need to be investigated, 

for example a method modified for deep-subsurface samples that have extremely low 

microbial biomass (Morono et al. 2014). Only seafloor sediment will be analyzed going 

forward in this thesis based on the low diversity and OTU richness detected in Scotian Slope 

subsurface sediment in this chapter, and the lowest likelihood of detecting recent 

anthropogenic pollution below the seafloor. Seafloor surface sediment was shown to have 

higher diversity, therefore providing more taxonomic information about the microbial 

community. Sampling the seafloor is also logistically easier for sampling as it does not need 

to depend on access to piston cores for sampling deeper in the subsurface.  

 

3.4.2. 16S rRNA gene primers for detecting taxonomic diversity of marine 

sediment 

 Three different PCR primer pairs compared in this study were selected based on the 

preferred 16S rRNA gene primer pairs used by colleagues studying seafloor sediment in the 

Geomicrobiology Group at the University of Calgary. 

 Klindworth et al. (2013) recommended primer pair (i) 341F/785R for having the 

broadest detection of bacterial DNA. This is supported by a recent study by Thijs et al. 

(2017), where it was observed that the primer pair 341F/785R yielded higher numbers of 

bacterial OTUs, Shannon alpha diversity and reproducible results compared to 

967F/1391R, which targeted the same region as the primer pair (iii) 926F/1392R of the 
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present study. Results show that primer pair (i) 341F/785R had a similar number of OTUs 

taxonomically classified in the domain Bacteria as primer pair (ii) 341F/805R, which 

targeted the same region (V3-V4) of the 16S gene. Primer pair (ii) 341F/805R was designed 

to simultaneously identify denitrifying anaerobic methane Archaea and ammonium-oxidizing 

Bacteria while acting as a “universal” 16S rRNA gene primers (Lu et al. 2015). Primer pair 

(ii) 341F/805R only detected slightly more archaeal reads than primer pair (i) 341F/785R. 

Interestingly, primer pair (ii) 341F/805R had the highest number of sequences assigned to 

OTUs with unknown taxonomy at the domain level. It is possible that domain coverage of 

each primer pair tested could increase with different mismatch tolerances allowed to the 

primer (Klindworth et al. 2013; Section 2.4) when the raw sequence data is being submitted 

to MetaAmp for processing.  

Primer pair (iii) 926F/1392R targeted the V6-V8 region of the 16S gene and is the 

preferred universal primer pair in amplicon sequencing based microbial surveys targeting 

nitrate and sulphate reducing microorganisms (Suri et al. 2017, Menon and Voordouw 

2016). This primer pair detected the most reads classified as Archaea and Eukaryota 

compared to primer pair (i) 341F/785R and (ii) 341F/805R. If Archaea becomes of 

particular interest for environmental baselines and monitoring, it is recommended that an 

Archaea-specific universal primer pair be used for optimum coverage instead of relying on 

one primer pair with sub-optimal coverage of both Bacteria and Archaea domains (Bahram 

et al. 2018).  

 The Earth Microbiome Project is aimed at establishing a standard and reproducible 

method of amplicon sequencing using the primer pair 515F/806R so that environmental 

samples collected and sequenced by different research groups around the world are easily 

comparable (Caporaso et al. 2011). This primer pair has been criticized for either over- or 
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under-estimating common marine microbial taxa, therefore may not be the most robust 

choice for establishing a marine sediment baseline (Parada et al. 2015). Instead, Parada et 

al. (2015) suggested the primer pair 515F/926R for longer amplicons that promote higher 

confidence of OTU taxonomic classification, which was not a region targeted in the present 

study. Fouhy et al. (2016) compared amplicon libraries generated by targeting several 

different regions of the 16S rRNA gene during the PCR amplification step and found the V4-

V5 region to yield comparable sequencing results with respect to their known mock 

community across two different next generation sequencing platforms, the Illumina MiSeq 

and Life Technologies Ion PGM.  

 With the resources and time available, only three 16S rRNA gene primer pairs were 

tested in the present study and amplicons were sequenced on the Illumina MiSeq platform. 

For the purposes of this study, primer pair (i) was chosen as the most suitable primers going 

forward based on the highest detection rate of Bacteria, lowest variability in alpha diversity 

and OTU richness and the least number of OTUs with unknown taxonomy. 
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Chapter 4: 

Establishing the 2015, 2016 and 2018 seafloor bacterial baseline 
community offshore Nova Scotia using 16S rRNA amplicon 

sequencing 
 

4.0. Abstract 

The Scotian Slope is an offshore oil and gas drilling area that has undergone some 

exploration already and wells have been drilled. There have not been any documented pulse 

pollution events, like an oil spill, to date. The present study examined bacterial communities 

in Scotian Slope seafloor sediments offshore Nova Scotia at temporal and spatial scales. 

Amplicon libraries from sediment collected in 2015, 2016 and 2018 (temporal) and along 

the length of the Scotian Slope in 2016 (spatial) were created by sequencing the V3-V4 

region of the 16S rRNA gene to establish a natural bacterial community environmental 

baseline over time and space. Alpha and beta diversity were compared between stations 

and statistical tests from the vegan ecological analysis package in R were applied to detect 

phylum-, class-, family- or OTU-level groupings of bacteria contributing to differences 

between samples in the temporal and spatial baseline datasets. Overall, bacterial taxonomic 

diversity was similar throughout the temporal and spatial baseline amplicon libraries. One 

station was highlighted as having low alpha diversity and an unusual bacterial community 

composition compared to the rest of the baseline, with a low relative sequence abundance 

of the family JTB255 and detection of the phylum Atribacteria. This anomalous station could 

be experiencing hydrocarbon seepage that was undetected by geochemical methods. These 

results support the inclusion of bacterial amplicon libraries in marine environmental 

baseline strategies, given that the marine seafloor bacterial community was fairly uniform 
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over space and time, which allowed for the detection of an anomalous station. This work 

provides a microbial baseline dataset for the Scotian Slope prior to the acceleration of oil 

and gas development. 
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4.1. Introduction 

4.1.1. Traditional environmental baselines 

An effective environmental baselines study is a multidisciplinary approach to 

characterizing the processes of an ecosystem that may be at risk for anthropogenic pollution 

and be used to subsequently guide the remediation efforts. In the marine environment, the 

most common strategy is to monitor invertebrate species or macro-benthic animals on the 

seafloor (broadly referred to as benthic fauna) because they are mostly localized, unlike fish 

or larger animals that can travel long distances to avoid the impacts of pollution (Borja et al. 

2000). Invertebrates have long enough life-spans to detect impacts of pollution over 

generations and different species have particular tolerances to contamination, allowing the 

detection of certain contaminants based on which seafloor invertebrate species are 

impacted (Dauer 1993). Marine plants, like seagrass, are also commonly used in baseline 

studies because they are highly sensitive to water pollution (Kirkman 1996).  

Another strategy besides using benthic biotic parameters is to target a keystone 

species in an area experiencing pollution whose demise would dramatically impact the 

entire ecosystem, like krill species in Antarctic waters (Nash et al. 2008, Boyd and Murray 

2001).  While sensitive biotic components of an ecosystem are preferred for monitoring 

because pollutant accumulation is measureable in tissue and fat (Kennedy and Jacoby 

1999; Okay et al. 2017; Sun et al. 2018), it is also possible to include abiotic parameters, 

for example water column nutrients and sediment organic matter content, to correlate with 

the biological observations (Simboura et al. 1998). 

The baseline parameters described above are commonly accepted and have been 

used throughout the history of environmental monitoring, but these strategies are still not 
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perfect. An example of the drawbacks of using animals to monitor environmental baselines 

on land is highlighted at Yellowstone National Park. This protected area has been monitored 

from the 1870s, but that did not prevent it from experiencing the extinction of an entire 

rabbit species that went undetected until the collected data was analyzed years later 

(Berger 2008). In the marine environment there is potential for the historical and well-

established baseline study strategies of targeting benthic fauna to experience a 

revolutionary improvement by incorporating rapid advances in DNA sequencing technology. 

Assessing marine microbial communities could offer the perfect opportunity to do this.  

 

4.1.2. Inclusion of microbial communities in environmental baselines 

 Incorporating microbial communities in marine baseline studies is not very common, 

but it may be able to alleviate some drawbacks of traditional methods that target benthic 

invertebrate fauna. There is a reproducibility benefit to establishing a marine baseline using 

DNA sequencing of benthic microbial diversity. For example, a study by Engel and Gupta 

(2014) used pyrosequencing data to evaluate the microbial community composition from a 

different baseline study in order to conduct their own environmental effects monitoring 

following the Deepwater Horizon oil spill. This was possible because the methods (and 

sampling areas) were similar.  

Combining physiochemical and geochemical environmental parameters with biotic 

survey information is a way to make a baseline study multidisciplinary. An Arctic microbial 

baseline study generated community data using both shotgun metagenomics and 16S rRNA 

gene amplicon sequencing methods (Greer et al. 2014). Both of these methods can be used 

in downstream environmental effects monitoring by comparing library results over time and 
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with physicochemical parameters (e.g. chlorophyll a, dissolved organic carbon, nitrogen, 

etc.) to determine possible drivers of changes in microbial community structures (Greer et 

al. 2014), which is similar to strategies of traditional baseline studies.  

Smith et al. (2015) used sophisticated analyses to correlate in-situ microbial 

community 16S rRNA gene data with geochemical parameters to identify the type of 

contaminant negatively impacting the marine environment. This successful demonstration 

of monitoring microbial communities as indicators for pollution as a viable option showed 

how the contaminant type can select for certain microorganisms (Smith et al. 2015). This 

approach will be even more powerful if there are baseline conditions to measure against. 

Because microorganisms have much faster generation times than invertebrates, laboratory 

experiments that expose baseline microbial communities to different contaminants can offer 

a glimpse of how one would expect the baseline to change in a pollution event (Pessacq et 

al. 2015; Field et al. 2010).  

 

4.1.3. Strategies for measuring environmental impacts at offshore dri l l ing 

sites 

Traditional biotic baseline parameters have been used to monitor chronic impacts of 

offshore oil drilling (Ellis et al. 2017; Roach and Walker 2017), but traditional baseline 

studies can be expensive, energy intensive and fraught with error from inaccurate 

identification of organisms (Paine et al. 2014). An example of traditional methods for 

monitoring offshore drilling impacts are targeting mussels, which were detected to 

accumulate trace metals and manifest physiological responses as early warning signs of 

environmental stress from the drilling activity (Gorbi et al. 2008). 
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Another study monitored Atlantic codfish for polycyclic aromatic hydrocarbon 

metabolites as a sign of exposure to poorly treated produced water (part of the output from 

offshore oil drilling wells) and detected no exposure effects three years after the discovery 

(Brooks et al. 2011). While this is a compelling observation, it is impossible to tell if these 

fish are native to the area being impacted by oil contaminated production waters and have 

not migrated. Instead, a large study that surveyed the benthic fauna at 14 offshore oil and 

gas fields concluded that the changes in species composition in response to oil-based 

drilling mud contamination did not show any consistent patterns over space and time, 

therefore no universal sensitive benthic indicator species for contamination was detected 

(Olsdard and Gray 1995).  

The examples of offshore drilling monitoring strategies described above have variable 

results and have the potential to be clarified, simplified and streamlined by the inclusion of 

microbial communities. If a certain compound (e.g. crude oil) released from offshore drilling 

activity becomes higher in concentration compared to background, the microbial community 

will change to become dominated by constituents that utilize the newly abundant compound 

as an energy source. Comparing environmental data to baselines that include microbial 

communities is a sensitive, single comparison that can quickly detect pollution, with lower 

associated cost and labour than are required to conduct traditional baseline surveys 

(Shokralla et al. 2015; Quail et al. 2012). This approach can also be a more economical and 

efficient (time-saving) compared to examining a variety of different biotic parameters as 

described above, all using different methods, making cross comparison difficult.  
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4.1.4. The Scotian Slope offshore Nova Scotia 

The University of Calgary Geomicrobiology Group in partnership with the Nova Scotia 

Department of Energy and the Geological Survey of Canada (Atlantic) sampled sediment 

from the Scotian Slope (Figure 4.1; Table S4.1) using piston coring, associated trigger 

weight cores, gravity coring and box coring in 2015, 2016 and 2018 onboard the research 

vessel CCGS Hudson. 

 

 

Figure 4.1. Scotian Slope stations where sediment was collected onboard the research 

vessel CCGS Hudson in 2015, 2016 and 2018 (indicated by the grey circles). 26 stations 

were sampled in 2015, 46 stations in 2016 and 14 stations in 2018.  
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One of the goals of these expeditions was for microbiologists to collaborate with 

petroleum geochemists from Applied Petroleum Technology Canada (APT) to link microbial 

community signatures with evidence of thermogenic (i.e. the source is a petroleum reservoir, 

not from biological activity) hydrocarbons in the sediment cores. To date, six out of 86 

stations have been ranked as ‘hydrocarbon positive’ by the geochemical methods employed 

by APT, i.e., these six locations contain evidence of thermogenic hydrocarbons (Table 4.1). 

 

 

 

Table 4.1. Scotian Slope stations with evidence of hydrocarbons (oil and/or gas) present 

from a thermogenic source (i.e. oil reservoir) detected using geochemical analysis by Applied 

Petroleum Technology Canada (APT). Geochemical data from 2015a and 2016b were 

provided by APT and are available at the links below. A positive hydrocarbon status indicates 

evidence of thermogenic hydrocarbons and a negative status indicates no evidence of 

thermogenic hydrocarbons. The station ID’s with double letters (i.e. AA) were not included in 

this study. Table is continued on next page. 

 

Station ID Sampling year CCGS Hudson 
Station ID 

Hydrocarbon status 

AA       2015 2015-0003 Negative 
BB  2015-0005 Negative 
CC  2015-0006 Negative 
DD  2015-0008 Negative 
EE         2015-0009 Positive 
FF  2015-0010 Negative 
A  2015-0014 Negative 
B  2015-0015 Negative 
GG  2015-0018 Negative 
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Station ID (Table 4.1 
cont.) 

Sampling year CCGS Hudson 
Station ID 

Hydrocarbon status 

C  2015-0019 Negative 
HH  2015-0021 Negative 
D 2016 2016-0004 Positive 
II  2016-0005 Negative 
JJ  2016-0006 Negative 
E  2016-0008 Negative 
KK  2016-0013 Negative 
LL  2016-0018 Negative 
MM  2016-0021 Positive 
F  2016-0015 Negative 
G  2016-0016 Negative 
NN  2016-0026 Unknown 
H  2016-0019 Negative 
OO  2016-0032 Positive 
I  2016-0024 Unknown 
PP  2016-0040 Unknown 
J  2016-0029 Negative 
K  2016-0030 Unknown 
QQ  2016-0043 Unknown 
L  2016-0033 Negative 
M  2016-0035 Unknown 
N  2016-0037 Negative 
O  2016-0038 Negative 
RR  2016-0044 Negative 
SS  2016-0045 Negative 
P 
T 

 2016-0042 
2016-0009 

Negative 
Negative 

TT  2016-0048 Negative 
UU 
X 

 2016-0049 
2016-0041 

Negative  
Positive 

Y  2016-0014 Negative 
Q 2018 2018-0006 Negative 
VV  2018-0007 Positive 
R  2018-0014 Negative 
S  2018-0022 Negative 
 

a  http://www.oera.ca/wp-content/uploads/2017/09/2015-12-00-Geochemistry-Data-Report-of-Nova-Scotia-
Piston-Coring-Program.pdf 
b http://www.oera.ca/wp-content/uploads/2017/02/170123_Geochemistry-Data-Report-plus-interpretation-
2016-Scotian-Slope-Piston-Cores-Part-1.pdf 



 77 

Stations that were determined to be geochemically negative, meaning no evidence 

for thermogenic or biogenic hydrocarbons by APT, were selected to establish the seafloor 

marine bacterial baseline offshore Nova Scotia (with the exception of Station D, which has 

signs of thermogenic hydrocarbon gas). The rationale in mostly selecting stations that were 

not exposed to thermogenic hydrocarbon seeps is to gain an understanding of the 

background bacterial community composition that has not adapted to the presence of 

hydrocarbons and that would be likely the most impacted and drastically altered following 

input of hydrocarbons such as in an oil spill.  

 

4.1.5. Objective and hypotheses 

 The objective of this study is to create a 16S rRNA gene amplicon library archive 

using Illumina MiSeq high throughput sequencing to generate baseline bacterial community 

data for the seafloor sediment of the Scotian Slope. A temporal baseline spanning three 

sampling times (2015, 2016 and 2018) over a three-year period will be established and 

compared between the years. A spatial baseline established from a single sampling season 

(2016) spanning the length of the Scotian Slope will be established and variability between 

the microbial communities over geographical space will be investigated.  

The generation of temporal and spatial baselines in this way is guided by two 

hypotheses: 

1. Ho (temporal): the bacterial baseline community composition, measured by alpha 

and beta diversity and by comparing relative abundances of phylum, class and family, will 

not be significantly different at the same location sampled when compared between 2015, 

2016 and 2018. 
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2. Ho (spatial): the bacterial baseline community composition, measured by alpha 

and beta diversity and by comparing relative abundances of phyla, class and family, will not 

be significantly different when compared to other samples taken along the geographical 

length of the Scotian Slope in 2016.  
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4.2. Materials and Methods 

4.2.1. Sample collection 

Samples were collected as part of sampling expeditions offshore Nova Scotia in 

2015, 2016 and 2018 onboard CCGS Hudson using the methods described in Section 2.1. 

Figure 4.2 shows the geographical locations of the stations used in this chapter. Sediment 

used to create the 2015 and 2016 amplicon libraries was sampled using trigger weight 

cores (TWC) from which the surface sediment at 0 cm depth (i.e. seafloor) was used. 

Sediment used to create the 2018 amplicon libraries was collected using gravity cores (GC) 

and the 0 cm depth (seafloor) was used as well. Gravity coring does not involve the use of 

TWC so those samples were not taken during the 2018 expedition; therefore sediment 

sampled using slightly different coring methods are being compared for parts of this study.  
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Figure 4.2. Station locations where seafloor sediment was collected that was used to 

establish temporal and spatial microbial community baselines of the Scotian Slope offshore 

Nova Scotia. Green squares represent locations collected in 2015, pink circles represent 

locations collected in 2016 and yellow triangles represent locations collected 2018. The 

letters within the shapes indicate the station ID (Table 4.1). Station coordinates are provided 

in Table 2.1. 
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Sediment from each station was sampled in triplicate; meaning three sample tubes 

were filled with sediment representing a particular depth of the core. These are referred to 

as biological replicates throughout this chapter. Sediment that was subsampled from the 

cores at sea in 2016 and 2018 was immediately stored in 2 mL screw-top tubes at -80°C 

after sampling and were thawed only before DNA isolation. Sediment subsampled from the 

cores in 2015 was mixed with 100% ethanol in 2 mL hinge-cap micro-centrifuge tubes at 

sea and stored at -80°C immediately following sampling and were thawed only before DNA 

isolation. Therefore, for all temporal comparisons of nearby samples, the additional variable 

of coring method (2016 vs 2018) and sample preservation technique (2015 vs 2016) has 

been introduced into this study.  

 

4.2.2. DNA isolation, PCR amplif ication, l ibrary preparation and sequencing 

 Sediment underwent DNA isolation, PCR amplification, library preparation and 

Illumina MiSeq sequencing using the methods described in Sections 2.2 and 2.3. All 

samples were extracted in triplicate, with the exception of samples from 2015. As previously 

described, these samples were mixed with ethanol in micro-centrifuge tubes instead of 

screw-top tubes. The pressure build-up from transportation from the field to the lab likely 

contributed to the tubes exploding when they were being thawed from -80°C at room 

temperature prior to DNA extraction. This may have been avoided if screw-top tubes were 

used instead of snap-cap tubes. Most of the sediment in the exploded samples ended up 

around the lab (i.e. not in the tube anymore), which did not leave enough material for DNA 

extraction. For three of the stations, only one replicate tube did not explode, which is why 

there is one replicate per station for 2015. MetaAmp (Dong et al. 2017) was used to analyze 
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the paired-end 16S rRNA gene amplicons from the in-house Illumina MiSeq sequencing 

using the same methods described in Section 2.4. The number of reads varied from the 

lowest sample having 4,050 reads and the highest having 25,550 for a total of 539,703 

reads across all samples analyzed in Chapter 4 (Table S4.2). All amplicon libraries were 

subsampled to 4050 reads since analysis consisted of comparing the relative sequence 

abundance of OTUs between different amplicon libraries.  

 

4.2.3. Temporal analysis of baseline amplicon l ibraries 

 The temporal comparisons referred to in this study are listed in Tables 4.2 and 4.3. 

These comparisons were determined by identifying samples obtained during sampling 

expeditions in different years (either 2015, 2016 or 2018) in the closest proximity to each 

other using Google Earth Pro (Version 7.3.2.5491). Shannon alpha diversity indices, 

Simpson diversity indices and the OTU table (subsampled to 4050 reads per amplicon 

library) were extracted from MetaAmp and imported into Excel. For all statistical tests in this 

chapter, a p-value of 0.05 was the threshold for significance based on a 95% confidence 

interval, with the null hypothesis that any variation is due to chance alone. Shannon diversity 

and Simpson dissimilarity were analyzed for geographically similar samples obtained in 

different years (Table 4.2) by inputting the data into the statistical package R Studio (Version 

1.0.136).  

A Kruskal-Wallis test was used to detect significant differences in Shannon and 

Simpson indices between two sampling years (e.g. only testing between 2015 and 2016, or 

between 2016 and 2018; Table 4.2) using the following R command:  

>kruskal.test (Shannon ~ Year)  
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Table 4.2. Grouping of stations (station ID) based on geographical proximity (seen in 

Figure 4.2) used for temporal analysis. Approximate distance (km) between stations being 

compared measured using Google Earth is included. 

 Sampling year    
2015 2016 2018 Distance (km) Statistical test 
A H  22  Kruskal-Wallis 
B H  11 Kruskal-Wallis 
C N  44 Kruskal-Wallis 
C O  23 Kruskal-Wallis 
 P Q 0.80 Kruskal-Wallis 
A K S A-K: 33 

A-S: 34 
ANOVA 

B K S B-K: 23 
B-S: 24 

ANOVA 

 K S 2 Kruskal-Wallis 
 J R 6 Kruskal-Wallis 
 

 

The Kruskal-Wallis test was chosen because it acts as a one-way analysis of variance 

(ANOVA) based on the ranking of non-parametric and independent data that may have equal 

or different sample sizes (Kruskal and Wallis 1952). These criteria were important because 

stations sampled in 2015 only had one amplicon library to evaluate whereas the stations 

sampled in 2016 and 2018 had triplicate amplicon libraries. The result from a Kruskal-

Wallis test will determine whether the stations have statistically similar distributions of alpha 

diversity. 

One-way Analysis of Variance (ANOVA) was used to test for significant differences in 

Shannon and Simpson indices between more than 2 sampling years (e.g. testing between 

2015, 2016 and 2018) using the following R command:  

>aov (Shannon ~ Year)  
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The strategy of using ANOVA was to test if the means of the indices between sampling years 

were statistically different by analyzing the variance.  

 Functions within the vegan ecology statistical package were used in R to analyze the 

differences in the relative abundance of OTUs in amplicon libraries grouped based on 

different treatments (i.e. sampling year). The data used for this analysis included the 

subsampled OTU table (transformed into a distance matrix) in combination with the 

metadata (transformed into a vector) that grouped the samples in three different 

independent possibilities, being either by station, year or by comparison (Table 4.3).  

 

 

 

Table 4.3. Grouping of stations (Station ID) based on geographical proximity (as seen in 

Figure 4.2) used for beta diversity analysis. Each number in the “Comparison Grouping” 

category refers to a group, which was used as the treatments in PERMANOVA and simper 

analyses.  

 

Station ID Sampling year Comparison grouping 
 

A 2015 Group 1 
B  Group 1 
C  Group 2 
H 2016 Group 3 
K  Group 4 
N  Group 5 
O  Group 5 
P  Group 6 
Q 2018 Group 7 
R  Group 8 
S  Group 9 
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Next, a permutational analysis of variance (PERMANOVA) test with 1000 permutations was 

run to determine if there were statistically significant differences in the relative abundances 

of OTUs between the different possibilities described above using the following adonis R 

command: 

>adonis (as.dist (OTU.table) ~ Treatment, permutations = 1000)  

PERMANOVA is similar to a classical ANOVA, but can determine if the sample 

treatment grouping (i.e. the independent possibilities of station, year or comparison 

grouping) is influencing the differences between microbial communities (Buttigieg and 

Ramette 2014). It is a superior option to the other commonly used tests, such as an Analysis 

of Similarities (ANOSIM), because PERMANOVA can handle severely non-normal datasets 

(Anderson and Walsh 2013).  

Beta-diversity between samples was investigated using the Bray-Curtis dissimilarity 

index, which is calculated in MetaAmp and provided in the output as axes representing each 

sample that can be plotted in non-metric multidimensional scaling (NMDS) space. Bray-

Curtis dissimilarities were calculated based on the subsampled amplicon libraries. NMDS 

figures were plotted in Excel and the stress of the NMDS method was calculated in R. The 

Bray-Curtis dissimilarity distance between samples (i.e. stress) was calculated based on the 

subsampled OTU table using the metaMDS command in R: 

>metaMDS (OTUtable, distance  ='bray', k  = 2, trymax  = 100, 

autotransform  = F)  

 The Similarity Percentages (Simper, Clarke 1993) command was used to detect 

which OTUs were contributing most to the Bray-Curtis dissimilarity using 999 permutations. 

The test was based on the subsampled OTU table transformed into a matrix and a metadata 
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table that described the different temporal comparisons (Table 4.3) transformed into a 

vector using the following command in R: 

>simper  (comm = OTU.table, group = trea tment, permutations = 999)  

 A disadvantage of the Simper analysis is that it does not differentiate the means 

between treatments specified in the metadata table compared to the means within the 

treatments (Warton et al. 2012); nevertheless in this case Simper was used to highlight 

specific OTUs that could merit further investigation.  

 OTUs were assigned taxonomy in MetaAmp as described in Section 2.4. The OTU 

table (subsampled to 4050 reads) with taxonomy was imported to Excel and each OTU was 

classified at the phylum, class and family levels. Reads expressed as percent (%) relative 

sequence were imported to R, which was used to sum the total percent relative abundance 

(%) of reads belonging to each phyla, class and family. Any taxa detected in less than on 

average 1% relative abundance across all samples was clustered into the “Other” category 

for the purpose of bar chart visualisation using the ggplot package in R.  

 

4.2.4. Spatial analysis of baseline amplicon l ibraries 

 The spatial analysis was done using amplicon libraries created from seafloor Scotian 

Slope sediment collected only in 2016 (Figure 4.2), since this sampling year had the largest 

geographical transect along the slope. Shannon diversity indices and Simpson dissimilarity 

indices provided by MetaAmp were input to R for ANOVA tests to determine statistically 

significant differences in alpha diversity between stations as described in section 4.2.3. 

Separate ANOVA tests were run for Shannon and Simpson indices.  

 The Bray-Curtis beta-diversity was treated the same as the temporal analysis of 

baseline amplicon libraries in section 4.2.3. Briefly, stress of the Bray-Curtis dissimilarity 
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NMDS plot was determined in R using the metaMDS command. A PERMANOVA statistical 

test using the adonis command was used to test if station geographical location is 

influencing the differences in the relative abundance of OTUs in the amplicon libraries 

between stations.  

A Mantel test, part of the vegan package in R, was used to test for correlations 

between OTUs and geographical distance of the stations from each other based on the of 

distance decay of similarity. This test was run four separate times, being based on either the 

relative sequence abundance of (i) OTUs, (ii) phylum, (iii) class and or (iv) family. The latitude 

and longitude of stations was transformed into a Euclidean distance matrix using the vegdist 

command and the OTU table was transformed into a distance matrix. The Mantel test was 

run using Spearman’s rank correlation with 999 permutations using the following command 

in R: 

>mantel (OTU.table, Lat.Long, method = "spear", permutations = 

999)  

Bar charts were created for the 2016 spatial baseline amplicon libraries using the 

same method as the temporal baseline amplicon libraries explained at the end of section 

4.3.3.  
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4.3. Results 

4.3.1. Temporal baseline bacterial community alpha diversity 

 Alpha diversity using the Shannon and Simpson diversity indices were compared 

separately between samples in close geographical proximity that were collected either one 

(2015 vs 2016), two (2016 vs 2018) or three (2015 vs 2018) years apart (Table 4.2; Table 

S4.3; Figure 4.2). The diversity and dissimilarity varied slightly between samples, with the 

Shannon index ranging between 5.51 and 6.27 (Figure 4.3) and the Simpson index ranging 

between 0.0046 and 0.018 (Table S4.3). The differences in both indices between stations 

sampled across three years were not statistically significantly different, with the exception of 

stations P (2016) and Q (2018). Shannon diversity was significantly higher at station P in 

2016 compared to station Q in 2018, with a Kruskal-Wallis p-value being barely different 

than the 95% confidence cut-off of 0.05 (p=0.04953). Similarly, the Simpson dissimilarity 

index was significantly lower at station P in 2016 compared to station Q in 2018 with the 

same Kruskal-Wallis p-value (p=0.04953). 
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Figure 4.3. A non-metric multidimensional scaling (NMDS) plot of Bray-Curtis dissimilarity 

between amplicon libraries represented by squares (sampled in 2015), circles (sampled in 

2016) or triangles (sampled in 2018) (PERMANOVA p < 0.01; Stress = 0.0329). The colours 

within the shapes represent the Shannon alpha diversity index.  
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4.3.2. OTUs contributing to the temporal baseline Beta-diversity  

 Beta-diversity between samples was calculated using the Bray-Curtis dissimilarity 

index and plotted as a non-metric multidimensional scaling plot in Figure 4.3. There is no 

clear pattern of groupings between the amplicon libraries from sediment sampled in close 

geographical proximity to each other over the different sampling years (Table 4.2). 

PERMANOVA detected that the sampling year (i.e. when geographical proximity or station ID 

was not distinguished in the test) is significantly contributing 22% of the variation seen in 

Figure 4.3 (R2=0.22, p < 0.01). Another PERMANOVA test was run using the temporal 

comparison groupings (i.e. geographical proximity was distinguished; Table 4.3), which 

determined that 63% of the variation in Figure 4.3 is explained by the comparison groupings 

(R2=0.63, p < 0.001). This implies that the beta-diversity of samples taken in close 

geographical proximity to each other either one, two or three years apart differs significantly. 

To address the possibility that the difference between the stations, regardless of sampling 

year, is influencing the Bray-Curtis index, a final PERMANOVA test was run by grouping the 

data based on sample station without distinguishing between sampling years, concluding 

that this factor was not a significant influence (R2=1, p=1). In summary, time is a larger 

cause for differences in beta-diversity than space.  

 The Similarity Percentage (Simper) test was used to assess which OTUs were highly 

contributing to Bray-Curtis dissimilarity between sampling years, with samples organized by 

temporal comparison groupings described above used in the second PERMANOVA test 

(Table 4.3). The average contribution to dissimilarity of the top five OTUs for each 

comparison was very low ranging from 0.48% to 2.3%. The Simper test was run using 999 

permutations to determine if any of the contributions to dissimilarity were significantly 

different using a p-value cut-off of 0.05. Notable OTUs that were most often found to 
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contribute to dissimilarity include OTU 21, belonging to the phylum Aminicenantes (Table 

4.4), which was found to contribute to dissimilarity in three out of the four comparisons 

(Table 4.3). Also, OTU 3, belonging to the family Syntrophobacteraceae within the phylum 

Proteobacteria was one of top contributing OTUs in the comparison between stations A, B 

(both 2015) and H (2016; 1.5% contribution) as well as with K (2016) and S (2018; 1.5% 

contribution). A similar observation for OTU 5, belonging to the family Hyphomicrobiaceae 

within Proteobacteria, contributing 1.5% of the dissimilarity between stations A, B and H, 

and 2.3% of the dissimilarity between stations C (2015), N and O (both 2016). Two OTUs 

(OTU 1 and 29) both classified within the family-level lineage JTB255 (Proteobacteria), were 

determined to be in the top five OTUs contributing to dissimilarity between groups C, N and 

O as well as P (2016) and Q (2018). The top five OTUs between stations P and Q all 

contributed less than 1% with the exception of OTU 8, classified as wb1-A12 at the family 

level (Proteobacteria), that was found to significantly contribute (1%) to the dissimilarity 

between those two stations as well as between stations A, B and C (1%). OTU 13, PHOS-

HE36 family of the phylum Chlorobi, was determined to be strongly contributing to 0.7% of 

dissimilarity between stations K and S (Table 4.4).  
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Table 4.4.  Similarity percentage (Simper) results showing the top five OTUs with the 

highest dissimilarity average between comparison groups 1-9 described in Table 4.3 in the 

methods section. The p-value is based on 999 permutations. A p-value less than or equal to 

0.05 is indicated by one asterisk (*), less than or equal to 0.01 is indicated by two asterisks 

(**) and less than or equal to 0.001 is indicated by three asterisks (***). 

 

Comparison 
Groups (cf. 
Table 4.3) 

OTU Average 
contribution 
(%) 

p-value Phylum Family 

1 vs 3 OTU 21 1.9 *0.048 Aminicenantes NA 
 OTU 3 1.5 *0.013 Proteobacteria Syntrophobacteraceae 
 OTU 5 1.5 0.48 Proteobacteria Hyphomicrobiaceae 
 OTU 19 1.0 *0.042 Chloroflexi Anaerolineaceae 
 OTU 8 1.0 *0.035 Nitrospirae wb1-A12 
2 vs 5 OTU 5 2.3 0.11 Proteobacteria Hyphomicrobiaceae 
 OTU 1 1.8 ***0.001 Proteobacteria JTB255 
 OTU 29 1.3 *0.012 Proteobacteria JTB255 
 OTU 21 1.3 0.25 Aminicenantes NA 
 OTU 19 0.7 0.25 Chloroflexi Anaerolineaceae 
4 vs 9 OTU 3 1.5 **0.002 Proteobacteria Syntrophobacteraceae 
 OTU 2 1.1 *0.013 Acidobacteria NA 
 OTU 21 0.9 0.65 Aminicenantes NA 
 OTU 13 0.7 ***0.001 Chlorobi PHOS-HE36 
 OTU 68 0.7 *0.006 Bacteroidetes NA 
6 vs 7 OTU 8 1.0 *0.018 Nitrospirae wb1-A12 
 OTU 29 0.9 0.11 Proteobacteria JTB155 
 OTU 1 0.8 0.24 Proteobacteria JTB255 
 OTU 14 0.7 0.18 Proteobacteria Chromatiaceae 
 OTU 12 0.5 0.25 Proteobacteria NA 
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4.3.3. Temporal baseline bacterial community taxonomy trends 

In the amplicon libraries defining this temporal baseline, 50 phyla, 76 classes and 

171 families were detected. For Figures 4.4, 4.5 and 4.6, only the phylum, class and family 

levels, respectively, are plotted if the group in question was present in greater than an 

average of 1% relative abundance across all samples. At the phylum level (Figure 4.4), 

biological replicates appear to be similar, with the exception of station O where some 

differences are visible between the replicates. All stations generally follow the pattern of a 

high relative sequence abundance of Proteobacteria followed by Chloroflexi. Station N 

appears to show some differences compared to the other stations, with Proteobacteria 

being less dominant, and a higher relative sequence abundance of Chloroflexi along with 

more taxa being present in less than 1% relative sequence abundance (i.e. classified as 

“Other”). Three phyla, Atribacteria (N_1=1.4%, N_2=1.1%, N_3=1.4% relative sequence 

abundance per replicate), TA06 (N_1=1.3%, N_2=1.4%, N_3=1.4%) and TM6 (N_1=1.2%, 

N_2=1.4%, N_3=1.1%), were detected at >1% abundance in station N amplicon libraries in 

all other samples were <1%, therefore they are not included in the Figure 4.4 bar plot. 

Biological replicates at the class level (Figure 4.5) are very similar to each other; 

again with the exception of station O. Classes within Proteobacteria have large variability in 

relative abundance between the station O triplicate amplicon libraries. Alphaproteobacteria 

ranges between 15 – 23%, Deltaproteobacteria ranging between 14 – 20% and 

Gammaproteobacteria ranging between 14 – 30%. 
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Figure 4.4. Relative sequence abundance (x axis) of phyla in seafloor sediment amplicon 

libraries (stations along y axis, in order of Kruskal-Wallis comparisons in Table 4.2) used to 

establish the temporal baseline of the Scotian Slope offshore Nova Scotia in 2015 (stations 

A, B and C) 2016 (stations, H, K, N, O and P in triplicate) and 2018 (stations Q and S in 

triplicate). Phyla in less than 1% average relative sequence abundance across all amplicon 

libraries were grouped as “Other”. 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 



 96 

 



 97 

Figure 4.5. Bar chart of percent relative sequence abundance (x axis) of classes in 

seafloor sediment amplicon libraries (stations along y axis, in order of Kruskal-Wallis 

comparisons in Table 2) used to establish the temporal baseline of the Scotian Slope 

offshore Nova Scotia in 2015 (stations A, B and C) 2016 (stations, H, K, N, O and P in 

triplicate) and 2018 (stations Q and S in triplicate). Classes in less than 1% average relative 

sequence abundance across all amplicon libraries were grouped as “Other”.  
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This variability between triplicates at station O is also clearly seen at the family level 

(Figure 4.6). The “Other” category was investigated for replicate 3 from station O to 

determine which taxa may be differentiating the triplicates. It was discovered that five 

families were detected in O_3 that were in high relative abundance only in the amplicon 

library for that sample, and were "1% in the two other replicates from station O, and in all 

other amplicon libraries analyzed in the temporal baseline. These families in uniquely high 

relative abundance in O_3 were Sneathiellaceae (2.3%), Oceanospirillaceae (3.6%), 

Piscirickettsiaceae (6.5%), Colwelliaceae (6.6%) and Rhodobacteraceae (6.8%). Again, these 

are not indicated in Figure 4.6 because they were only in high relative abundance in one 

amplicon library, therefore were not detected as higher than the average of 1% across all 

samples as the threshold for the bar plot.  

Another anomaly observed in the amplicon libraries was the relative sequence 

abundance of members of the family-level lineage JTB255. This family ranges between 

3.2%-13.1% in all amplicon libraries with the exception of all three replicates from station N, 

where JTB255 is in dramatically less abundance at <1% (see the much smaller bars for 

Gammaproteobacteria in Figure 4.5). 
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Figure 4.6. Bar chart of percent relative sequence abundance (x axis) of families in 

seafloor sediment amplicon libraries (stations along y axis, in order of Kruskal-Wallis 

comparisons in Table 2) used to establish the temporal baseline of the Scotian Slope 

offshore Nova Scotia in 2015 (stations A, B and C) 2016 (stations, H, K, N, O and P in 

triplicate) and 2018 (stations Q and S in triplicate). Families in less than 1% average relative 

sequence abundance across all amplicon libraries were grouped as “Other”. 
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4.3.4. Spatial baseline bacterial community alpha diversity 

 ANOVA (df=12) was used detect statistically significant differences in the Shannon or 

Simpson indices between stations sampled in 2016 (Table 4.5, Table S4.3). The stations 

that most often have significantly different Shannon indices when comparing to other 

stations are G, M and N (p<0.05 – 0.001; Table 4.5). Stations G and M had a consistently 

higher Shannon index and station N had the lowest compared to the rest of the 2016 

baseline amplicon libraries. Station N had a statistically significantly higher Simpson 

dissimilarity compared to the rest of the samples (p<0.05 – 0.0001; Table 4.5). 

 
Table 4.5. The TukeyHSD post-hoc ANOVA decomposition test p-values for Shannon and 

Simpson index comparisons stations between 2016 stations. A p-value less than or equal to 

0.05 is indicated by one asterisk (*), less than or equal to 0.01 is indicated by two asterisks 

(**) and less than or equal to 0.001 is indicated by three asterisks (***). 

Station comparison Shannon index p-value Simpson index p-value 
N-F **0.00919 ***0.000206 
I-G **0.000792 0.559 
J-G **0.000899 0.141 
L-G **0.00724 0.940 
N-G ***0.0000135 ***0.0000063 
M-I **0.00725 0.844 
M-J **0.0082 0.331 
N-K **0.00176 ***0.0000602 
N-M ***0.000119 ***0.0000197 
P-N *0.0172 ***0.000147 
N-D *0.037 ***0.000137 
G-E **0.00588 ***0.000137 
M-E *0.0390 0.805 
N-E 0.855 **0.0106 
N-H 0.0846 ***0.00133 
N-J 0.865 **0.0126 
N-L 0.369 ***0.000235 
N-O 0.0662 **0.00456 
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4.3.5. Beta-diversity and the influence of geography on the spatial baseline 

 The Bray-Curtis dissimilarity between stations plotted using non-metric 

multidimensional scaling in Figure 4.7 does not show any clear trend. Most biological 

replicates from each station group together, except for station O, where the replicates are 

most separated from each other. Stations L, G, M and especially N group slightly further 

away than the rest of the samples, which aligns with the trends observed in alpha diversity 

where stations G, M and N were different from the rest of the samples. PERMANOVA 

determined that Bray-Curtis dissimilarity is significantly different between the stations and 

samples grouping by station accounts for 80% of the differences observed in Figure 4.7 

(R2=0.8, p < 0.001). 
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Figure 4.7. A non-metric multidimensional scaling (NMDS) plot of Bray-Curtis dissimilarity 

between amplicon libraries (PERMANOVA p < 0.001; Stress = 0.0426). Circles of the same 

colour are biological replicates per station.  

 

 

 The Mantel test determined that OTU relative abundances were generally not 

different from each other with respect to station geographical location (r=0.061, p=0.113) 

This same test was run using the relative abundance of phylum, class or family in the same 

amplicon libraries and it was concluded that the number of reads corresponding to phylum 

and class did not correlate geographically (phylum r=0.78, p=0.118, class r=0.82, 
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p=0.075), although family does correlate geographically (r=0.13, p=0.032).  Overall, 

microbial communities are statistically similar to each other at most levels of taxonomic 

resolution (OTU, phylum and class) regardless of geographical distance from each other. 

 

4.3.6. Spatial baseline bacterial community taxonomy trends 

In the amplicon libraries defining this spatial baseline, 50 phyla, 76 classes and 171 

families were detected. For Figures 4.8, 4.9 and 4.10, only the phyla, classes and families 

respectively were plotted if they were in greater than an average of 1% relative abundance 

across all samples. Bacterial communities along the 2016 Scotian Slope transect appear to 

be very similar at the phylum level (Figure 4.8), which was supported by the Mantel test 

results described in Section 4.3.5.  
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Figure 4.8. Pie charts of the relative percent sequence abundance (%) of phyla detected in 

2016 baseline seafloor sediment amplicon libraries from stations collected along the 

Scotian Slope offshore Nova Scotia. Each pie chart is the average between triplicate 

amplicon libraries per station (white letter). Phyla in less than 1% average relative 

abundance across all samples were categorized as “Other”.  
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Overall, Proteobacteria is the most abundant phylum across all stations, with 

Chloroflexi being the second most abundant and Acidobacteria being the third abundant. 

Two obvious trends when comparing the pie charts side-by-side is that station G has the 

highest number of OTUs that were unable to be classified (Unclassified = 10.4%) at the 

phylum level of taxonomic resolution, while the remaining stations ranged between 2-6.8%. 

The second trend is detected for station N, which has been described previously as having 

an unusual bacterial community composition when compared to the other Scotian Slope 

amplicon libraries in Section 4.3.3. With respect to the other 2016 baseline stations, station 

N has a higher relative abundance of the phylum Aminicenantes at 8.1% whereas in other 

samples it ranges from 0-5.5%; in addition Chloroflexi at station N are 21%, with the 

remaining samples ranging from 6.8-19.6%. Correspondingly, the relative abundance of 

Proteobacteria in station N is lower compared to the other stations at 34.4%. 

 Key differences to note within the class level of taxonomy is within the 

Proteobacteria, namely Desulfobacteraceae, Gamma- and Alphaproteobacteria with the 

latter two being the most abundant overall, but showing variability across the baseline 

(Figure 4.9). At the family level, triplicate amplicon libraries are similar, still with the 

exception of station O_3 (these differences were previously described in section 4.3.3) as 

seen in Figure 4.10. The most abundant families across all samples (with the exception of 

Station N, as previously described in section 4.3.3) are JTB255, Rhodospirillaceae and 

Chromatiaceae. When comparing station N replicates with the other stations in Figure 4.10, 

there is a much higher relative sequence abundance of Hyphomicrobiaceae (8.9-10.0%), 

which is 0-4.2% in other samples.  
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Figure 4.9. Bar chart of relative percent sequence abundance (x axis) of classes in 

seafloor sediment amplicon libraries in triplicate (stations along the y axis) used to establish 

the spatial baseline of the Scotian Slope offshore Nova Scotia in 2016. Classes in less than 

1% average relative sequence abundance across all amplicon libraries were grouped as 

“Other”. 
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Figure 4.10. Bar chart of relative percent sequence abundance (x axis) of families in 

seafloor sediment amplicon libraries in triplicate (stations along the y axis) used to establish 

the spatial baseline of the Scotian Slope offshore Nova Scotia in 2016. Families in less than 

1% average relative sequence abundance across all amplicon libraries were grouped as 

“Other”. 
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4.4. Discussion 

4.4.1. A temporal seafloor sediment baseline microbial community offshore 

Nova Scotia over three years 

 The simplest and most common ecological design for monitoring differences in the 

environment as a result of anthropogenic impact is to sample before and after a pollution 

event (Underwood 1991). The Scotian Slope has been sampled over multiple years during 

the same time of year (during the month of June), providing an excellent opportunity to 

generate amplicon libraries from preserved sediment samples, offering a foundation for 

monitoring bacterial community compositions over time with a baseline to compare back to.  

To begin, it must be acknowledged that the stations included in this temporal study 

were not sampled at the same locations over three years. Instead, stations ranged from 

0.80 – 44 km from each other (Table 4.2). As much effort as possible was made to select 

stations in closest proximity to each other, but the distances between the stations compared 

do create a level of uncertainty.  

Similarity of Percentages (Simper) results highlighted certain OTUs that were 

contributing to dissimilarity in beta diversity of bacterial communities between the stations 

compared temporally. Between 2015, 2016 and 2018, OTU 21 was frequently contributing 

to overall dissimilarity, and between 2015 and 2016, OTU 5 was highly contributing to 

overall dissimilarity. OTU 21 was classified within the phylum Aminicenantes, with no 

classification at greater taxonomic resolution, and was likely contributing to the dissimilarity 

owing to its increase in relative abundance from 0% in 2015 amplicon libraries to between 

3-5% in 2016. The nucleotide sequence of OTU 21 was submitted to the NCBI nucleotide 

Blast search (percent identity similarity and accession numbers included in brackets after 
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the referenced study) and close relatives were detected in libraries from sediments studied 

by Ruff et al. (2013; 99% sequence identity, accession number JN884982) that investigated 

the microbial communities at deep-sea methane seeps off the coast of New Zealand. OTU 

21 was also connected to microbial survey studies of hydrothermal fields in the Okinawa 

trough off the coast of Japan (Wang et al. 2018a; 99%, KX097608), and cold seep 

sediments from the South China Sea (Zhang et al. 2012; 99%, GU475265). These examples 

suggest that OTU 21 is related to deep-sea Aminicenantes that are found in settings that 

involve seepage of geofluids from the subsurface.  

The metabolic functions of members of the Aminicenantes remain poorly 

understood, as there has yet to be any phylogenetic separation at greater taxonomic 

resolution. Farag et al. (2014) studied the global patterns of Aminicenantes and discovered 

that members of this phylum are often detected at high relative abundances in hydrocarbon-

impacted environments and generally in marine environments. Therefore, one possible 

reason as to why OTU 21 was observed to increase in relative sequence abundance 

between 2015 and 2016 could be hydrocarbon inputs from the subsurface. If detected in 

combination with other well-understood bacterial taxa related to hydrocarbon degradation, 

Aminicenantes could be used to indicate changes in the temporal baseline of the Scotian 

Slope.  

OTU 5 was the highest contributor to dissimilarity between 2015 and 2016 libraries, 

likely due to the increase in relative abundance in 2015 from less than 1% in Station C to 

9% in 2016 at Station N (~44 km apart). OTU 5 is a member of the Hyphomicrobiaceae 

family within the Alphaproteobacteria class. NCBI Blast results show this OTU to be affiliated 

with unpublished sequences retrieved from microbial diversity surveys of marine sediment 

from the Barents Sea (Arctic region; 100% sequence identity, accession number FJ800181) 
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and the East China Sea (100%, KR086651), indicating it could be a broadly distributed 

marine microorganism. A published account of Hyphomicrobiaceae related sequences to 

OTU 5 were discovered in deep subsurface marine sediment in the Nakai Trough (near 

Japan) and were speculated to be organotrophic and prefers to grow near the seafloor 

(Kormas et al. 2003; 100%, AY191336).  

Among the top OTUs contributing to temporal dissimilarity according to simper, only 

one family was detected twice as two different OTUs. This family was JTB255 (within the 

class Gammaproteobacteria), and both OTUs (OTU 1 and OTU 29) were contributing to the 

dissimilarity between 2015 (Station C) and 2016 (Station N). Interestingly, JTB255 is 

present in less than 1% relative sequence abundance only in Station N sediment, whereas it 

is detected in greater than 1% relative abundance in all other baseline stations. Other 

studies have shown that members of the JTB255 family are present in moderate relative 

abundance (e.g. 1-14%) in deep-water marine seafloor sediment microbial surveys in a 

variety of environments (Bienhold et al. 2016) including the Arctic (Li et al. 2009), Guaymas 

Basin (Cruaud et al. 2015) and the South Atlantic Ocean (Schauer et al. 2010). JTB255 was 

also seen to dominate the prokaryotic diversity in a benthic extracellular DNA survey 

(Corinaldesi et al. 2018) and was even detected to be highly abundant on grains of sand 

from the North Sea (Probandt et al. 2017). JTB255 has been described as a member of the 

core microbiome in deep-sea surface sediments around the world (Mußmann et al. 2017; 

Probandt et al. 2017; Bienhold et al. 2016), which is consistent with its detection in the 

present study. A single-cell amplified genome analysis of a JTB255 cell determined that 

there is not a strict physiology with possibilities for both heterotrophy and facultative 

autotrophy, possibly explaining its broad distribution in global seafloor sediments (Mußmann 
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et al. 2017). It is therefore peculiar that JTB255 sequences are almost completely absent 

from Station N amplicon libraries.  

Temporal baselines can be challenging to interpret. It is best if microbial 

communities are taken as a long-term average, because changes detected over decades are 

likely more important than short-term fluctuations detected annually (Ysebaert and Herman 

2002). It is possible that there are other environmental parameters influencing the microbial 

communities even at > 2,000 meters depth. For example, if Atlantic Canada experiences the 

remnants of hurricanes travelling up the East coast of North America more often in a given 

year, the increased rainfall, large waves and winds may influence sediment and organic 

matter deposition to the deep sea months later (Heezen 1959; Wei et al. 2012), thus 

influencing the microbial community being measured in the temporal baseline. What is most 

important is that there is a knowledge and documentation of this variation in the baseline 

for subsequent monitoring (Pande and Gardner 2009), so that small changes in the 

microbial community composition are not necessarily categorized as being a result of 

anthropogenic pollution. Designing a monitoring method that includes sampling at different 

time scales (i.e. monthly and yearly) can develop this understanding of the temporal 

baseline, especially to distinguish between pulse (e.g. oil spill) and press (e.g. leaking drilling 

mud from a deep sea oil well) contamination events (Underwood 1991). Often, micro-

patchiness of biogeochemical processes (Morin and McGrady-Steed 2004) resulting from 

uneven distribution of organic matter and minerals should be the initial assumption if small 

differences in microbial baselines are observed over short periods of time.  

 



 115 

4.4.2. The spatial seafloor sediment baseline bacterial community offshore 

Nova Scotia across geographical space in 2016 

 The most robust environmental baselines consider both natural temporal and spatial 

variation of the parameters being measured, especially in the marine environment where 

pollution can be transported by water currents. Physical parameters in the oceans can 

influence the spatial ecology, from gradients of nutrients available in the water to patches of 

different sized grains of sand (Pande and Gardner 2009). For example, macro-invertebrate 

species in a marine baseline study were seen to have variability patterns of different 

taxonomic groups corresponding with different spatial scales of sampling (Ysebaert and 

Herman 2002). The most likely source of pollution that the Scotian Slope will experience is 

hydrocarbon related because this is an offshore oil drilling area. Spilled oil in the marine 

environment spreads by taking different physical forms like droplets or becoming adsorbed 

on solid particles and sinking (Gong et al. 2014), therefore it is imperative that we have an 

understanding of the baseline microbial community along the geographic extent of the 

Scotian Slope.  

 Alpha diversity measures (using both the Shannon and Simpson diversity indices) 

were compared between the 13 stations sampled across the Scotian Slope in 2016 to 

establish the general trend and identify any anomalies. Stations G and M were detected to 

have slightly higher alpha diversity compared to the rest of the stations. This difference was 

also reflected for these stations in the beta diversity between the bacterial communities. 

When Bray-Curtis dissimilarity of each sample was plotted in non-metric multidimensional 

space, G and M grouped away from the rest of the stations, meaning they are less similar to 

the others (Figure 4.7). Station N had the lowest Shannon diversity (alpha diversity) as well 

as the highest Simpson dissimilarity, and grouped away from the other stations when Bray 
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Curtis dissimilarity was plotted. It was also observed in non-metric multidimensional space 

that Station O had noticeable differences in the beta diversity between its biological 

replicates, with the triplicates spacing far away from each other compared to the trends of 

triplicates from rest of the stations. 

 These stations (G, M, N and O) that initially appeared to be different than the others 

by comparing alpha and beta diversity along the spatial transect of the Scotian Slope were 

investigated further at the phylum and family levels. Although stations G and M had higher 

diversity than the other stations, there was no clear trend in taxa that drastically 

differentiated the stations from the rest of the baseline (Figures 4.8, 4.9 and 4.10). This was 

not the case for Station O, where one biological replicate (replicate 3) was anomalous 

compared to the other two, and was also different than the rest of the stations. The 

amplicon library from Station O replicate 3 detected higher relative sequence abundances 

for the families (most abundant OTU representatives indicated in parentheses) 

Sneathiellaceae (OTU 218, 2.3%), Oceanospirillaceae (OTU 186, 3.6%), Piscirickettsiaceae 

(OTU 44, 6.5%), Colwelliaceae (OTU 47, 6.6%) and Rhodobacteraceae (OTU 49, 6.8%). In all 

other baseline amplicon libraries these families were detected in less than 1% relative 

sequence abundance (Figure 4.10). Prominent OTUs from these families were assessed via 

NCBI Blast to compare environments where close relatives have been documented. OTU 

218, classified as Sneathiellaceae, appears to be a common bacterium in a variety of 

marine environments (e.g. Green et al. 2011, 100% sequence identity, accession number 

HQ216302; Pratheepa et al. 2014, 99%, KF00988). Relatives of the other OTUs, classified 

as Oceanospirillaceae, Piscirickettsiaceae and Colwelliaceae, were frequently discussed in 

studies of oil impacted marine environments. OTU 186 (Oceanospirillaceae) was detected in 

amplicon libraries from sediments offshore Spain two years after the Prestige oil tanker 
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sank (Acosta-González et al. 2013, 99%, JQ579706) and was seen to dominate oil 

amended sediment microcosm enrichments using seawater and phytoplankton collected off 

the west coast of Scotland (Thompson et al. 2017, 99%, KY962634). OTU 44 

(Piscirickettsiaceae) was discovered to be closely related to Cycloclasticus spp. able to form 

symbiotic relationships with organisms in deep sea oil and gas seeps (Rubin-Blum et al. 

2017, 99%, KX509816) as well as asphalt seeps (Raggi et al. 2013, 99%, JF969164). OTU 

47 (Colwelliaceae, 100%, JN018447) along with OTUs 44 (Piscirickettsiaceae, 97%, 

KX172859), 183 (Oceanospirillaceae) and OTU 49 (Rhodobacteraceae, 100%, KX172807, 

JN018431 and HQ433406) were closely related to sequences detected in the Gulf of 

Mexico microbial community response to the Deepwater Horizon oil spill (Yang et al. 2016; 

Redmond and Valentine 2012; Kessler et al. 2011). OTU 49 was also related to highly 

abundant Rhodobacteraceae in hydrothermal vent surveys (Sylvan et al. 2012, 100%, 

JN874339).  

If these families of bacteria had been highly abundant in all replicates from Station O, 

it may be compelling to suggest that this station is close to a hydrocarbon seep. However, 

because this anomaly of putative hydrocarbon degrading bacteria is only present in one 

replicate, and without further lines of evidence for a hydrocarbon seep in the area by APT’s 

geochemical analysis (Table 4.1), one may be suspicious of possible contamination affecting 

this replicate. A possible source of contamination could be from the MiSeq sequencing run, 

because the lab where these samples were sequenced also runs DNA extracted from oil 

amended microcosm experiments, and also enriches hydrocarbon-degrading bacteria in 

incubation experiments. To confirm if this has occurred, the triplicate DNA extractions from 

Station O should be re-sequenced. These observations highlight why replicates are a good 
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idea to include in common laboratory practice. With this acknowledged, these results will 

still be cautiously considered.  

 Station N revealed trends at the phylum and family levels likely contributing to the 

low Shannon alpha diversity and high Simpson dissimilarity. Only in Station N were the phyla 

Aminicenantes (a single OTU 21, 7-9% between triplicate amplicon libraries) and Chloroflexi 

(multiple OTUs, 20-22% between triplicates) in relatively higher abundance and 

Proteobacteria (multiple OTUs, 34-34.5% between triplicates) were in lower abundance 

compared to the other spatial baseline samples (Figure 4.8). The phylum Atribacteria (OTU 

99, 1-1.4% between triplicates) was also in greater than 1% relative sequence abundance in 

the amplicon libraries from Station N, but less than 1% in all other stations. At the family 

level, Hyphomicrobiaceae (OTU 5, 8.9-10%) was high in relation to other stations (ranging 

between 0-4.2%; Figure 4.10). NCBI Blast results of OTU 99 (Atribacteria) return an 

unpublished study that detected bacteria with 16S rRNA gene sequences closely related to 

OTU 99 from a deep drill core (100% sequence identity, accession number AB804963) and 

is also closely related to bacteria in surveys of deep subsurface microbial communities 

(Kormas et al. 2003, 100%, AY191329) and hydrothermally active sediments (Wang et al. 

2018a, 99%, KX097556; McKay et al. 2016, 99%, KP091097). It is possible that 

Atribacteria is detected in this sample because there is a pathway for fluids, possibly 

hydrocarbons, to seep up to the seabed at this station. Surface sediments from different 

locations on the Scotian Slope that had geochemical evidence of hydrocarbons, that were 

avoided for this study of a baseline background (Table 4.1), were often observed to have 

high relative sequence abundance of Atribacteria (Carmen Li, personal communication). 

Stations N and O are 24 km from each other. The proximity of these stations could be 

suggestive of a hydrocarbon seep discovery, which may be ephemeral, or a result of not 



 119 

having data from the identical sampling location over two years. This example highlights how 

having an extensive knowledge of the region being surveyed for both spatial and temporal 

baselines is valuable, and supports the notion that long term baseline monitoring in 

conjunction with other parameters that may influence the baseline, and including other 

disciplines such as geosciences, are useful in understanding how the baseline microbial 

community may react to a pollution event. 

 Further support for the possible discovery of a hydrocarbon seep area from within the 

2016 Scotian Slope baseline determined by this study comes from the Mantel analysis that 

tested for correlations between the number of OTUs, phyla, classes or families at stations 

with respect to their geographical distance from each other. These tests returned a p-value 

greater than the commonly accepted ecological value of 0.05, meaning that there is 

technically no statistically significant correlation between either OTU, phyla or class and 

distance between stations. It must be noted that the p-values ranged between 0.032 and 

0.113, therefore it can be considered that there is some influence of geographical distance 

between stations but not enough to be consistently statistically significant. Meanwhile, the 

PERMANOVA test independent of geographical distance that compared Bray-Curtis 

dissimilarity (beta diversity) between stations resulted in a significant p-value of less than 

0.001, meaning that differences in beta diversity between stations is very likely a result of 

the amplicon libraries being grouped by the stations that they belong to (Figure 4.7). The 

result of Mantel test suggest that geography is not the main parameter driving differences 

between bacterial communities in surface sediments, and results from the PERMANOVA test 

support this by indicating that differences between the communities are as a result of 

station ID, which was completely independent of latitude and longitude of the stations in 

that test. As described above, it is likely the communities in Stations O and N driving these 
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differences in the beta diversity. Therefore, ruling out geographical distances between the 

stations as influencing the differences in microbial communities, and with the support of the 

PERMANOVA test indicating that there is a significant difference in beta diversity between 

the samples, it is possible that hydrocarbon seepage into surface sediments is taking place 

at stations O and N. This result can help to develop an understanding of how the seafloor 

sediment microbial communities behave when there is a natural input of hydrocarbons. 

Since hydrocarbon seeps can be ephemeral, if any anomalies are detected in the future, this 

data can also help determine if future sampling locations are in areas of recent hydrocarbon 

seepage.  

 

4.4.3. Proposed strategy for establishing marine baselines using microbial 

communities 

 The present study proposes that marine environmental baselines include microbial 

community data. At this time, amplicon sequencing is recommended based on the low cost 

and high speed of collecting DNA data from sediment – both being aspects that continue to 

improve as technology advances. If budget and time permit, extra sediment may be 

preserved for DNA extraction followed by shotgun metagenomics sequencing, but at this 

point it is not proposed as always being completely necessary to include. DNA extraction and 

amplicon sequencing can be done quickly on-board a vessel at sea. Seafloor (0 cm depth) 

sediment should be the substrate used in a microbial baseline because it is directly 

comparable with the traditional ecological baselines that also sample only the seafloor. This 

sampling method is also ideal for sampling expeditions of all budgets because seafloor 
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sediment can be collected with a simple box core and does not require research vessels 

completely equipped with piston, gravity or trigger weight-coring capabilities.  

Including microorganisms in environmental baselines could be a viable strategy for 

oil and gas companies sampling the seafloor in an area undergoing offshore hydrocarbon 

reservoir exploration. Less than 1 gram of sediment is required to extract enough DNA for 

sequencing, and this can easily be subsampled from the seafloor surface interval of 

hydrocarbon exploration cores. It is suggested that sampling occur for a minimum of two 

consecutive years, ideally three (mirroring the idea of having experimental triplicates) prior 

to offshore drilling to take into account the amount of natural variability in the microbial 

communities that occur in the area as to not mistake certain changes as a response to 

pollution. Microbial community diversity metrics alongside the relative abundance of 

biological indicator taxa (investigated in Chapter 5) are recommended to be analyzed as part 

of the baseline.  

It may be argued that for a microbiologist, following macro-ecological principles for 

baseline studies is not an ideal strategy. In theory, to establish a marine microbial baseline, 

sediment would have to be sampled at the same scale and frequency for macro-organisms 

but translated into microbial scales. That being said, microbial baselines are not impossible. 

They are probably not the correct strategy to be used alone, but when combined with other 

traditional environmental baseline parameters, like surveying the presence and abundance 

of invertebrates or sensitive small marine species (Deblois et al. 2014; Paine et al. 2014), 

they offer a powerful tool. 
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Chapter 5: 

Scotian Slope seafloor sediment bacterial response to a mock oi l  
spi l l  experiment to inform an environmental monitoring strategy 

 

5.0. Abstract 

 Bacterial taxa known to be sensitive to pollution, like hydrocarbon-degrading 

microorganisms, can be used to monitor the dispersion and biodegradation of marine oil 

spills and provides benchmarks for measuring ecosystem recovery. Screening for microbial 

indcators of the presence of hydrocarbons, and monitoring significant changes in microbial 

community structure in response to pollution, can be effective ways to incorporate amplicon 

libraries in an offshore environmental monitoring method. The bacterial community 

indigenous to Scotian Slope seafloor sediment was exposed to a simulated crude oil spill. 

Oxic microcosm bottles with sediment, artificial seawater and oil were incubated in the dark 

at 4°C to mimic conditions 3260 m below sea level for 300 days.  Sediment slurry aliquots 

were subsampled from microcosms every 30 days for RNA and DNA extraction, followed by 

16S rRNA (cDNA) and 16S rRNA gene sequencing. Bacterial communities experienced a 

significant drop in alpha diversity in the first 30 days. Bacterial indicators of early community 

succession (e.g. 0-150 days), i.e. members of Colwelliaceae and Oceanospirillaceae 

families, and later succession (e.g. 150-300 days), i.e. Alcanivoracaceae and 

Flavobacteriaceae, 300 days after the mock oil spill were identified when comparing 

amplicon libraries relative to day 0. Observable differences in bacterial diversity in DNA 

amplicon libraries from day 0, 30, 150 and 300 of the mock oil spill experiment compared 



 123 

with those of the 2016 Scotian Slope baseline established in Chapter 4 support the 

proposed bacterial environmental effects monitoring method developed by this experiment. 
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5.1. Introduction 

5.1.1. Ecological theories for detecting environmental change 

 Environmental Effects Monitoring (EEM) measures environmental variables over time 

relative to baseline conditions. Ideally, documentation of the appropriate environmental 

parameters of a site at risk of negative anthropogenic impacts (e.g. a prospective offshore 

oil field) would be taken prior to the commencement of human/industrial activity. For 

example, monitoring a whale species in a marine area with an expected increase in shipping 

traffic can be a target organism to determine their overall impact on large marine mammals 

(Berman-Kowalewski et al. 2010). In the event that contaminants are released into the 

environment as a result of anthropogenic activity, the goal of an effectively designed 

monitoring plan is to determine what corrective actions are required, if any, to restore the 

environment to the conditions similar to what was documented as the baseline (Hooper et 

al. 2016).  

 Strategies for monitoring environmental impacts have been explored for decades as 

more is being learned about ecological stress as a result of anthropogenic contamination 

(Power et al. 1995). Motivation for environmental protection stems from a desire to 

maintain both quality of life and relatively pristine environmental conditions despite 

anthropogenic activity taking place at a particular site (Cairns et al. 1993). Another 

motivation is the restoration of economically valuable ecosystem services (e.g. fish stocks; 

Holmlund and Hammer 1999) after an environmental disturbance (Beanlands and Duinker 

1983). Environmental monitoring does not always have to be in response to a 

contamination event, but can also be used long-term to deduce any unforeseen 

consequences of anthropogenic activity (Aebischer 1990). The common goal of most 
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monitoring programs is to determine the most sensitive biotic parameter in order to obtain 

the earliest detection of environmental stress (Schindler 1987).  

 Biotic parameters in an environment experiencing acute external stress will respond 

by changing in a measureable temporal manner, which is often referred to as an ecological 

succession (Walker et al. 1989). For example, the changing parameters of forest 

communities, such as species richness, biodiversity and cover, have an established 

predictable temporally linear response to environmental stress and their ecological 

succession is well known (Walker et al. 2010). Examining vegetation is traditionally known to 

reveal the severity of an environmental disturbance and what stage of response the 

ecosystem is in. Targeting functional processes of the environment, like nutrient cycling, can 

also be used to monitor ecosystem succession (Walker et al. 1975).  

Theories of ecological succession are so well understood that they can be applied to 

prehistoric fossil communities by detecting differences in species diversity (Walker and 

Alberstadt 1989). An application that shows how effective monitoring succession for 

ecosystem recovery occurs after a forest fires. Different tree and plant species grow in a 

customary sequence in the months following a forest fire, and the succession allows 

ecologists to easily identify the length of time that has elapsed since the fire disturbance 

occurred as well as the severity of the fire (Agee 1998). Ecological succession is now being 

applied to modern environmental issues like examining declining biodiversity, invasive 

species and climate change to better predict changes and develop enhanced methods of 

environmental monitoring (Prach and Walker 2011). 

Legacy effects may be detectable by certain EEM methods. This concept is linked 

with ecological succession, in that legacy effects are traditionally thought to be detected by 

new plants and animals migrating and colonizing an area after a major environmental 
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disturbance, like a fire, oil spill or landslide (Cuddington 2011). In a pollution event, the type 

of contaminant and severity will either promote or inhibit the re-colonization by certain 

organisms, creating a legacy effect, and therefore influence the succession. Short and long 

term legacy effects have the potential to be observed at the microbial scale if the 

biogeochemical cycling is disrupted from contamination (Monger et al. 2015). These 

ecological concepts of succession and legacy effects are intricately linked and will reflect the 

type and severity of environmental disturbance, which can be used by EEM to predict the 

manner of recovery.  

Currently, microbiology largely lacks ecological theories specific to the field. It is 

unknown if traditional ecological theories can be applied to microbial communities because 

they are based on evolution and inheritance (Prosser et al. 2007). This is a complicating 

factor that needs to be explored further if microorganisms are to be included in EEM 

strategies based on traditional ecological theories. An ecological theory that has the 

potential for application to microbial communities is functional redundancy, which is often 

measured in order to determine ecosystem resilience (Laroche et al. 2018). Functional 

redundancy can be defined as two different microorganisms under the same environmental 

conditions carrying out functional processes (e.g. nutrient cycling) at the same rate (Allison 

and Martiny 2008). It has been argued based on experimental evidence that at the 

microbial level, it is likely that the community will never fully return to taxonomic baseline 

conditions after an environmental perturbation (Allison and Martiny 2008). Instead, an EEM 

strategy can be guided to detect a plateau in changes in the microbial community as a proxy 

for functional redundancy and an indication that the ecosystem is no longer being stressed 

in response to contamination.  
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If functional redundancy of the microbial community is deemed critical for supporting 

important social or economic ecosystem services, data generated by 16S rRNA amplicon 

sequencing can be used in computer modelling to predict function (Laroche et al. 2018). For 

example, PICRUSt (Phylogenetic Investigation of Communities by Reconstruction of 

Unobserved States; Langille et al. 2013), Tax4Fun (Aßauer et al. 2015) and PAPRICA 

(PAthway PRediction by phylogenetIC placement; Bowman and Ducklow 2015) are in silico 

methods that predict metabolic function based on 16S rRNA gene taxonomy.  Applying these 

strategies is an approach to extrapolate information provided by 16S rRNA amplicon 

sequencing, although firm conclusions about function cannot be made.  

Each EEM study has different requirements that are unique to the project being 

monitored. Included in the considerations are deciding which key environmental parameters 

need to be measured, based on which ecological theories. But, as is demonstrated in some 

of the cases described below, microorganisms have the potential to be a valuable EEM 

metric or variable in most scenarios and environments.  

 

5.1.2. Incorporating DNA in environmental effects monitoring 

Comprehensive environmental monitoring methods of offshore oil extraction activity 

have the potential to be effectively applied to a DNA-based EEM project. Paine et al. (2014) 

studied invertebrates at the Terra Nova oilfield on the Grand Banks of Newfoundland that 

were seen to increase in absolute abundance nearest to wellheads, while overall biomass 

increased further away, meaning invertebrates closer to the wellheads were smaller in size 

but concentrated in abundance. In addition to changes in abundance and diversity metrics, 

this study classified two organisms in consistently low abundance near active drill wells that 
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were suggested as biological indicators of anthropogenic stress. In terms of an 

environmental recovery timeline, this study saw the largest increase in these biological 

indicator species at offshore oil sites three years after drilling started, with these organisms 

returning to abundances similar to those of distant stations five years after drilling ended. 

They also identified taxa sensitive to particular drilling effects like barium or heavy molecular 

weight hydrocarbons (Paine et al. 2014). Microbial communities have the potential to more 

sensitively detect mild pollution around the wellhead during drilling, which has been seen to 

extend 1-2 km from the drill hold by observing changes in diversity and total numbers of 

benthic fauna (Neff et al. 2000).  

A study by Laroche et al. (2017) applied traditional benthic ecology metrics for 

detecting pollution related to offshore oil production using environmental DNA (eDNA) and 

RNA (eRNA). Environmental DNA is a strategy surging in popularity to replace traditional EEM 

methods by using high-throughput sequencing of all prokaryotic and eukaryotic genetic 

material in a water or sediment sample. Relative sequence abundance of taxa and detecting 

changes in alpha and beta diversity determined using eDNA was successful in monitoring 

environmental impacts from offshore oil drilling (Laroche et al. 2017). Instead, eRNA was 

considered to be too easily influenced by local ecological interactions and abiotic conditions 

to effectively reflect anthropogenic impacts on the ecosystem (Laroche et al. 2017). 

Sequencing both cDNA (RNA) and DNA marine environmental samples has been used in 

many studies examining bacterial abundance versus specific activity (Hunt et al. 2013; 

Brettar et al. 2012; Jones and Lennon 2010; Gentile et al. 2006; Mills et al. 2005), because 

it is a cost effective way to identify active bacteria by 16S amplicon sequencing.   
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5.1.3 The present study and hypotheses 

This study had 3 overall objectives: 

 

1. Monitor changes to the bacterial baseline in response to a mock crude oil spill, 

2. Identify a bacterial biological indicator of crude oil contamination, and 

3. Inform an environmental monitoring strategy using microbial communities. 

 

The experiment had two treatments, being (i) crude oil and (ii) polysaccharide. The 

purpose of the polysaccharide treatment was to be a less recalcitrant (than crude oil) 

substrate to observe a faster bacterial response and possibly an accelerated return to 

baseline conditions. Macondo light crude oil from the Deepwater Horizon oil well that was 

released in the Gulf of Mexico was used in the oil treated microcosms. Oil was added at a 

0.025% v/v to simulate a crude oil spill in marine water that generally gets dispersed to 

approximately 250 ppm, which is conducive to biodegradation by indigenous 

microorganisms using natural concentrations of nutrients (e.g. fertilization is not required to 

assist in effective biodegradation; Prince et al. 2017).  

DNA and RNA were extracted from microcosm subsamples over 300 days and 

sequenced. Alpha and beta diversity of the amplicon libraries were examined at different 

times during the experiment and statistical methods from the vegan ecological statistics 

package in R were applied to detect bacteria that are putative biological indicators of crude 

oil contamination. The results of this study could potentially be applied to the Atlantic Ocean 

for environmental monitoring in the event of oil contamination from offshore drilling 

activities. 
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It was hypothesized that the microcosm bacterial communities exposed to crude oil 

will be different after 300 days than the bacterial community at day 0, meaning there will 

not be a return to a similar taxonomic composition as to before contamination.  
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5.2. Materials and Methods 

5.2.1. Sample collection 

 Sediment was collected as part of the sampling expedition offshore Nova Scotia in 

2016 onboard CCGS Hudson using the methods described in Section 2.1. Seafloor surface 

sediment used to establish the microcosm experiment in this chapter was collected from 

station T (3260 m below sea level) in June 2016 using a box core that sampled the top 32 

cm of the seafloor (Figure 5.1). Sediment from three out of the four box core corners was 

collected in bulk for microcosm experiments by scooping (using sterile tools) into 3 separate 

plastic bags and sealing closed ensuring there were no visible air pockets and stored at 4°C 

until the microcosm experimental set-up one year later in June 2017. Sediment from station 

T was also subsampled from the surface (0 cm depth) in triplicate 2 mL screw-top tubes and 

immediately stored on board at -80°C to represent the in situ microbial community. These 

samples were only thawed prior to DNA extraction.   
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Figure 5.1. Geographical location of station T (3260 m below sea level) where box core 

sediment sample used in this chapter was collected offshore Nova Scotia in 2016. Station 

coordinates are provided in Table 2.1. 
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5.2.2. Microcosm experimental set up 

 Sediment from station T stored in plastic bags at 4°C was thoroughly homogenized 

by squishing the sealed bag, followed by stirring using an autoclaved stainless steel spatula 

sterilized with 10% bleach. The experiment was set up at room temperature in aerobic 

conditions and using aseptic technique. 30 g of sediment (the inoculum) was added to 

freshly autoclaved 200 mL serum bottles, followed by addition of 120 mL sterile artificial 

seawater medium. Each treatment and control was set up with biological replicates, 

meaning separate serum bottles with identical experimental conditions ran through the 

experiment together. Bottles were sealed using a butyl rubber stopper and crimp. 

The compositions of the trace mineral and vitamin solutions used to create the final 

artificial seawater medium are detailed in Table S5.1. The final preparation of the medium 

was based on a total volume of 4 L. 3,766 mL autoclaved MilliQ water was combined with 

60 g of salt (NaCl) and 40 mL of 100x salt stock solution (Table S5.1), followed by autoclave 

sterilization. After the solution cooled, components from the sterile stock solutions were 

aseptically added. 40 mL 100x phosphate stock, 8 mL trace mineral solution, 120 mL 1M-

concentration sodium bicarbonate (NaHCO3) solution, 8 mL vitamin solution, 4 mL Thiamine 

(vitamin B1) solution and 4 mL vitamin B12 solution were combined with the autoclaved salt 

solution (Table S5.1). The final step of the artificial seawater medium preparation was to 

adjust the pH to 7.3 using sterile 2M-concentration hydrochloric acid (HCl). 

 

5.2.2.1. Crude oil treatment 

Treatments, controls and number of replicates are detailed in Table 5.1.  
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Table 5.1. Treatments and controls included in the microcosm experiment and number of 

replicate bottles associated with each. Crude oil treatments, abiotic and subsampling effects 

controls had extra replicates set up for sacrifice at day 120 of the experiment for 

hydrocarbon extraction (data not included in this study). Replicates using sediment from 

corner A or B (described in Section 5.2.2.1) from station T are specified. Figure 5.2 is a 

visual representation of this table.  

 

Treatment or Control # replicates to run full 
duration of experiment 

# replicates for sacrificial 
freezing (day 120) 

Crude Oil treatment 3 x corner A sediment 
3 x corner B sediment 
 

3 x corner A 

Polysaccharide treatment 3 x corner A sediment 
 

NA 

Abiotic (sediment-free) 
control 
 

3  3 

Un-amended (oil-free) 
control 
 

3 x corner A sediment NA 

Killed (autoclaved) control 
 

3 x corner A sediment 0 

Subsampling Effects 
control  

3 x corner A sediment 3 x corner A sediment 

 

 

Crude oil treatments received 30 µL of Macondo crude oil in each replicate bottle (0.025% 

v/v; Prince et al. 2017). Six crude oil amended biological replicates were set-up using 

homogenized sediment from one of the three bags collected from station T, which is referred 

to as corner A (Figure 5.2). Three of these six replicates were sacrificed by freezing at 

sampling day 120 for future hydrocarbon extraction (not included in this study). Three more 
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crude oil biological replicates were set-up using homogenized sediment from a different bag, 

which is referred to as corner B. Triplicate bottles were set up using sediment from two 

separate corners of the box core to provide two scales of biological replicates, with the finer 

scale triplicates representing sediment from one corner, and the larger scale representing 

the whole box core.  
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Figure 5.2. Schematic of treatments and controls (as microcosm bottles) used in this 

experiment. Circles with numbers inside indicate the sampling day where either DNA (grey) 

or RNA (orange) amplicon libraries that were analyzed. Triplicate bottles that were sacrificed 

by freezing are indicated. 

 

 

 

 

Microcosm 
experimental set-up 

DNA RNA and 
sampling day 
amplicon libraries 

30 g sediment 
(Corner A) 

120 mL artificial 
seawater 

0.025 v/v oil 

Headspace  

Rubber stopper 
& seal 

(Corner B) 
(Corner A) 
Frozen: day 120 

Crude oil 

0 30 60 92 150 240 300 

0 30 150 300 

Polysaccharide 

0 30 60 92 150 240 300 

Un-amended 

0 30 60 92 150 240 300 

0 300 

Sampling effects Killed Abiotic 
0 300 

Frozen: day 120 Frozen: day 120 Frozen: day 120 
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5.2.2.2. Polysaccharide treatment 

The other treatment in this experiment received a polysaccharide blend for a final 

concentration of 1 mMol of carbon, which calculated to 2 mL of the 1x polysaccharide 

solution added to the 120 mL artificial seawater medium in each bottle. The polysaccharide 

blend included amylopectin, alginate, chitosan, chondroitin sulphate (A), dextran, lambda-

carrageenan and xathan, using polysaccharides from marine sources to act as a highly 

bioavailable source of energy for marine microorganisms, developed by Dr. Emil Ruff (Table 

4.2).  

 

 

Table 5.2. Polysaccharides used in making the 40x stock solution prior to dilution to 1x for 

addition to microcosm bottles. All polysaccharide powders were dissolved together in 250 

mL MilliQ water. 

Polysaccharide Mass (mg) 

Amylopectin 50 

Alginate 50 

Chitosan 50 

Chondroitin sulphate A 25 

Dextran 50 

#-carrageenan 25 

Xanthan 50 

 

 

To make the 1x polysaccharide solution, 25 mL of the 40x polysaccharide solution was 

aseptically added to 975 mL autoclaved MilliQ water. The polysaccharide treatment did not 

have any controls.  
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5.2.2.3. Controls 

Controls corresponding to the crude oil treatment were killed (autoclaved), un-

amended (no oil), subsampling effects (incubated without subsampling) and abiotic (no 

sediment inoculum). The killed and un-amended controls were set up as triplicates, and the 

subsampling effects and abiotic controls were set up with six replicates so three could be 

sacrificed by freezing after 120 days of incubation for hydrocarbon extraction (data not 

included in this study; Figure 5.2). Controls with inoculum used sediment only from station T 

corner A.  

During microcosm set-up, 120 mL of sterile artificial seawater and 30 µL of oil were 

added to abiotic control bottles. The un-amended control started with of 30 g of sediment 

from corner A and 120 mL sterile artificial seawater. Subsampling effects and killed control 

bottles had the same contents as the crude oil treatment bottles, being 120 mL sterile 

artificial seawater, 30 g sediment (from corner A) and 30 µL oil. The killed control was 

autoclave sterilized after set up on day 0.  

 

5.2.2.4. Incubation and subsampling 

Incubation took place at 4°C in the dark for the duration of the experiment to mimic 

deep-sea conditions (i.e. 3260 m below sea level at station T). All bottles were subsampled 

at day 0 immediately after experimental set up and subsampled every 30 days after (with 

the exception of subsampling and abiotic controls), being day 30, 92, 120, 150, 182, 210, 

240, 270 and 300, at which point the experiment was terminated (Table 5.3). Throughout 

this chapter, “day” or “time point” refers to one of the sampling days listed above. 
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Table 5.3. DNA and RNA amplicon libraries sequenced, indicated by check marks, from 

the microcosm experimental treatments and time points. No check mark (i.e. blank) 

indicates there was no DNA and/or RNA sequenced at the corresponding time point. 

Sampling Day Treatment/Control DNA Amplicon Library RNA Amplicon Library 
0 (Start) Crude oil !  !  
 Polysaccharide !   
 Un-amended !  !  
 Subsampling Effects !   
30 Crude oil !  !  
 Polysaccharide !   
 Un-amended !   
 Subsampling Effects   
60 Crude oil !   
 Polysaccharide !   
 Un-amended !   
 Subsampling Effects   
92 Crude oil !   
 Polysaccharide !   
 Un-amended !   
 Subsampling Effects   
120 Crude oil   
 Polysaccharide   
 Un-amended   
 Subsampling Effects   
150 Crude oil !  !  
 Polysaccharide !   
 Un-amended !   
 Subsampling Effects   
182 Crude oil   
 Polysaccharide   
 Un-amended   
 Subsampling Effects   
210 Crude oil   
 Polysaccharide   
 Un-amended   
 Subsampling Effects   
240 Crude oil !   
 Polysaccharide !   
 Un-amended !   
 Subsampling Effects   
270 Crude oil   
 Polysaccharide   
 Un-amended   
 Subsampling Effects   
300 (End) Crude oil !  !  
 Polysaccharide !   
 Un-amended !  !  
 Subsampling Effects !   
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Subsampling effects and abiotic controls were the exception to the subsampling 

schedule, only having sediment removed for sampling at day 0 and 300. The subsampling 

effects control was to test if removing sediment every 30 days had an impact on the 

bacterial community response to the crude oil treatment. At each time point, all bottles 

(including subsampling and abiotic controls) were measured for headspace oxygen 

concentrations (data not included) using gas chromatography (GC) to confirm that the 

microcosms were not anoxic. To keep the experiment aerobic, every bottle (including 

subsampling and abiotic controls) received a headspace gas exchange every 14 days by 

inserting two sterile needles into the rubber stopper and injecting 120 mL air using a sterile 

syringe through a 0.2µm filter through one of the needles.  

Crude oil, polysaccharide, un-amended and killed microcosm bottles were 

subsampled by first shaking the bottles to thoroughly homogenize the sediment and artificial 

seawater, followed by introducing a sterile needle attached to a sterile syringe to remove 2 

mL of sediment-seawater slurry. Extracted slurry was added to a 2 mL hinge-cap micro-

centrifuge tube and stored at -20°C until DNA extraction. Another 2 mL of slurry was 

subsampled from crude oil and un-amended bottles and added to a 15 mL conical tube with 

a screw-top lid filled with 6 mL of Lifeguard Soil Preservation Solution (Qiagen Company, 

Carlsbad, CA, USA). These conical tubes were then gently homogenized by inverting the tube 

with the sediment slurry and solution, followed by freezing at -20°C (as per the solution 

protocol) until RNA extraction.  
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5.2.3. DNA isolation, PCR amplif ication, l ibrary preparation and sequencing 

 Sediment slurry (2 mL) that was immediately frozen at -80°C after subsampling was 

thawed at room temperature for 1hr prior to DNA isolation using the methods described in 

Section 2.2. DNA isolated from crude oil, polysaccharide, and un-amended subsamples 

taken on day 0, 30, 60, 92, 150, 240 and 300 days of incubation were chosen for PCR 

amplification, library preparation and Illumina MiSeq sequencing using the methods 

described in Section 2.3. DNA (that was only collected on day 0 and 300) from subsampling 

controls was also sequenced.  

MetaAmp (Dong et al. 2017) was used to analyse the paired-end 16S rRNA gene 

amplicons from the in-house Illumina MiSeq sequencing using the same methods described 

in Chapter 2.4. All sequenced DNA amplicon libraries were included in a single MetaAmp 

analysis with the exception of one replicate. Crude oil replicate 2 (C2) at day 30 had less 

than 1000 reads, which was deemed too low to subsample all of the libraries to, therefore it 

was removed from the dataset. Reads for crude oil treatment amplicon libraries ranged from 

5,279 to 40,043 for a total of 1,457,846 sequence reads (Table S5.2). Polysaccharide 

treatment amplicon libraries ranged from 5,459 to 52,631 reads for a total of 523,950. Un-

amended controls ranged from 6,614 to 37,640 reads for a total of 541,050, and 

subsampling controls ranged from 5,992 to 41,135 reads for a total of 177,998. 

Minimum and maximum numbers of reads above include the 17 RNA amplicon 

libraries because they were incorporated in the MetaAmp analyses with their respective 

treatment or control (Table 5.3). Throughout this chapter, results from sequencing 

amplicons from extracted genomic DNA are referred to as DNA amplicon libraries. 
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5.2.4. RNA isolation, RT-PCR amplif ication, l ibrary preparation and 

sequencing 

5.2.4.1. RNA isolation 

 Sequencing amplicons from extracted RNA are referred to as RNA amplicon libraries 

throughout this chapter. Samples that were preserved for RNA isolation in Lifeguard 

Preservation Solution (Qiagen Company, Carlsbad, CA, USA) at the time of sampling were 

later thawed at room temperature for 1hr prior to RNA isolation. After thawing, the 15 mL 

conical tubes were centrifuged at 2,500 x g for 5 min to collect the sediment pellet that was 

approximately 1 g for all replicates. After centrifugation, the supernatant, a mixture of 

culture medium and Lifeguard Preservation Solution, was decanted.  

The RNA PowerSoil® Total RNA Isolation Kit (MoBio Laboratories, part of Qiagen 

Company, Carlsbad, CA, USA) was used to isolate the total RNA from the preserved samples 

following the manufacturer’s protocol with the exception of the bead-beating step, whereby 

the kit protocol called for cell lysis by vortexing but instead the same bead-beating method 

as used for DNA extraction was used. All of the following proprietary solutions and tubes 

described were provided in the RNA isolation kit with the exception of the 

phenol:chloroform:isoamyl alcohol blend that was made fresh the day of each RNA 

extraction using the ratio 25 parts purified phenol, 24 parts chloroform and one part isoamyl 

alcohol.  

The RNA isolation protocol began with transferring the 1 g of pelleted sediment to the 

15 mL bead tube (pre-filled with beads) provided in the kit, followed by the addition of 2.5 

mL of Bead Solution, 0.25 mL Solution S1, 0.8 mL Solution SR2 and 3.5 mL 

phenol:chloroform:isoamyl alcohol. Tubes were vortexed then underwent bead beating at 
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5.5 m/s for 45 s, followed by centrifugation at 2,500 x g for 10 min at room temperature. 

The upper aqueous phase was then removed using a micropipette and transferred to a 

clean 15 mL Collection Tube (conical tube). 1.5 mL of Solution SR3 was added to the 

aqueous phase in the fresh tube and vortexed to mix, followed by a 10 min incubation at 

4°C. The tubes were then centrifuged at 2,500 x g for 10 min at room temperature. The 

supernatant was decanted to a new 15 mL Collection Tube where 5 mL of Solution S4 was 

then added, followed by mixing by gently inverting the tube and then incubating at room 

temperature for 30 min. The incubation was followed by centrifugation at 2,500 x g for 30 

min at room temperature. After, the supernatant was decanted and the Collection Tube 

inverted on a UV-sterilized absorbent low-linting single-ply paper in a closed biosafety 

cabinet for 5 min. After drying, 1 mL Solution SR5 was added to the Collection Tube by 

micro-pipetting the solution up and down the side of the tube repeatedly to re-suspend the 

pellet. Next, the Solution SR5 containing the re-suspended pellet was added to gravity flow 

through a RNA Capture Column (pre-wetted with Solution SR5) hanging in a new 15 mL 

Collection Tube to collect the flow-through. After a final wash of the column with 1 mL of 

Solution SR5, the RNA Capture Column was added to a new 15 mL Collection Tube again. 1 

mL of Solution SR6 was added to the RNA Capture Column to elute the bound RNA into the 

new Collection Tube. The eluted RNA was then removed using a micropipette and 

transferred to a clean 2.2 mL Collection Tube. 1 mL of Solution SR4 was added before 

inverting once, incubating at -20°C for 10 min, followed by centrifugation at 13,000 x g for 

15 min at room temperature to collect the RNA pellet. The supernatant was decanted after 

centrifugation and the 2.2 mL Collection Tube was inverted on a UV-sterilized paper for 10 

min to air dry the pellet. Finally, the RNA was re-suspended by micro-pipetting up and down 

100 µL of Solution SR7 on the pellet.  
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5.2.4.2. DNase treatment and RNA quantification 

 The RNA isolation step was immediately followed by a DNA digestion step using the 

Turbo DNA-free Kit (Ambion, Thermo Fisher Scientific, Waltham, MA, USA) to ensure minimal 

genomic DNA carry-over into the RNA extract. In a 2 mL v-bottom micro-centrifuge tube, the 

entire eluted product from the RNA extraction (100 µL) was added, followed by the addition 

of 10 µL of the 10x Turbo DNase buffer and 1 µL Turbo DNase, both proprietary solutions 

provided with the kit. These tubes were then mixed by gently vortexing for 3 seconds, 

followed by a 37°C incubation for 25 min. After the incubation, 10 µL of the DNase 

Inactivation Reagent was added. The samples was then incubated for 5 min at room 

temperature and mixed by gently flicking after every minute of the incubation. The samples 

were centrifuged at 10,000 x g for 1.5 min to collect a pellet. Avoiding the pellet, the 

supernatant was micro-pipetted out of the tube and transferred to a clean 2 mL micro-

centrifuge tube. The DNase treatment was followed by RNA quantification using the Qubit 

Fluorometer (Invitrogen by Life Technologies, Carlsbad, CA, USA) as per the Qubit RNA HS 

Assay Kit protocol (same as the Qubit DNA assay protocol in Section 2.3).  

 

5.2.4.3. Reverse transcription polymerase chain reaction (RT-PCR) 

 A one-step reverse transcription and polymerase chain reaction (RT-PCR) kit (Qiagen 

Company, Carlsbad, CA, USA) was used to transform the single stranded RNA into double 

stranded complimentary DNA (cDNA) for amplicon sequencing (Figure 5.3). The RT-PCR 

reaction mix consisted of 10 µL of template RNA, 10 µL 5x Qiagen OneStep RT-PCR Buffer, 2 

µL dNTP Mix, 2 µL Qiagen OneStep RT-PCR Enzyme Mix, 10 µL sterile RNase-Free water 

(provided in the kit) and 3 µL of both forward and reverse 16S rRNA gene PCR primers. The 
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same primers targeting the V3-V4 region (341F/785R) of the 16S gene, modified to include 

the Illumina overhang sequencing adapters (Table S3.1) at a concentration of 10 µM. All 

reaction components were included in one tube per sample, vortexed, then inserted into the 

thermocycler that performed the entire RT-PCR reaction in one step using the following 

conditions: 50°C for 30 min, 95°C for 15 min, 25 cycles (94°C for 30 sec; 55°C for 45 sec; 

72°C for 60 sec) and a final elongation period of 72°C for 10 min. RT-PCR products were 

run on a 1% agarose gel to confirm amplicons of the expected size as described in Section 

2.3.  
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Figure 5.3. A schematic of the one-step reverse transcription polymerase chain reaction 

that transforms single stranded RNA into double stranded complementary DNA (cDNA) 

amplicons.  
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5.2.5. Alpha diversity analysis 

 Shannon diversity from subsampled DNA and RNA amplicon libraries included in the 

MetaAmp output was imported to Excel and organized by treatment and sampling day. The 

subsampling strategy was described in Section 5.2.3. This data was then imported into the 

statistical package R, where Analysis of Variance (ANOVA) was used to determine if the 

Shannon index was statistically significant between sampling days within treatments (Table 

5.4). Tukey’s Honest Significant Difference (TukeyHSD) post-hoc test was run on statistically 

significant (p<0.05) ANOVA results. 

 

 

Table 5.4. Grouping of treatments and sample days used for testing comparisons of alpha 

diversity based on the Shannon diversity index.  

 

Treatment/Control Amplicon Library Sampling Day Statistical Test 
Crude Oil DNA 0, 30, 60, 92, 

150, 240, 300 
 

ANOVA 

Polysaccharide DNA 0, 30, 60, 92, 
150, 240, 300 
 

ANOVA 

Un-amended DNA 0, 30, 60, 92, 
150, 240, 300 
 

ANOVA 

Crude Oil RNA 0, 30, 150, 300 
 

ANOVA 

Sampling Effects & 
Crude Oil 
 

DNA 0, 300 t-test at each time 
point 

Crude oil DNA & RNA 0, 30, 150, 300 t-test at each time 
point 
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 Shannon diversity between the subsampling control and crude oil treatment was 

compared at the two time points where data was collected for the subsampling control, 

being day 0 and 300, using a Welch’s two sample t-test with the following code in R: 

>t.test ( SamplingEffects.Day0 , CrudeOil.Day0  )  

The same t-test was used to compare the Shannon index between crude oil DNA and RNA 

amplicon libraries at each time point with RNA data (i.e. days 0, 30, 150 and 300). 

 

5.2.6. Beta diversity analysis and amplicon l ibrary subsampling 

 Subsampled OTU tables were exported from MetaAmp and imported to R with an 

associated metadata file that grouped samples by sampling day, treatment and library type 

(DNA or RNA). Amplicon libraries across treatments and controls had similar numbers of 

reads and no subsampling less than 5,279 reads occurred (Table S5.2). For comparisons 

across multiple treatments or controls, amplicon libraries were subsampled to whichever 

had the lowest number of reads. Crude oil DNA and RNA amplicon libraries were 

subsampled to 5,279 reads, un-amended DNA and RNA amplicon libraries to 6,614 reads, 

polysaccharide DNA amplicon libraries to 5,459 and subsampling control DNA amplicon 

libraries to 5,992 reads.  

The ecological statistics package vegan, in R, was used to analyze differences in beta 

diversity using the Bray-Curtis Dissimilarity Index described in Section 4.2.3. Briefly, 

Permutational Analysis of Variance (PERMANOVA) with 1000 permutations was used to test 

for statistically significant differences (p<0.05) in beta diversity between time points within 

treatments or controls using the adonis command (Table 5.5).  
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Table 5.5. Grouping of treatments and sample days used to for statistically testing beta 

diversity (using Bray-Curtis dissimilarity). 

 

Treatment/Control Amplicon Library Sampling Day Statistical Test 
Crude Oil DNA 0, 30, 60, 92, 

150, 240, 300 
 

PERMANOVA  

Polysaccharide DNA 0, 30, 60, 92, 
150, 240, 300 
 

PERMANOVA 

Un-amended DNA 0, 30, 60, 92, 
150, 240, 300 
 

PERMANOVA 

Crude Oil RNA 0, 30, 150, 300 
 

PERMANOVA 

Subsampling 
Effects & Crude Oil 
 

DNA 0, 300 PERMANOVA 

Crude oil DNA & RNA 0, 30, 150, 300 PERMANOVA & simper 
 

 

Beta-diversity was visualized using Bray-Curtis dissimilarity, which was calculated in 

MetaAmp and provided in the output as axes representing each sample that was plotted in 

non-metric multidimensional scaling (NMDS) space. The NMDS plots were created in Excel 

and the plot stress was calculated in R using the metaMDS command. 

Similarity Percentages (simper, Clarke 1993), a function in vegan, was used to detect 

OTUs that were highly contributing to the Bray-Curtis dissimilarity based on 999 

permutations, using the same method and command described in Section 4.2.3.  
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5.2.7. Indicator species analysis 

 The multipatt command, part of the indicspecies function in vegan was used to 

identify indicator OTUs of different time points in the crude oil treatment (De Cácares and 

Legendre 2009). multipatt outputs a list of OTUs highly associated to particular time points 

using an abundance-based point biserial generalized correlation coefficient (“r.g” part of the 

command below). This method creates clusters based on the chosen criteria, in this case 

being sampling day, and compares the abundance of each OTU in the cluster to the overall 

(un-clustered) input matrix of OTU relative sequence abundance. OTUs with the highest 

association to a certain cluster have the highest correlation coefficient and are considered 

to be highly associated with the sampling day. The command used in R was based on the 

subsampled OTU table: 

>multipatt ( OTU.table, Metadata, func = Òr.gÓ)  

Crude oil time points of interest were day 30, 150 and 300 of the experiment because day 

30 represents the first sampling point after experimental set up and would identify OTUs 

likely associated with the immediate input of crude oil contamination. Day 150 is the 

halfway point in the experiment and would detect OTUs representing the bacterial 

succession after initial response to crude oil contamination. Day 300 was the final time 

point of the experiment and OTUs related to bacteria in the late stages of a crude oil 

contamination community succession would likely stand out using this analysis.  
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5.3. Results 

5.3.1. Microcosm alpha diversity over 300 days  

5.3.1.1. Crude oil DNA amplicon libraries 

 Alpha diversity using the Shannon diversity index was examined independently for 

each microcosm experimental treatment and control. For crude oil, polysaccharide and un-

amended bottles, there were seven time points with corresponding DNA amplicon libraries 

(i.e. day 0, 30, 60, 92, 150, 240, 300).  

ANOVA (df=6) revealed that Shannon diversity across crude oil DNA amplicon libraries at 

different time points was significantly different (p<0.001; Table 5.6). TukeyHSD indicated 

that the Shannon index in crude oil DNA amplicon libraries significantly decreased between 

day 0 and 30 from 6.1 to 3.3 (p<0.0001 Figure 5.4).  
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Table 5.6. ANOVA summary statistics of alpha diversity compared across time points (day) 

and molecule (DNA or RNA) within microcosm treatments and controls. TukeyHSD post-hoc 

statistics are described throughout Section 5.3.1. A p-value less than the statistically 

significant cut-off of 0.05 is indicated by asterisks based on their level of significance. A p-

value less than 0.05 is indicated by one asterisks (*), less than 0.01 by two asterisks (**) 

and less than 0.001 by 3 asterisks (***). 

 

Treatment Molecule Day Statistical 
test 

p-value 

Crude oil DNA 0, 30, 60, 
92, 150, 
240, 300 
 

ANOVA ***0.0000000000857 

Polysaccharide DNA 0, 30, 60, 
92, 150, 
240, 300 
 

ANOVA ***0.000000154 

Un-amended 
(control) 

DNA 0, 30, 60, 
92, 150, 
240, 300 
 

ANOVA 0.468 

Crude oil RNA 0, 30, 150, 
300 
 

ANOVA ***0.00000245 

Sampling 
effects & Crude 
oil 
 

DNA 0, 300 t-test at each 
time point 

0.391 (day 0) 
0.8369 (day 300) 

Crude oil DNA & 
RNA 

0, 30, 150, 
300 

t-test at each 
time point 

0.3661 (day 0) 
*0.01575 (day 30) 
***0.0000823 (day 150) 
**0.006055 (day 300) 
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Figure 5.4. Shannon index (alpha diversity; x axis) at each sampling time point (y axis) of 

crude oil treatment DNA amplicon libraries (grey), crude oil RNA amplicon libraries (orange), 

un-amended (pink), polysaccharide (green) and subsampling effects (blue) DNA amplicon 

libraries. Refer to Table 5.3 for number of replicates per sampling day. 

 

Crude oil DNA Shannon diversity remained at 4.0 after day 30, therefore the remaining time 

points (i.e. day 60, 92, 150, 240, 300) had a significantly lower Shannon index when 

compared to day 0 (TukeyHSD p<0.001), but were not significantly different to each other.  
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One replicate bottle (C2) had a Shannon index of 3.0 at day 0, which did not follow 

the same trend of the other replicates. C2 at day 30 was unsuccessful during DNA amplicon 

sequencing, therefore was not included in analyses (but this replicate is included after day 

30; refer to Section 5.2.3). C2 begins began to show similar trends in Shannon diversity 

compared to the other replicates starting at day 60. 

  

5.3.1.2. Crude oil RNA amplicon libraries 

 ANOVA (df=3) yielded a significant difference in Shannon diversity in crude oil RNA 

amplicon libraries (p<0.001; Table 5.6). TukeyHSD post-hoc analysis determined that 

Shannon diversity is significantly lower at day 30, 150 and 300 compared to day 0 

(p<0.00001). Shannon diversity between day 30 and 150, 30 and 300 and 150 and 300 

was not significantly different. Alpha diversity in crude oil RNA amplicon libraries followed 

the same trend as the DNA amplicon libraries, except for diversity in RNA amplicon libraries 

remained as low as 2.0 after day 0 in the RNA libraries instead of 3.0 in DNA libraries 

(Figure 5.4).  

 

5.3.1.3. Polysaccharide, un-amended and subsampling effects  

Both polysaccharide and un-amended DNA amplicon libraries showed a similar 

Shannon index trend to each other by remaining high throughout the duration of the 

experiment, which was different than crude oil treated microcosms (Figure 5.4). ANOVA (df 

=6) determined that the small and gradual decrease in Shannon diversity over time for the 

polysaccharide treatment was significant (p<0.05) between day 0 and 30 (TukeyHSD 

p<0.05) as well as day 0 and the remaining time points (TukeyHSD p<0.01; Table 5.6; 



 155 

Figure 5.4), but not between the remaining time points. Overall, the polysaccharide 

treatment Shannon index decreased from 6.1 starting at day 0 to 5.6 by day 300. 

Shannon diversity in the un-amended control ranged from 6.2 at day 0 to 5.4 by day 

300, which is a larger decrease than the polysaccharide treatment but was more gradual 

over time. ANOVA (df=6) did not determine this change to be significantly different 

(p=0.468; Table 5.6; Figure 5.4).  

 Welch’s Two Sample t-test determined that day 0 (df=5.01, p=0.391) and 300 

(df=3.98, p=0.837), Shannon alpha diversity was not significantly different between 

subsampling controls and crude oil treatments (Table 5.6; Figure 5.4). Subsampling effects 

bottles were not sampled for the duration of the experiment and were observed to follow the 

same trend in alpha diversity as the crude oil bottles by both ending the experiment with a 

Shannon index of 3.0.  

 

5.3.1.4. Crude oil DNA and RNA amplicon libraries 

Welch’s Two Sample t-test revealed no significant difference in Shannon alpha 

diversity between crude oil DNA and RNA amplicon libraries at day 0 (df=5.40, p=0.366, 

Table 5.6; Figure 5.4). However, Shannon diversity was significantly lower in RNA amplicon 

libraries compared to DNA amplicon libraries at day 30 (p<0.05), 150 (p<0.001) and 300 

(p<0.01). DNA Shannon diversity ranged between 3.4 – 3.7, while RNA Shannon diversity 

ranged between 2.2 – 2.5).  
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5.3.2. Changes in beta diversity and the OTUs responsible  

5.3.2.1. Bray-Curtis dissimilarity 

 Non-metric multidimensional scaling (NMDS) plots were used to visualize the Bray-

Curtis dissimilarity (Figure 5.5). PERMANOVA determined that the bacterial community Bray-

Curtis dissimilarity was significantly different between all time points for all treatments 

(p<0.001; Figure 5.5A-D). Crude oil treatment replicates that used sediment from box core 

corner A (Figure 5.5A) followed a similar trend in beta diversity over time as corner B from 

the same box core (Figure 5.5B), with the differences being that corner B sediment results in 

amplicon libraries clustering together sooner at day 92 compared to corner A sediment, 

which clusters at day 150. 
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Figure 5.5. Non-metric multidimensional scaling (NMDS) plots of Bray-Curtis dissimilarity 

(beta diversity; stress for A-D=0.0000348). Each point represents an amplicon library from 

sampling day 0 (light blue), day 30 (light green), day 60 (yellow), day 92 (pink), day 150 

(dark blue), day 240 (red) and day 300 (dark green) of the microcosm experiment. A: DNA 

(circles) and RNA (squares) amplicon libraries from the crude oil treatment with corner A 

sediment. B: DNA (circles) amplicon libraries from the crude oil treatment with corner B 

sediment. C: DNA amplicon libraries from the crude oil treatment (circles) and subsampling 

effects control (SE; triangles) D: DNA (circles) and RNA (squares) amplicon libraries from the 

un-amended control.  

 

RNA amplicon libraries in Figure 5.5A group slightly away from the DNA amplicon libraries for 

their corresponding time points (0, 30, 150 and 300), but RNA and DNA libraries follow the 

same trend in beta diversity over time. By day 300, DNA and RNA amplicon libraries group 

closely together compared to day 0.  

Subsampling control replicates cluster with the sampled crude oil treatment 

replicates at day 0 and day 300, indicating that beta diversity remained similar at these time 

points regardless of subsampling effects (Figure 5.5C). Un-amended control RNA amplicon 

libraries are slightly different than the corresponding DNA amplicon libraries, but show a 

similar trend to each other (Figure 5.5D). One un-amended DNA amplicon library replicate at 

day 30 groups away from the others but returns to having similar beta diversity again at day 

60. One of the RNA amplicon library replicates (different than the one corresponding to the 

DNA amplicon library described in the previous sentence) at day 300 groups away from the 

others and instead groups closer to the DNA amplicon libraries at day 300. The simplest and 

likely explanation is due to biological variability at the microbial scale.  



 159 

5.3.2.2. Crude oil OTU beta diversity trends determined by simper 

Similarity percentage (simper) revealed the top five OTUs responsible for differences 

in crude oil beta diversity between day 0 and 30, day 0 and 150, day 150 and 300 and day 

0 and 300 (Table 5.7). Between day 0 and 30, three out of the top five OTUs were classified 

in the family Colwelliaceae (OTU 1, 17 and 28), and the other two OTUs were classified in 

the family Oceanospirillaceae (OTU 8 and 20), which are both members of the class 

Gammaproteobacteria. Between day 0 and 150, day 150 and 300 and day 0 and 300, the 

top 5 OTUs are most often classified in the family Arenicellaceae (OTU 5 and 14), 

Porticoccaceae (OTU 11), Alcanivoracaceae (OTU 7; all members of the class 

Gammaproteobacteria) and Rhodobacteraceae (OTU 6; Alphaproteobacteria; Table 5.7).  
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Table 5.7. Similarity percent (simper) results showing the top five OTUs with the highest 

average dissimilarity between the sampling days compared based on DNA amplicon libraries 

from the crude oil treatment. Average contribution refers to the % amount that the OTU is 

contributing to the dissimilarity between the two time points being compared.  

 

Comparison 
between 
days 

OTU Average 
contribution 
(%) 

Class Family 

0 – 30 OTU 1 7.4 Gammaproteobacteria Colwelliaceae 
 OTU 17 7.2 Gammaproteobacteria Colwelliaceae 
 OTU 8 5.3 Gammaproteobacteria Oceanospirillaceae 
 OTU 20 3.8 Gammaproteobacteria Oceanospirillaceae 
 OTU 28 

 
1.9 Gammaproteobacteria Colwelliaceae 

0 – 150 OTU 11 5.2 Gammaproteobacteria Porticoccaceae 
 OTU 5 3.1 Gammaproteobacteria Arenicellaceae 
 OTU 6 2.8 Alphaproteobacteria Rhodobacteraceae 
 OTU 14 2.5 Gammaproteobacteria Arenicellaceae 
 OTU 9 

 
2.4 Gammaproteobacteria SS1-B-06-26 

150 – 300 OTU 7 4.2 Gammaproteobacteria Alcanivoracaceae 
 OTU 5 3.2 Gammaproteobacteria Arenicellaceae 
 OTU 6 2.7 Alphaproteobacteria Rhodobacteracea 
 OTU 9 2.4 Gammaproteobacteria SS1-B-06-26 
 OTU 2 

 
2.3 Gammaproteobacteria Piscirickettsiaceae 

0 – 300 OTU 5 5 Gammaproteobacteria Arenicellaceae 
 OTU 7 4.2 Gammaproteobacteria Alcanivoracaceae 
 OTU 11 4.1 Gammaproteobacteria Porticoccaceae 
 OTU 6 2.5 Alphaproteobacteria Rhodobacteraceae 
 OTU 14 2.2 Gammaproteobacteria Arenicellaceae 
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Top OTUs in the day 0 to 30 crude oil RNA amplicon library simper comparison are 

slightly different than what was detected in the DNA amplicon libraries between day 0 and 

30, which were OTUs classified in the families Alcanivoracaceae (OTU 7), Arenicellaceae 

(OTU 5), Piscirickettsiaceae (OTU 2) and Rhodobacteraceae (OTU 6; Table 5.8). It is notable 

that the same OTUs are detected as in the DNA amplicon library simper analysis, but not in 

the same time point comparisons. No OTUs classified as Colwelliaceae were in the top five 

OTUs contributing to dissimilarity between day 0 and 30 in the RNA amplicon libraries, 

rather OTUs classified in this family were more frequently detected in the comparisons 

between day 0 and 150, day 150 and 300 and day 0 and 300. The top OTUs contributing to 

dissimilarity between days 0 to 150, 150 to 300 and 0 to 300 RNA amplicon libraries 

belong to the families Colwelliaceae (OTU 1 and 17), Porticoccaceae (OTU 11), 

Oceanospirillaceae (OTU 8 and 20), Piscirickettsiaceae (OTU 2; all members of the class 

Gammaproteobacteria) and Rhodobacteraceae (OTU 6; Alphaproteobacteria).  
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Table 5.8. Similarity percent (simper) results showing the top five OTUs with the highest 

average dissimilarity between the sampling days compared based on RNA amplicon libraries 

from the crude oil treatment. Average contribution refers to the % amount that the OTU is 

contributing to the dissimilarity between days compared. 

 

Comparison 
between 
days 

OTU Average 
contribution 
(%) 

Class Family 

0 – 30 OTU 7 3.6 Gammaproteobacteria Alcanivoracaceae 
 OTU 6 2.8 Alphaproteobacteria Rhodobacteraceae 
 OTU 5 2.8 Gammaproteobacteria Arenicellaceae 
 OTU 9 2.4 Gammaproteobacteria SS1-B-06-26 
 OTU 2 

 
2.3 Gammaproteobacteria Piscirickettsiaceae 

0 – 150 OTU 17 7.2 Gammaproteobacteria Colwelliaceae 
 OTU 1 6.9 Gammaproteobacteria Colwelliaceae 
 OTU 11 5.2 Gammaproteobacteria Porticoccaceae 
 OTU 8 4.8 Gammaproteobacteria Oceanospirillaceae 
 OTU 20 

 
3.8 Gammaproteobacteria Oceanospirillaceae 

150 – 300 OTU 8 5.8 Gammaproteobacteria Oceanospirillaceae 
 OTU 2 5 Gammaproteobacteria Piscirickettsiaceae 
 OTU 11 4.4 Gammaproteobacteria Porticoccaceae 
 OTU 1 3.4 Gammaproteobacteria Colwelliaceae 
 OTU 6 

 
2.6 Alphaproteobacteria Rhodobacteraceae 

0 – 300 OTU 11 5 Gammaproteobacteria Porticoccaceae 
 OTU 8 4.8 Gammaproteobacteria Oceanospirillaceae 
 OTU 1 3.9 Gammaproteobacteria Colwelliaceae 
 OTU 2 3.9 Gammaproteobacteria Piscirickettsiaceae 
 OTU 17 3.2 Gammaproteobacteria Colwelliaceae 
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5.3.3. Changes in bacterial community taxonomy in response to mock crude 

oil  spil l  

OTUs were grouped together by phylum, class and family by summing the reads 

across the OTUs classified into these levels of taxonomy and transforming into percent (%) 

relative sequence abundance. At the phylum level, Proteobacteria dominated the amplicon 

libraries ranging from 60-98% relative sequence abundance (Figure 5.6). While most phyla 

are decreasing in relative sequence abundance from day 0 to 300, Bacteroidetes are 

increasing, ranging from 2.7 – 9.9% across crude oil DNA and RNA amplicon library 

replicates to 7.4 – 20.1% at day 300.  

At the class level of taxonomy, Gammaproteobacteria dominate throughout both 

crude oil DNA and RNA amplicon libraries and increase from 30% at day 0 to 50% by day 

300 (Figure 5.7). 
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Figure 5.6. Relative sequence abundance (%, bubble size) of phyla in the crude oil 

treatment DNA and RNA amplicon libraries (x axis) through time. 
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Figure 5.7. Relative sequence abundance (%, bubble size) of classes in the crude oil 

treatment DNA and RNA amplicon libraries (x axis) through time. 

 

 

Members of the Flavobacteriia class also increase from 1% relative sequence abundance at 

day 0 up to 22% at day 300 in DNA and amplicon libraries. In contrast, Deltaproteobacteria 

are in high relative abundance at day 0 (16%) but decrease to 1% by day 300. Acidobacteria 

and Acidimicrobiia also decrease between day 0 to day 300 from 6% to <1% and 4% to 

<1%, respectively. Alphaproteobacteria relative sequence abundances are stable through 

sampling times in DNA amplicon libraries but are noticeably higher in RNA amplicon libraries 

sampled at day 30 (61-77% in the RNA amplicon libraries compared to 5-14% across 

replicates in the DNA libraries) and day 150 (54 – 60% in the RNA amplicon libraries 

compared to 16 – 34% across replicates in the DNA libraries).  

 At the family level, JTB255 (class: Gammaproteobacteria), Rhodospirillaceae (class: 

Alphaproteobacteria) and OM1 (class: Acidimicrobiia) show an obvious decrease in relative 

sequence abundance through time in both DNA and RNA amplicon libraries after starting as 

some of the most abundant families (Figure 5.8).  
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Figure 5.8. Relative sequence abundance (%, bubble size) of families in the crude oil 

treatment DNA and RNA amplicon libraries (x axis) through time.  

 

 

JTB255 decreases from 14% to less than 1% relative sequence abundance from day 0 to 

day 300, Rhodospirillaceae from 10% to less than 1% and OM1 from 3% to less than 1%. 

The JTB255 family shows some small differences between the DNA and RNA amplicon 

libraries, being that the DNA amplicon libraries have the higher relative abundances 

compared to the RNA libraries beginning at day 150 and continuing to day 300.  

There is a clear pattern of bacterial community succession over time observed with 

the families Oceanospirillaceae and Colwellia (both of the class Gammaproteobacteria). 

Both are in low relative sequence abundance in the RNA and DNA libraries at day 0 (1%), 

sharply increase at days 30 (15-50% across replicates), 60 and 92, and then decrease to 

abundances similar to day 0 after day 150 (less than 10%) until the end of the experiment. 

Rhodobacteraceae (class: Alphaproteobacteria) sharply increased in only the RNA amplicon 

libraries at day 30 (45 – 65%) and then decreased in following time points. However, this 

family still remained in higher abundance (10%) than at day 0 (less than 1%) in both RNA 

and DNA libraries after day 30. There is a gradual increase in the families Flavobacteriaceae 

(class: Flavobacteriia) (1% between day 0 to 150, then up to 22% at day 300), 

Arenicellaceae (less than 1% between day 0 to 150, then up to 22% at day 300) and 

Alcanivoracaceae (both Gammaproteobacteria; less than 1% between day 0 and 150, then 

up to 48% at day 300) from day 150 to 300. In particular, Alcanivoracaceae had much 

higher relative abundances in the RNA amplicon libraries (33 – 48%) at day 300 compared 

to the DNA libraries at the same time point (less than 1%). 
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 It must be noted that replicate C2 (discussed earlier in this this chapter) shows a 

different microbial community compared to the other biological replicates at the phylum, 

class and family level up until day 60 when considering only the DNA amplicon libraries. 

Curiously, the RNA amplicon libraries from the replicate bottle C2 appears similar to the 

other entire DNA and RNA amplicon library C2 replicates through time. 

 

5.3.4. Identifying a biological indicator bacteria of crude oil  

 The indicspecies function in R was used to elucidate which OTUs are indicators of 

certain time points in the crude oil treatment. The purpose was to highlight taxa through the 

bacterial succession in response to contamination that indicate different levels of 

succession. Of particular interest were the indicator OTUs at day 30 and day 300, which are 

being considered the early and late stages of bacterial community succession, respectively.  

 The crude oil treatment DNA amplicon libraries at day 0 had 730 OTUs that were 

indicators of the baseline bacterial community. For day 30, 14 OTUs were listed as 

indicators of this time point, with three of the top five OTUs being classified in the family 

Colwelliaceae, one OTU classified as Oceanospirillaceae (both of the class 

Gammaproteobacteria) and the family NS72 of the class Acidobacteria (Table 5.9).  
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Table 5.9. Top five OTUs (determined by the highest statistical value of the multipatt 

function) detected as indicators of either day 0 or day 300 of the crude oil treatment based 

on DNA amplicon libraries. 

 

Day OTU p-value Class Family 
30 OTU 20 0.005 Gammaproteobacteria Oceanospirillaceae 
 OTU 28 0.005 Gammaproteobacteria Colwelliaceae 
 OTU 160 0.005 Gammaproteobacteria Colwelliaceae 
 OTU 799 0.005 Acidobacteria NS72 
 OTU 4091 0.005 Gammaproteobacteria Colwelliaceae 

 
300 OTU 417 0.005 Alphaproteobacteria Rhodobiaceae 
 OTU 2056 0.005 OPB35 NA 
 OTU 919 0.005 Alphaproteobacteria Rhodobacteraceae 
 OTU 877 0.005 Alphaproteobacteria Rhodospirillaceae 
 OTU 54 0.005 Gammaproteobacteria SS1-B-06-26 
 

 

Day 300 had 13 OTUs listed as indicators; with the top five OTUs all classified as different 

taxonomy, being of the families Rhodobiaceae, Rhodobacteraceae, Rhodospirillaceae (all of 

the class Alphaproteobacteria), SS1-B-06-26 (class: Gammaproteobacteria) and the class 

OPB35 (phylum: Verrucomicrobia).  

 RNA amplicon libraries from the crude oil treatment overall had less indicator OTUs 

compared to the DNA amplicon libraries, which is consistent with the observations of lower 

diversity at the RNA level. 636 OTUs were indicators of day 0, 7 OTU indicators of day 30 

and 12 OTU indicators of day 300. The top five indicator OTUs from day 30 are classified in 

the families Oceanospirillaceae, Cellvibrionaceae, Piscirickettsiaceae (all members of the 

Gammaproteobacterial class), Sphingomonadales-Incertae-Sedis (Alphaproteobacteria) and 

the other OTU was only classified in the Proteobacteria phylum (Table 5.10).  
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Table 5.10. Top five OTUs (determined by the highest statistical value of the multipatt 

function) detected as indicators of either day 0 or day 300 of the crude oil treatment based 

on RNA amplicon libraries. 

 

Day OTU p-value Class Family 
30 OTU 20 0.015 Gammaproteobacteria Oceanospirillaceae 
 OTU 282 0.001 Gammaproteobacteria Cellvibrionaceae 
 OTU 70 0.001 Gammaproteobacteria Piscirickettsiaceae 
 OTU 3105 0.015 (Phylum:Proteobacteria) NA 
 OTU 275 0.040 Alphaproteobacteria Sphingomonadales-

Incertae-Sedis 
 

300 OTU 1111 0.015 (Phylum:Verrucomicrobia) NA 
 OTU 7 0.005 Gammaproteobacteria Alcanivoracaceae 
 OTU 4577 0.010 (Phylum: Proteobacteria) NA 
 OTU 19 0.010 Alphaproteobacteria Temperatibacteraceae 
 OTU 462 0.035 Verrucomicrobiae DEV007 
 

 

For day 300 in the RNA amplicon libraries, two of the top five OTUs were classified only at 

the phylum level of taxonomy, being Verrucomicrobia and Proteobacteria. The other top 

OTUs were classified in the family Alcanivoracaceae (class: Gammaproteobacteria), 

Temperatibacteraceae (class: Alphaproteobacteria) and DEV007 (class: Verrucomicrobia).  

 

5.3.5. Comparing the 2016 Scotian Slope baseline to bacterial communities 

from the mock crude oil  spil l  

 Amplicon libraries from the 2016 Scotian Slope included in Chapter 4 (referred to as 

the baseline throughout this section) were analyzed with the crude oil microcosm treatment 

DNA amplicon libraries (referred to as microcosm samples throughout this section) at day 0, 
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30, 150 and 300. The purpose of this comparison was to explore if the bacterial 

communities that were being impacted by the crude oil spill under experimental conditions 

would have detectable differences in composition compared to the established baseline. It 

is important to note that the baseline samples were frozen at -80°C immediately after 

sampling at sea, whereas the microcosm samples were stored at 4°C for one year prior to 

DNA extraction. This analysis has the potential to address whether or not the bacterial 

community composition in microcosms at day 0 is similar to the pre-spill baseline bacterial 

community composition. Impacts of sediment storage conditions will be investigated in the 

next section (5.3.6) of this chapter. 

Comparing Bray-Curtis dissimilarity (beta diversity) between amplicon libraries using 

non-metric multidimensional scaling (NMDS) was the strategy used to observe differences 

the bacterial community structures. At day 0, microcosm samples in Figure 5.9A are very 

similar to the majority of the baseline samples, grouping together in NMDS space, with the 

exception of the biological replicate C2. 
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Figure 5.9. Non-metric multidimensional scaling (NMDS) of Bray-Curtis dissimilarity (beta 

diversity) index between the microcosm (circles) and 2016 Scotian Slope baseline samples 

(squares; Section 4.3.5) at A: day 0 of the microcosm experiment (pink circles; stress = 

0.000075), B: day 30 (light green circles; stress = 0.061), C: day 150 (yellow circles; stress 

= 0.061) and D: day 300 (orange circles; stress = 0.053). 

 

 

PERMANOVA indicated that the Bray-Curtis beta diversity of the microcosm samples is 

significantly different than the baseline samples (p<0.01) at day 0, which may be due to 

storage effects. By day 30, 150 and 300, microcosm samples are clearly grouping away 

from the rest of the baseline samples (Figures 5.9B-D) and PERMANOVA revealed that this 

difference is significant at all three time points (p<0.001).  

 Microcosm samples group furthest away from station N of the baseline samples at 

day 0 (Figure 5.9A). At day 30, when the microcosm samples have developed a much 

different beta diversity (Figure 5.5A), and accordingly group away from the Scotian Slope 

baseline samples, stations M, N and O are the baseline stations closest to microcosm 

samples out of the cluster of baseline samples (Figure 5.9B). This same trend with stations 

M, N and O, is observed at day 150 (Figure 5.9C) and day 300 (Figure 5.9D), where the 

baseline samples group in a circular shape with these three stations on the edge closest to 

the microcosm samples. This indicates that these stations have a lower Bray-Curtis 

dissimilarity to the microcosm samples compared to all of the other baseline samples.  
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5.3.6. Impacts of different sediment storage conditions on the bacterial 

community composition 

 Possible storage effects on sediment from Station T that was used in the microcosm 

experiment was investigated by comparing the DNA amplicon libraries collected from this 

station stored immediately on board the ship at either -80°C (for the work described in 

chapter 4) or 4°C (for the experiment described in chapter 5). The Shannon index was used 

to compare alpha diversity between the triplicate amplicon libraries from 4°C sediment and 

13 replicates of sediment that was stored at -80°C. A Welch’s two-sample t-test revealed 

that the Shannon diversity between the two storage conditions was significantly different 

(p<0.001). The Shannon index of the 4°C sediment was higher at 5.8 compared to the -

80°C, which had a Shannon index ranging from 5.5 – 5.7 across the 13 replicates.  

 Samples were plotted in an NMDS plot based on their Bray-Curtis dissimilarity to 

compare the differences in beta diversity between storage temperatures (Figure 5.10). 
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Figure 5.10. Non-metric multidimensional scaling (NMDS) of Bray-Curtis dissimilarity (beta 

diversity) index between DNA amplicon libraries from sediment stored at 4°C for one year 

prior to sequencing (pink circles) compared to sediment immediately stored at -80°C after 

sampling prior to sequencing (green squares) (stress = 0.095). 

 

 

PERMANOVA, based on samples grouped by storage temperature, indicated that the Bray-

Curtis dissimilarity was not significantly different (p=0.16), which is supported by the relative 

abundance patterns shown in Figures 5.11, 5.12 and 5.13 described next. Triplicate 

samples stored at 4°C group more closely together compared to samples stored at -80°C 

(Figure 5.10). 
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 Bacterial community taxonomic composition was compared between the two storage 

temperature conditions at the phylum (Figure 5.11), class (Figure 5.12) and family (Figure 

5.13) levels of taxonomic resolution. According to these figures, there are no obvious 

differences in taxonomy relative sequence abundance across all replicates from both 

storage conditions. In summary, DNA amplicon libraries from sediment stored at these two 

different temperatures are not overly different from each other with the exception of a 

slightly higher Shannon index (alpha diversity) in sediment stored at 4°C compared to -

80°C.  
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Figure 5.11. Relative sequence abundance (bubble size) of phyla from DNA amplicon 

libraries of sediment sampled from 2016 Scotian Slope station T stored at -80°C 

immediately after sampling prior and sediment stored at 4°C for one year prior to 

sequencing. 
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Figure 5.12. Relative sequence abundance (bubble size) of classes from DNA amplicon 

libraries of sediment sampled from 2016 Scotian Slope station T stored at -80°C 

immediately after sampling prior and sediment stored at 4°C for one year prior to 

sequencing. 
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Figure 5.13. Relative sequence abundance (bubble size) of families from DNA amplicon 

libraries of sediment sampled from 2016 Scotian Slope station T stored at -80°C 

immediately after sampling prior and sediment stored at 4°C for one year prior to 

sequencing. 
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5.4. Discussion 

5.4.1. Bacterial community diversity in response to mock crude oil  spil l  

Traditional environmental effects monitoring (EEM) requires a large number of 

benthic invertebrate fauna to be processed for meaningful diversity analyses, which is very 

time consuming, and it does not provide enough information that corresponds to ecosystem 

health. In contrast, amplicon sequencing quickly reveals the identity of thousands of 

microorganisms in a single gram of seafloor sediment. An EEM method with an emphasis on 

diversity at the microbial scale is a simple parameter and more meaningful in this case due 

to the large sample size of taxa, and because microorganisms will be first to show signs of 

changes in an ecosystem. In a hydrocarbon pollution scenario, while overall abundance of 

microbial biomass may increase as a result of a large influx of new energy for the in-situ 

community (King et al. 2015), overall diversity is likely to decrease. The few bacteria able to 

degrade hydrocarbons are more competitive and begin to dominate, while others might 

suffer and be diminished (Brakstad and Lødeng 2005).   

 

5.4.1.1. Alpha diversity decreases in crude oil treatment 

When Scotian Slope seafloor sediment was exposed to 0.025% v/v crude oil under 

experimental conditions, alpha diversity in the DNA amplicon libraries significantly 

decreased within 30 days and remained low for the duration of the 300-day experiment. The 

same trend was not observed in the un-amended control that was identical (i.e. closed 

system) except that crude oil was not added. Instead, alpha diversity in this control 

remained similar to day 0 for the entire 300 days. Therefore, the significant drop in alpha 

diversity in crude oil treated sediment is most likely a response to the addition of 
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hydrocarbons. A marine study also discovered a decrease in microbial diversity in the 

hydrocarbon contaminated water column compared to uncontaminated water shortly after 

the Deepwater Horizon (DWH) oil and gas blowout in the Gulf of Mexico (GoM) in 2010 

(Mason et al. 2012).  

 

5.4.1.2. Relic DNA may influence alpha diversity 

Alpha diversity in RNA amplicon libraries showed a similar trend to DNA libraries in 

response to crude oil contamination. RNA amplicon libraries had slightly lower alpha 

diversity compared to DNA starting at 30 days after the addition to crude oil until the end of 

the experiment. One benefit to incorporating RNA amplicon sequencing is the elimination of 

‘background noise’ arising from the possible presence of relic DNA in the samples. Relic 

DNA is extracellular DNA from dead cells, and it is thought to skew cultivation-independent 

results by over-estimating diversity with the inclusion of DNA from dormant microorganisms 

or non-viable cells (Ramirez et al. 2018; Torti et al. 2018). In principle, DNA amplicon 

libraries should have higher alpha diversity because DNA extraction likely captures PCR-

amplifiable DNA derived from dead cells.  

Lennon et al. (2018) sought out to study the impacts of relic DNA on microbial 

diversity using substrate from many different environments and concluded that diversity 

estimates were not significantly biased by relic DNA. Furthermore, the authors attempted to 

describe a scenario where relic DNA is most likely to contribute to diversity overestimations, 

which was suggested to be when DNA from nonviable cells is physically transported into an 

environment where the regional ecosystem is not adapted to degrading foreign DNA. This 

suggestion was not seen to be discussed further in other studies and it is unlikely that the 
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deep sea (> 2,500 m below sea level) sediment microbial community offshore Nova Scotia 

would be experiencing currents strong enough to transport mysterious and impossible to 

degrade extracellular DNA.  

Dell’Anno and Danovaro (2005) discovered the reason why the deep sea is a key 

ecosystem in recycling organic phosphorus is because of abundant remineralisation of 

extracellular DNA. It was predicted that 90% of the DNA in deep sea sediments was of 

extracellular origin, and with phosphorus comprising 10% of DNA by weight, abundant 

phosphorus cycling is occurring in the deep sea and relic DNA quickly gets degraded 

(Dell’Anno and Danovaro 2005). Considering this information, it is unlikely that relic DNA is 

significantly impacting alpha diversity within the DNA amplicon libraries from the Scotian 

Slope seafloor sediment, and the RNA amplicon library trends support this conclusion.  

 

5.4.1.3. Bacterial community shows beta diversity pattern after over 300 days after 

introduction of crude oil 

Bray-Curtis dissimilarity (beta diversity) between samples shows a distinct trend in 

crude oil treatment samples (Figures 5.5A and 5.5B) that was not witnessed in the un-

amended control (Figure 5.5D). Community compositions are most dissimilar between 

conditions at day 0 versus 30 days after the introduction of crude oil, which is consistent 

with the alpha diversity trend. Over time, samples are not highly dissimilar to each other, 

with gentle shifts observed every 30 days, becoming more dissimilar relative to day 0 until 

approximately 240 days. After 240 days the community composition appears to begin to 

shift slightly towards the baseline again (Figure 5.5A).  
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This observation is consistent with the results of a study by Mason et al. (2014), 

where the microbial community beta diversity in Gulf of Mexico sediments following the 

Deepwater Horizon oil spill has a continuum-like structured response to the amount of total 

petroleum hydrocarbons in the environment. Biological replicates in this Gulf of Mexico 

study became more similar to each other with time as the bacterial communities apparently 

responded in unison to the influx of hydrocarbon pollution, whereas earlier in that study 

biological replicates were more dissimilar owing to natural variability in the environment they 

were sampled from.  

In the present study, beta diversity between DNA and RNA libraries follow a similar 

trend. Kostka et al. (2011) examined the bacterial community response to hydrocarbon 

contamination in beach sands after Deepwater Horizon using pyrosequencing libraries made 

from genomic DNA and cDNA (RNA), same as the methods in the present study. DNA and 

cDNA from hydrocarbon contaminated samples showed a similar trend to each other by 

being slightly dissimilar (when Bray-Curtis dissimilarity was plotted in two-dimensional 

space), but following the same trend over time as well as being most dissimilar to pristine 

samples (Kostka et al. 2011). 

It is well understood that bioremediation is stimulated by the addition of nutrients 

(Nikolopoulou and Kalogerakis 2009). If the microcosm experiment were amended to 

include the re-addition of baseline nutrient levels, perhaps a more realistic microbial 

community succession similar to what may be expected in situ would have been recreated. 

It is unclear whether the addition of nutrients would promote a return to a diversity level, or 

community pattern, similar to the original baseline condition for Scotian Slope sediments. 

The combination of the bacterial community possibly slowing in hydrocarbon degradation 

activity over time, and the removal of 4 mL of sediment slurry aliquots during sampling 
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events, are both factors that influenced the measurements appearing to plateau in 

dissimilarity over time.  

 

5.4.2. Bacterial community succession in response to crude oil  

contamination 

The Deepwater Horizon oil spill disaster in the Gulf of Mexico was a relatively recent 

massive oil pollution event that was studied using modern molecular biology techniques. 

First and second generation sequencing revealed a community succession by monitoring the 

in-situ microbial communities immediately after the hydrocarbon contamination to months 

after. Comprehensive studies of the Gulf of Mexico spill have provided abundant literature to 

help examine a scenario that might be anticipated in other deep water conditions should an 

oil spill occur.  

 

5.4.2.1. Oceanospirillaceae and Colwelliaceae are indicators of early succession 

The similarity percent (simper) command of the vegan R statistical package 

determined that the majority of the OTUs highly contributing to dissimilarity between 

communities over time were classified within the class Gammaproteobacteria. This analysis 

yielded slightly different results between the DNA and RNA amplicon libraries, which was not 

unexpected based on the small dissimilarity between the two detected on the NMDS plots 

as described in Section 5.4.1.3. A clear bacterial community succession in response to 

crude oil contamination is described by the simper results for the DNA amplicon libraries 

(Table 5.7). The top OTUs that were most contributing to dissimilarity according to simper 

were not the same as the top OTUs from the indicspecies test, but the taxonomic 
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classifications were the same. OTUs highlighted from simper will be discussed in detail 

because they were in higher relative sequence abundance across all amplicon libraries 

(indicated by the low OTU ID number) than the OTUs detected using indicspecies. 

Between day 0 and 30 of the present study, OTUs highly contributing to dissimilarity 

were classified in the family Colwelliaceae or Oceanospirillaceae. These families were in 

total less than 1% sequence abundance in non-subsampled DNA amplicon libraries and 

increased to up to 40% by day 30 (Table 5.7). In comparisons of sampling time points later 

than day 30 (e.g. comparing 0-150, 0-300 and 150-300), these families are not among in 

the top taxa contributing to dissimilarity, suggesting that the OTUs classified as 

Colwelliaceae and Oceanospirillaceae are indicative of the early community response to 

crude oil. 

The nucleotide sequences from the top OTUs were submitted to NCBI BLAST. 

Colwelliaceae OTUs 1, 17 and 28 have 100% nucleotide identities to sequences from 

bacterial communities in the Gulf of Mexico natural gas plume following the Deepwater 

Horizon blowout (Yang et al. 2016; Redmond and Valentine 2012). Although, Yang et al. 

(2016) suggested that Colwelliaceae is not strictly reliant on hydrocarbons to bloom in 

abundance based on the diverse ecosystems where these taxa are detected. OTUs classified 

as Colwelliaceae were also frequently closely related to unpublished studies from a variety 

of marine environments from the Antarctic to coral reefs. OTU 17 had a 100% nucleotide 

identity to Colwelliaceae relatives present on micro-plastics in the ocean, determined in a 

fluorescent in-situ hybridization study (Harrison et al. 2014). This study could be an indirect 

connection between Colwelliaceae and hydrocarbons since most plastics are created using 

petroleum-derived polymers. Regardless, literature suggests that bloom of bacteria related 
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to Colwelliaceae in an environment is not always strictly related to oil, but in the present 

study that is the most likely cause.  

Whereas Colwelliaceae OTUs did not yield the clearest BLAST results for this group 

being suggestive of early stages of crude oil bacterial community succession, the OTU 

classified as Oceanospirillaceae provided better evidence. OTU 8 had a 99% nucleotide 

identity to Oleispira antarctica, which was isolated from the Ross Sea (Antarctica) and 

shown to be a psychrophile capable of aerobic degradation of long-chain n-alkane (aliphatic) 

hydrocarbons (Yakimov et al. 2003). The detection of Oceanospirillaceae similar to Oleispira 

spp., and of Colwelliaceae closely related to OTUs detected in the Deepwater Horizon natural 

gas plume (i.e. low molecular weight hydrocarbons) in the first 30 days of the microcosm 

experiment is evidence that these groups were early responders to the crude oil 

contamination.  

Mason et al. (2014) used 16S rRNA gene and shotgun metagenomic sequencing to 

unveil the microbial community in the Gulf of Mexico seafloor sediment 1,500 m below sea 

level 120 to 150 days after the oil spill. An abundance of the class Gammaproteobacteria 

was detected when comparing to samples with no detectable hydrocarbons (un-

contaminated). Also, two OTUs belonging to the genus Colwellia (Gammaproteobacteria), 

and family Rhodobacteraceae (Alphaproteobacteria) were present in notably high relative 

abundance in samples high in total petroleum hydrocarbons compared to un-contaminated 

samples (Mason et al. 2014). 

Samples obtained 39 hours after the introduction of hydrocarbons into the 

environment to determine the water column early microbial community succession 

underwent 16S rRNA gene pyrotag sequencing, which detected enrichment in the genus 

Oceanospirillales (Mason et al. 2012). Amplicon sequencing suggested that one 
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Oceanospirillales OTU accounted for over 80% of the community, whereas it was detected in 

less than 3% abundance in uncontaminated Gulf of Mexico water (Mason et al. 2012). The 

input of crude oil resulting in an enrichment of bacteria closely related to 

Oceanospirallaceae, Colwelliaceae and Rhodobacteraceae dominating the Gulf of Mexico 

natural gas plume immediately after the DWH was observed in multiple studies (Yang et al. 

2016; Redmond and Valentine 2012; Kostka et al. 2011; Hazen et al. 2010). 

Two genera also frequently detected in the early Deepwater Horizon microbial 

community succession in the Gulf of Mexico were Pseudomonas and Cycloclasticus (Kessler 

et al. 2011; Kostka et al. 2011; Redmond and Valentine 2012). In the present study, 

Pseudomonas remained in less than 1% relative sequence abundance in the crude oil 

treatments over time. This genus was detected more often in Gulf of Mexico beach sands 

(Kostka et al. 2011) or the seawater surface oil slicks (Yang et al. 2016) suggesting it is less 

likely to bloom in the colder deep-sea sediment. In contrast, Cycloclasticus is a member of 

the family Piscirickettsiaceae, which was detected in high relative sequence abundance 

(18% for the family) in the present study starting at 60 days after the introduction of crude 

oil and then decreased to similar abundances as the beginning experiment (less than 5%) 

again by day 300. Kessler et al. (2011) detected Cycloclasticus in DNA amplicon libraries 

sampled from the Deepwater Horizon oil plume 5 months after hydrocarbons were 

introduced to the environment.  

 

5.4.2.2. Anomalous Rhodobacteraceae in early succession RNA amplicon libraries 

In the present study, RNA amplicon libraries followed these same trends in 

Colwelliaceae and Oceanospirillaceae abundances, although the relative sequence 
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abundance was generally lower than the DNA amplicon libraries, with the notable exception 

of Rhodobacteraceae. At the beginning of the microcosm experiment, there was the spike in 

the family Rhodobacteriaceae (45-65%) in the RNA amplicon libraries at day 30, whereas 

this family in the DNA amplicon libraries remains more moderate at around 5-9%.  

Kostka et al. (2011) detected members of the Rhodobacteraceae family to be 

dominating in oil-contaminated beach sands using both DNA and RNA based 

pyrosequencing of environmental samples and suggested they are responsible for the 

degradation of recalcitrant, high molecular weight hydrocarbons during later stages of 

microbial oil biodegradation. Gutierrez et al. (2011) conducted a stable isotope probing (SIP) 

experiment using radiolabelled 13C low molecular weight polycyclic aromatic hydrocarbons 

(PAHs) and observed an enrichment in Rhodobacteraceae OTUs within 7 days of beginning 

the experiment, concluding cell growth corresponding to the degradation of the PAHs. 

Beaudoin et al. (2016) ran a 30-day aerobic microcosm experiment using GoM deep-sea 

sediment in oil-amended incubations and observed a bloom of Rhodobacteraceae near the 

end of the experiment and suggested that the microbial community was shifting towards 

one that exists after the less recalcitrant, low molecular weight n-alkane hydrocarbons are 

depleted.  

A BLAST search of OTU 6 (Rhodobacteraceae) did not yield any studies related to 

hydrocarbon-contaminated environments, but was closely related to Rhodobacteriaceae 

clones in an oil contamination microcosm experiment (Gertler et al. 2012). This raises the 

issue of potential drawbacks of microcosm experiments by enriching microorganisms in 

laboratory simulation conditions that would not be enriched in the natural environment. It is 

possible that OTUs detected to be highly contributing to dissimilarity by simper are not all 

closely related to bacteria from environmental studies of marine hydrocarbon contamination 
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because data from the present study comes from enrichments in a laboratory experiment, 

which could be causing slight differences in taxonomy when the bacteria are not also being 

exposed to normal outside environmental influences like nutrient replenishment.  

This anomalous Rhodobacteraceae result in the present study would be a valuable 

topic of research to investigate to possibly understand the predicted early response of the 

Scotian Slope microbial community to crude oil. With the exception of Rhodobacteraceae, 

OTUs classified in the families Oceanospirillaceae and Colwelliaceae are dominating the 

microcosm bacterial community in the early stages of community succession likely because 

relatives have been observed to degrade low molecular weight hydrocarbons most often at 

low temperatures, like 4°C (Yakimov et al. 2003; Redmond and Valentine 2012).  

 

5.4.2.3. Alcanivoracaceae and Flavobacteriaceae are indicators of late succession 

Later stages of bacterial community succession (i.e. day 150 to 300) in the present 

study were defined by OTUs classified at the family level to be Flavobacteriaceae, 

Arenicellaceae, Alcanivoracaceae and Porticoccaceae. Bacteria related to all of these 

families were detected in low abundance (1% or less) in the day 0 DNA and RNA amplicon 

libraries and remained low until day 60, where these families were observed to begin 

increasing and remained on the rise in relative sequence abundance up until the end of the 

experiment at day 300. DNA and RNA amplicon libraries followed the same trend, with the 

exception of Alcanivoracaceae that had noticeably higher abundance in the RNA amplicon 

libraries compared to DNA at day 300, suggesting that this group was highly active. 

Relatives of Flavobacteriaceae were seen to be key members in the late stages bacterial 

community succession in the Gulf of Mexico starting 150 days after the DWH and are 



 195 

thought to be associated with the degradation of recalcitrant high molecular weight 

hydrocarbons (Yang et al. 2016; King et al. 2015; Liu and Liu 2013; Redmond and Valentine 

2012). In contrast, relatives of Alcanivoracaceae were thought to be representative of early 

stages of bacterial community succession post Deepwater Horizon (Kostka et al. 2011; 

Redmond and Valentine 2012).  

No Colwelliaceae or Oceanospirillaceae OTUs were detected as drivers of 

dissimilarity in the simper comparison between day 0 and 150. Instead, OTUs classified as 

Porticoccaceae (OTU 11), Arenicellaceae (OTUs 5 and 14) and Rhodobacteraceae (OTU 6) 

were revealed as having the most influence (Table 5.7). All of these OTUs were in present in 

less than 1% relative sequence abundance in the day 0 microcosm amplicon libraries and 

remained low until 92 days after the introduction of crude oil, but increased to between 2-

10%, after 150 days. This is a different pattern than the Colwelliaceae and 

Oceanospirillaceae that experienced a more dramatic spike at day 30. Published accounts 

of bacteria classified within Arenicellaceae as having hydrocarbon-degrading metabolism 

were not found, which is consistent with BLAST searches of OTUs 5 and 14 not uncovering 

any sequences with metadata indicative of oil pollution. In contrast, OTU 11 

(Porticoccaceae) has 93% nucleotide identity with Porticoccus hydrocarbonoclasticus, which 

was characterized with the ability to degrade aromatic hydrocarbons (Gutierrez et al. 2012). 

This is consistent with a mid-point bacterial community succession, involving a transition 

from alkane to aromatic hydrocarbon biodegradation in the mock oil spill. 

The same OTUs as in the 0 to day 150 simper comparison (with the exception of OTU 

7) were also detected to be highly influencing dissimilarity in the 0 to 300 and 150 to 300 

comparisons, which are being considered late stages of succession. OTU 7 is classified in 

the family Alcanivoracaceae and began at less than 1% relative abundance in un-
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subsampled DNA amplicon libraries at day 0 and remained below 1% until day 150, where it 

increased to 11% and spiked higher up to 20% by day 300. BLAST results of this OTU 

yielded no published or unpublished studies with relatives from hydrocarbon related 

environments. OTU 7 was classified as belonging to the genus Kangiella, which is closely 

related to the genus Alcanivorax that is well known as a lineage that includes hydrocarbon-

degrading bacteria (Berry and Gutierrez 2017). No hydrocarbon biodegradation activity has 

been detected in the Kangiella genus (Pelve et al. 2017). Rather, Kangiella spp. are known 

to be heterotrophs (Silveira and Thompson 2014) associated with organic particles in the 

ocean (Pelve et al. 2017) including a deep-sea isolate, Kangiella profundi that can degrade 

extracellular proteins and amino acids (Wang et al. 2018b). High levels of extracellular DNA 

degradation in the deep-sea and the bloom of bacteria related to OTU 7 suggests community 

members possibly degrading components of dead cells in the later stages of the bacterial 

succession after 300 days of the experiment running.  

 

5.4.2.4. Differences between DNA and RNA amplicon libraries 

The simper results using the crude oil treatment RNA amplicon libraries did not show 

a clear bacteria succession like the DNA amplicon libraries. Instead, the same OTUs that 

were discussed above were distributed throughout the RNA simper analysis with no clear 

pattern of certain families more influencing dissimilarity at different time periods of the 

experiment (Table 5.8). It is possible that the RNA amplicon libraries are providing a more 

accurate snapshot of which bacteria are active compared to the DNA amplicon libraries. If 

that information does not provide any clear patterns, it is less valuable information for 
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environmental monitoring and simper may not be the best approach for interrogating RNA 

amplicon libraries.   

 The DNA and RNA libraries follow a similar trend in bacterial community succession 

and there are no extreme discrepancies through the duration of the microcosm experiment 

in the present study (Figures 5.6 – 5.8). Although, some slight differences were noticeable 

between the DNA and RNA amplicon libraries at the family level relative abundances of 

Rhodobacteriaceae at day 30 and Alcanivoracaceae near the end of the experiment, where 

the abundances of both were detected to be higher in the RNA amplicon libraries. Bacterial 

growth rate and activity is impossible to differentiate with cDNA (RNA) amplicon sequencing 

(Blazewicz et al. 2013). Predicting relative abundance of taxa based on based on RNA 

amplicon libraries could be misleading because not all metabolically active microorganisms 

are necessarily growing (Blazewicz et al. 2013).  

 Ribosomal RNA concentration and growth rate are different depending on the 

microorganism because of differences in life strategies, histories and non-growth activities 

(Blazewicz et al. 2013). Instead, the information extracted from the microcosm experiment 

using the DNA and RNA amplicon libraries can act as a starting point for further investigation 

about key taxa.  

 

5.4.3. Day 300 microcosm experiment bacterial community similar to 2016 

baseline station N 

 The bacterial community response to crude oil in laboratory conditions was 

compared to the DNA amplicon sequencing data that defines the 2016 Scotian Slope 

baseline conditions of the seafloor sediment. In Chapter 4, station N was concluded to be 
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the site of a putative hydrocarbon seep based on being more dissimilar, having a lower 

Shannon alpha diversity index and higher Simpson dissimilarity index compared to the other 

baseline stations. Station N also had an anomalously high relative sequence abundance of 

the phylum Atribacteria and the lowest abundance of the family JTB255. Atribacteria has 

been most commonly detected in the deep subsurface (Kormas et al. 2003), which is why it 

was speculated to be indicative of hydrocarbons seeping to the surface from a reservoir 

deep in the Scotian Slope. The sediment used in the microcosm experiment did not have 

any OTUs classified as Atribacteria in the entire day 0 baseline un-subsampled DNA 

amplicon libraries (to ensure true absence in amplicon libraries instead of sequences being 

removed by subsampling), and based on what is known about this phylum (described in 

Chapter 4), it was unlikely that it would be enriched under these experimental conditions 

after being undetectable at day 0.  

Based on the pattern of JTB255 throughout the 2016 Scotian Slope baseline and the 

exceptional station N, this family of bacteria was proposed as a biological indicator of a 

seafloor bacterial community that has not been exposed to hydrocarbons. In the microcosm 

experiment, JTB255 was detected in the day 0 DNA amplicon libraries at 13% relative 

sequence abundance. By day 30, it had decreased to 3-6% abundance and then to less 

than 1% abundance by day 300. The abundance of JTB255 in the microcosm experiment 

baseline is similar to the 2016 Scotian Slope baseline (3.2%-13.1%), whereas the 

abundance of JTB255 at day 300 matched the abundance at the baseline station N (<1%). 

This connection between the crude oil microcosm experiment and the environmental 

baseline supports the conclusion made in Chapter 4 that the bacterial community at station 

N is indicative of a natural hydrocarbon seep. Further, geochemical analysis of station N 

conducted by APT Canada failed to identify it as being hydrocarbon positive (Martin Fowler, 
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personal communication). This may be a scenario where the DNA amplicon sequencing 

libraries are a tool with higher precision at detecting hydrocarbons in the environment 

compared to geochemical methods alone; this would support incorporating DNA in baselines 

and environmental monitoring strategies for offshore crude oil pollution.  

 

5.4.4. Environmental monitoring strategies using microbial communities 

 The ecological principle of functional redundancy must be considered in an 

environmental monitoring scenario using bacterial communities. It is often the case that 

different microbial taxa are responsible for the same ecosystem function (Nogales et al. 

2011). The microcosm experimental samples did not show a trend towards becoming more 

taxonomically similar to the Scotian Slope baseline 10 months after communities were 

introduced to crude oil (Figure 5.9). The environment could still be deemed as having 

recovered if ecosystem services provided by the microbial community (e.g. nutrient cycling) 

have been re-established.  

Another possible scenario is that a microbial community is so sensitive to the 

environmental disturbance, regardless of high diversity pre-contamination, that it will never 

return to a similar taxonomic composition or function (Allison and Martiny 2008). Strickland 

et al. (2009) observed that functional redundancy in microbial communities is dependant on 

the historical environmental conditions. For example, a microbial community in a region of 

the ocean that has never been exposed to the natural or anthropogenic input of 

hydrocarbons will respond differently than a community that has been exposed to natural 

hydrocarbon seeps. Microbial functional redundancy in terms of environmental effects 

monitoring must be determined by a case-by-case basis and is guided by what ecosystem 

services are most important for restoration according to social and economic standards.  
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 In terms of how to integrate microbial community data for monitoring crude oil 

pollution, there are systematic strategies that have been proposed that pre-acknowledge 

that the microbial community will likely not return to the taxonomic baseline, as what was 

observed in the time span of this microcosm experiment. Aylagas et al. (2017) proposed a 

strategy of primarily focusing on the most abundant microorganisms in environmental 

samples taken following a pollution event, then categorizing them as either being most 

commonly associated with pollution or not commonly associated with pollution (e.g. bacteria 

commonly associated with hydrocarbons after an oil spill). This suggestion is similar to the 

strategy used and discussed throughout the present study, and is also supported by Benton 

et al. (2007). Despite the limitations of small-scale microcosm experiments never able to 

perfectly mimic the natural environment, results from this type of conceptual study are still 

valuable in that they can identify model organisms for environmental effects monitoring 

(Benton et al. 2007).  

 Caruso et al. (2016) simply suggests that the detection of hydrocarbon degrading 

bacteria in an environment is indicative of the presence of hydrocarbons; therefore they are 

suitable indicators of persistent oil pollution. Nogales et al. (2011) studied the microbial 

community responses to various types of environmental perturbations (e.g. chemicals and 

heavy metals) and consistently saw significant and rapid changes in community diversity in 

response to the perturbation, regardless of what it was. The microbial community diversity 

response is most often a drop in evenness (e.g. a few species dominate because they are 

being selected for by the contaminant), therefore evenness could be a parameter to 

integrate into long term monitoring, i.e., monitoring community resilience as the length of 

time it takes to detect an increase in evenness and diversity once again, regardless of the 

taxonomic composition (Ager et al. 2010).  
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5.4.5. Proposed environmental monitoring strategy using bacteria for crude 

oil  contamination offshore Nova Scotia  

 It was established in Chapter 4 that profiling the bacterial communities using 16S 

rRNA gene sequencing in seafloor sediment has the potential to be a suitable parameter to 

include in environmental baselines. The recommendations in this chapter pertain to 

microbial community data potentially being incorporated into an offshore Nova Scotia 

monitoring program in combination with the commonly used traditional methods. Microbial 

community environmental baselines and monitoring have the potential to become 

commonplace in offshore oil endeavours so environmental perturbations can be sensitively 

detected. 

 It is proposed that bacterial community profiling be used for environmental 

monitoring offshore Nova Scotia by using 16S rRNA gene sequencing of seafloor sediment 

to target changes in diversity and putative biological indicator species discovered in the 

present study. This recommendation is summarized in Figure 5.14.  
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Figure 5.14. A schematic of the proposed strategy for a DNA-based marine environmental 

effects monitoring method after a crude oil spill. 

 

Bacterial environmental monitoring could take place with respect to the 2016 Scotian Slope 

baseline (provided in chapter 4) because the most stations were visited that year and cover 

the largest geographical space of the area. Therefore, in an oil spill, high-density sampling 

would take place surrounding the source of the oil, but also at the 2016 stations for 

monitoring dispersion of the oil. DNA amplicon libraries would be monitored for significant 

drops in Shannon diversity. The proposed biological indicator species are JTB255 (Figure 

5.15A), Colwelliaceae or Oceanospirillaceae (Figure 5.15B) and Alcanivoraceae or 

Flavobacteriaceae (Figure 5.15C).  
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Figure 5.15 Relative sequence abundance (%) of A: JTB255, the proposed biological 

indicator of un-contaminated marine seafloor sediment offshore Nova Scotia, B: 

Colwelliaceae and Oceanospirillaceae, proposed indicators of early bacterial community 

succession after crude oil contamination, and C: Alcanivoracaceae and Flavobacteriaceae, 

proposed indicators of late community succession. Abundance was calculated by summing 

all OTUs in the DNA amplicon libraries classified in the family of interest in either the 2016 

Scotian Slope baseline (Chapter 4) or microcosm experimental time points. 

 

The statistical packages (e.g. simper, indicspecies) used in the present study were 

suitable for analyzing amplicon sequencing data from a microcosm experiment to establish 

putative indicator species, but this strategy is not recommended for the field in the event of 

an oil spill. Including these methods in a monitoring program may over-complicate results 

when the focus should be to simply monitor changes in diversity and the most abundant 

microorganisms and their putative function. Also, based on this experiment cDNA (i.e., direct 

16S rRNA sequencing) is not recommended. The results of the microcosm experiment did 

not show any drastic results in the RNA amplicon libraries that were not also detected in the 

DNA amplicon libraries. Beta-diversity analysis of amplicon libraries is recommended for 

later stages of environmental monitoring because it is still unknown whether the microbial 

community will return to a similar composition as the baseline or will plateau with a new 

composition. 
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Chapter 6: 

Conclusion 
 

6.1. Study summary and conclusions 

The overall objective of this thesis was to engage microbial ecological methods to 

establish the seafloor baseline bacterial community and propose an environmental effects 

monitoring strategy for the Scotian Slope, a deep-sea oil exploration area offshore Nova 

Scotia. Chapter 3 was the first step in achieving this objective by determining the molecular 

methods to be used by optimizing DNA extraction methods and 16S rRNA gene PCR primers 

pairs. Four DNA isolation methods were tested on Scotian Slope seafloor sediment. The 

differences between the methods occurred at the cell lysis step, with modifications created 

with the goal to lyse as many cells as possible in the environmental sample to capture the 

highest diversity of the microbial community. It was concluded that for the remainder of the 

thesis, a DNA isolation kit would be used with no modifications to the cell lysis method, as it 

appeared that modifying this step did not yield consistently or significantly higher alpha 

diversity or OTU richness. The primer pair 341F/785R was ultimately chosen to target the 

V3-V4 region of the bacterial 16S rRNA gene based on its ability to detect the highest 

number of reads resulting in OTUs classified in the domain Bacteria, as well as the lowest 

number of reads that remained unclassified compared to the other primer pairs.  

 Next, these methods were applied in Chapter 4 to sediment collected from the 

seafloor surface of the Scotian Slope in 2015, 2016 and 2018 to establish the temporal 

and spatial bacterial baseline community. 16S rRNA amplicon sequencing revealed 

negligible variability in diversity or taxa in the bacterial communities through space and time 
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and is therefore a stable baseline. In fact, similarity between most of seafloor sediment 

bacterial communities sampled across the length of the Scotian Slope in 2016 allowed for 

detection of the anomalous station N that was unlike the others in terms of diversity and 

taxonomic composition. It is speculated that this location may be experiencing natural 

hydrocarbon seep activity based on having lower diversity, higher dissimilarity to other sites, 

and a low relative abundance of the putative baseline bacterial community indicator taxon 

at the family level, JTB255. Overall, a bacterial community survey of the Scotian Slope was 

decided to be a viable biological parameter to include in baseline studies because the 

community composition remains spatially and temporally similar, meaning this parameter is 

sensitive enough to detect a possible seafloor hydrocarbon seep location.  

 A mock-oil spill microcosm incubation experiment using Scotian Slope sediment is 

reported in Chapter 5. The results led to the proposal of an environmental effects monitoring 

(EEM) strategy for the Scotian Slope based on putative biological indicators of early 

(members of the families Colwelliaceae and Oceanospirillaceae) and late (members of the 

families Alcanivoracaceae and Flavobacteriaceae) succession of crude oil contamination. A 

clear succession of taxa was detected during the duration of the 300-day experiment, as 

well as a significant drop in alpha diversity as an immediate response to crude oil 

contamination. Should an oil spill occur offshore Nova Scotia, it is proposed that 16S rRNA 

gene amplicon sequencing of seafloor sediment be used to target the putative biological 

indicator taxa. Parallel RNA (cDNA) amplicon sequencing was used as a proxy for bacterial 

activity and did not yield large differences compared to the DNA amplicon sequencing 

libraries.  

 In conclusion, the overall objective of this thesis was achieved. Amplicon libraries 

from 19 stations define the diverse Scotian Slope seafloor bacterial community over three 
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sampling years. A crude oil spill under experimental conditions provided the framework to 

make a cautious prediction of the Scotian Slope seafloor sediment bacterial response to the 

contamination. The bacterial community appears to systematically respond to crude oil 

contamination by enriching in hydrocarbon degrading bacteria. Therefore, including bacterial 

community surveys in baselines and EEM has proven to be a sensitive biotic parameter that 

provides information about what contaminant is plaguing an environment. The results of this 

study have the potential to contribute to an environmental protection plan for Canada’s 

offshore deep-water oil drilling. 

 

6.2. Methodological l imitations and future directions 

6.2.1. Chapter 4 baseline method enhancements and recommendations  

The methods used in the present study were the best choice based on the time and 

budget constraints of a research project with the goal to collect an ample volume of 

amplicon data to analyze. The baseline amplicon libraries collected will be available in the 

event of an oil spill and could be able to provide valuable pre-contamination bacterial 

community information, which was lamented to be lacking for the Gulf of Mexico post 

Deepwater Horizon (Joye 2015). The following limitations can be considered and improved 

upon for the future development of a strong baseline study based on the sequencing of in-

situ marine sediment microbial communities. 

 Limitations of the sampling method of the present study must be acknowledged. The 

trigger weight cores (TWC) used to collect sediment were deployed in water depths greater 

than 2,000 meters. Stations used in the temporal baseline study were not at exactly the 

same coordinates between the sampling years because the research vessel collecting 
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samples had other main goals to accomplish besides visiting all of the same stations year 

after year. However, had the temporal baseline sampling strategy been to sample the 

seafloor at the same geographical coordinates over multiple years, it would be very unlikely 

that the TWC is landing on the same spot, even if the ship is recorded to be at the correct 

coordinates. Depending on the weight of the coring device and the speed of deployment, the 

TWC will drift from the ship before it lands on the seafloor. A way to know exactly where the 

TWC is landing is to attach a data logger (Buckley et al. 1994). Even so, information 

provided by the data logger will only be how far the target was missed. This is not an issue 

that appears to have been addressed in baseline studies targeting macro-organisms, but it 

is a significant source of variability if microorganisms are the targeted baseline variable, 

because of difference of distance scales (Hanson et al. 2012; Ramette and Tiedje 2006). A 

sampling location error distance of 5 meters is very different for macro-organisms compared 

to microorganisms.  

 An area for improvement is the molecular methods used. The Illumina MiSeq 

amplicon sequencing method was based on short 350 base pair reads, whereas the 

prokaryotic 16S rRNA gene is approximately 1600 base pairs (Madigan et al. 2014). Relying 

on the clustering of shorter reads into operational taxonomic units (OTUs) to determine the 

identities of microorganisms in a sample is less optimal compared to long read sequencing 

(Liu et al. 2008). Long-read sequencing platforms, such as the PacBio Single Molecule, Real-

Time (SMRT) DNA sequencing platform is able to generate sequencing data spanning the 

V1-V9 variable regions of the 16S rRNA gene, with the error rate declining as the technology 

improves (Schloss et al. 2016). Shifting the focus toward long-read methods will provide an 

opportunity to detect further microbial diversity (Karst et al. 2018; Eloe-Fadrosh et al. 2016), 

which is critical for a fully comprehensive environmental baseline and monitoring study.  
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A shotgun metagenomics approach that targets the genome of an environment 

through sequencing (Techtmann and Hazen 2016) may be a valuable alternative for 

microbial baselines.  Shotgun metagenomics is PCR independent, and therefore will avoid 

the biases introduced by using 16S rRNA gene specific primers (Bourlat et al. 2013; 

Shokralla et al. 2012). This method will also provide an abundance of information about the 

microbial community beyond just the taxonomic identification of the prevalent community 

members, like detecting the presence of other genes that allow more confident conclusions 

about the community function instead of making functional inferences based on OTU 

taxonomy such as is provided in the present study. Obtaining a metagenome for each 

station would provide the information to expand the current taxonomic microbial baseline to 

also offer a microbial functional baseline.  

With 16S rRNA gene sequencing comes the unavoidable challenge of sequencing 

extracellular DNA captured from non-viable cells, which results in the overestimation of OTU 

diversity and richness (Corinaldesi et al. 2018). The present study addressed this by 

including cDNA (RNA) amplicon libraries as a proxy for bacterial activity to compare with the 

DNA amplicon libraries. Minimal differences were detected between the amplicon libraries 

made using the two different molecules, as discussed in Chapter 5. Torti et al. (2018) 

concluded that the dramatic differences that they detected between amplicon libraries 

created using DNA from dead versus living cells in seafloor surface sediment is due to 

frequent disturbances to the seafloor surface mixing around extra-cellular DNA and 

inhibiting its degradation. The sediment in their study site (Aarhus Bay, Denmark) was very 

close to shore in only 16 m water depth. Disruptions to the Scotian Slope seabed similar to 

what that study site experienced may be highly unlikely. Instead of generating double the 

amount of amplicon libraries (RNA and DNA) to screen for DNA from dead cells, methods 
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exist for eliminating extracellular DNA, such as Propidium Monoazide treatment that 

prevents extracellular DNA from denaturing during PCR (Ramirez et al. 2018).  

The present study also focused strictly on bacterial DNA sequencing. The deep 

seafloor surface directly experiences bioturbation from benthic invertebrates and mild 

disturbance from ocean currents compared to deeper subsurface sediment layers. This is 

suspected to be the reason behind bacteria dominating the seafloor microbial community 

compared to Archaea, whereas the opposite trend has been observed deeper in the 

subsurface (Chen et al. 2017). Regardless, a good baseline and EEM program would still 

benefit from incorporating as much diversity as possible, which includes Archaea, especially 

if methods are updated to include long-read 16S rRNA sequencing or metagenomics. 

 After the collection of DNA sequencing data, another limitation may be the statistical 

tests chosen to compare the baseline amplicon data, or the use of a statistical approach at 

all. In this study, statistical tests were used to better understand the amplicon libraries and 

act as a guide to highlight differences to be investigated further. Amplicon sequencing 

libraries are large, making it difficult to manually sift through all of the data to develop an 

understanding of the samples. The statistical tests chosen were the best ones based on the 

understanding of the test itself as well as the behaviour of the data (e.g. if it is normally 

distributed or not). The use of statistical tests may give a false sense of confidence when 

making conclusions based on a p-value, and it should be emphasized that results based on 

p-values should still be scrutinized and not simply accepted. In the future, environmental 

baselines based on microbial communities could be analyzed using a supervised machine 

learning strategy that has the ability to develop predictive monitoring models and take 

systematic approaches to identifying biological indicators for detecting changes in 

environmental health (Cordier et al. 2017). 
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6.2.2. Limitations to the Chapter 5 microcosm experiment and future directions of microbial 

environmental monitoring strategies 

A change to the experimental design to make the microcosm experiment as realistic 

as possible could be the re-addition of inoculum over time. At every sampling time point, 

part of the microbial community (4 mL slurry) is removed for analysis but not replaced. Over 

time, a biased response is being observed because part of the initial inoculum is being 

removed. The addition of fresh sediment after the removal of sediment for analysis at each 

sampling time point might stimulate a more realistic microbial community response. This 

amendment may also yield different diversity results over time, for example perhaps a 

recovery in the Shannon index (alpha diversity) would eventually be observed. Instead of 

using an artificial seawater medium created in the lab, the use of autoclaved or filter-

sterilized seawater collected from offshore Nova Scotia would provide even more realistic 

conditions. 

 Another dimension of a microcosm-based experiment monitoring the microbial 

response to crude oil would be to monitor the composition of the hydrocarbons. This was 

incorporated into the experimental design of the present experiment, but samples were not 

analysed as part of this study (they can in principle be investigated to answer questions 

about the biodegradation status of the oil in the microcosms). Extracting oil from the 

microcosm experiment and using gas chromatography-mass spectrometry (GC-MS) to 

analyze the hydrocarbons that have been degraded at different time points in the 

experiment would add robustness to the conclusions being made about early and late stage 

microbial community succession and the hydrocarbons these community constituents may 

be utilising. Biodegradation is expected to plateau with the heavy molecular weight 

hydrocarbons persisting over time (Kanaly and Harayama 2010). This kind of observation 
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could provide supporting evidence for claims that the microbial community is mitigating the 

effects of an oil spill.  

A metagenomic approach was suggested improvement to gathering microbial 

baseline information in Section 6.2.1, and this method could be especially useful for 

gathering the greatest amount of information about the marine microbial community after 

an oil spill. 16S rRNA gene sequencing is a taxonomic approach to identifying organisms 

where phylogeny can only be predicted (Poretsky et al. 2014). A whole genome sequencing 

approach can classify DNA sequences taxonomically as well as identify the other functional 

genes present in the genome of a microorganism. Whole metagenome sequencing instead 

of only 16S rRNA sequencing has the potential to address questions of functional 

redundancy of the microbial community during the EEM process. While metagenomics 

identifies genes present in an environmental sample, it does not determine if the 

microorganisms that they belong to are using these genes. To add robustness to answering 

the question of functional redundancy in the very late stages of monitoring a marine oil spill, 

metaproteomics and metatranscriptomics are highly sensitive techniques that can be 

applied to further understand functioning metabolic pathways. These methods target 

proteins and RNA, respectively, and can elucidate which genes are being expressed and 

their level of expression (Madigan et al. 2014). This differentiation in late stages of 

ecosystem recovery can help determine if the microbial community activity is related to the 

presence of persistent hydrocarbons in their environment, or if the ecosystem is 

approaching functional restoration.  
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6.3. Concluding remarks 

 It was the perspective of Dr. Samantha Joye on the topic of environmental baselines 

that motivated the research conducted in this thesis from the beginning. After outlining the 

impact of the DWH on the GoM and the scientific response to this disaster, Dr. Joye states: 

 

“We can and we must do better. Environmental baselines are sorely 

lacking across the Gulf of Mexico ecosystem and other environments 

that are or may soon be affected by hydrocarbon extraction, such as 

the Arctic ocean basin. Without environmental baselines, assessing 

acute and chronic impacts is nearly impossible.” (Joye, 2015 Science 

349(6248): 592-593) 

 

She emphasizes that the lack of baseline data in the Gulf of Mexico collected prior to 

the DWH has made it difficult to verify environmental impacts being detected with the wide 

range of studies conducted after the oil blowout (Joye 2015). It is impossible to accurately 

monitor the true extent of environmental damage or recovery of an oil spill with no baseline 

to compare to. In the suggestions of baseline parameters to include in offshore oil and gas 

drilling areas, Joye includes requiring an understanding of the capacity of hydrocarbon 

degradation of the marine microbial community native to the area, as well as studying the 

microbial community dynamics. This thesis addresses these suggestions, and as a result, 

the Scotian Slope now has the beginnings of a marine microbial baseline. 

 The importance of prevention needs to be emphasized even more than, and prior to, 

focusing on ensuring ecosystems at risk of anthropogenic pollution have undergone 

environmental baseline studies. Although microorganisms are a wonderfully important and 
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useful component of the natural world at cleaning up our mistakes, it is wishful thinking that 

society has the tools and technology to completely remediate the ocean after an oil spill. 

Toxic hydrocarbon compounds that have been proven to be carcinogenic persist in the 

environment and bio-accumulate in marine species consumed by humans (D’Costa et al. 

2017; Pérez-Cadahía et al. 2004). Long-term consequences of an oil spill on all components 

of an environment are truly unknown when the focus has been largely on restoring only 

economical ecosystem services. Ideally, a shift away from the high risks of deep water 

offshore drilling should be championed and instead we begin to turn our focus clearly in the 

direction of developing sustainable sources of energy to power our society. While culture is 

indeed slowly making this change, researching strategies that improve our ability to monitor 

and restore environmental conditions is a meaningful contribution towards the pursuit of 

protecting our sensitive marine ecosystems in ultra deep-water oil exploration regions that 

are at an increased risk of experiencing pollution if oil discoveries are made.  
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Supplementary Tables 
 

Table S2.1. CCGS Hudson expedition station IDs corresponding to the station IDs used in 

this thesis for the purpose of simplification.  

Thesis station ID CCGS Hudson expedition station ID 
A 2015-0014 
B 2015-0015 
C 2015-0019 
D 2016-0004 
E 2016-0008 
F 2016-0015 
G 2016-0016 
H 2016-0019 
I 2016-0024 
J 2016-0029 
K 2016-0030 
L 2016-0033 
M 2016-0035 
N 2016-0037 
O 2016-0038 
P 2016-0042 
Q 2018-0006 
R 2018-0014 
S 2018-0022 
T 2016-0009 
X 2016-0041 
Y 2016-0014 
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Table S3.1. The universal 16S rRNA gene PCR primer nucleotide sequences tested in 

Chapter 3 with Illumina MiSeq overhang adaptor.  

 
 

Location 
on 16S 
gene 

Hypervariable 
target region 

Illumina adaptor nucleotide sequencing (bp) Primer nucleotide sequence (bp) 

341 F / 
785 R 

V3-V4 F =5’TCGTCGGCAGCGTCAGATGTGTATAAGAGACAG3’ 
R=5’GTCTCGTGGGCTCGGAGATGTGTATAAGAGACAG3’ 

R = 5’ GACTACHVGGGTATCTAATCC 3’ 
F = 5’ CCTACGGGNGGCWGCAG 3’ 

341 F / 
805 R 

V3-V4 F =5’TCGTCGGCAGCGTCAGATGTGTATAAGAGACAG3’ 
R=5’GTCTCGTGGGCTCGGAGATGTGTATAAGAGACAG3’ 

F = 5’ CCTACGGGNGGCWGCAG 3’ 
R = 5’ GACTACNVGGGTATCTAATCC 3’ 

926 F / 
1392 R 

V6-V8 F =5’TCGTCGGCAGCGTCAGATGTGTATAAGAGACAG3’ 
R=5’GTCTCGTGGGCTCGGAGATGTGTATAAGAGACAG3’ 

F = 5’ AAACTYAAAKGAATWGRCGG 3’ 
R = 5’ ACGGGCGGTGWGTRC 3’ 
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Table S3.2. Total number of merged forward and reverse paired-end reads after quality 

control and removal of chimeric reads through the MetaAmp pipeline for sediment samples 

used for analysis in Chapter 3. The primer pair used is indicated in the sequencing Sample 

ID by an a, b or c after the sample number representing primer pair (i) 341F/785R, (ii) 

341F/805R, and (iii) 926F/1392R, respectively. Cell lysis methods correspond to no 

modification (NM), double bead-beating (DBB), heat (H), and freeze thaw (FT). Table 

continued for three more pages. 

 

Sample ID Sample type Station Lysis method Reads 
DST_Exp1_19a_20170327 PC 20cm (surface) X NM 40462 

DST_Exp1_19b_20170327 PC 20cm (surface) X NM 36818 

DST_Exp1_19c_20170424 PC 20cm (surface) X NM 7373 

DST_Exp1_20a_20170327 PC 20cm (surface) X NM 16119 

DST_Exp1_20b_20170327 PC 20cm (surface) X NM 11381 

DST_Exp1_20c_20170424 PC 20cm (surface) X NM 8053 

DST_Exp1_21a_20170327 PC 20cm (surface) X NM 43184 

DST_Exp1_21b_20170327 PC 20cm (surface) X NM 27152 

DST_Exp1_21c_20170424 PC 20cm (surface) X NM 8125 

DST_Exp1_22a_20170424 PC 344cm (subsurface) X NM 46116 

DST_Exp1_22b_20170424 PC 344cm (subsurface) X NM 17924 

DST_Exp1_22c_20170424 PC 344cm (subsurface) X NM 26558 

DST_Exp1_23a_20170424 PC 344cm (subsurface) X NM 33708 

DST_Exp1_23b_20170529 PC 344cm (subsurface) X NM 53125 

DST_Exp1_23c_20170529 PC 344cm (subsurface) X NM 13153 

DST_Exp1_24a_20170529 PC 344cm (subsurface) X NM 47350 

DST_Exp1_24b_20170529 PC 344cm (subsurface) X NM 30357 

DST_Exp1_24c_20170529 PC 344cm (subsurface) X NM 20262 

DST_Exp1_25a_20170327 TWC 0-20cm (surface) Y NM 34987 

DST_Exp1_25b_20170327 TWC 0-20cm (surface) Y NM 23549 

DST_Exp1_25c_20170424 TWC 0-20cm (surface) Y NM 15824 

DST_Exp1_26a_20170327 TWC 0-20cm (surface) Y NM 40495 

DST_Exp1_26b_20170327 TWC 0-20cm (surface) Y NM 29105 

DST_Exp1_26c_20170424 TWC 0-20cm (surface) Y NM 18216 

DST_Exp1_27a_20170327 TWC 0-20cm (surface) Y NM 40119 

DST_Exp1_27b_20170327 TWC 0-20cm (surface) Y NM 43145 

DST_Exp1_27c_20170424 TWC 0-20cm (surface) Y NM 5245 
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Sample ID (table S3.2 cont.) Sample type Station Lysis method Reads 

DST_Exp1_28a_20170327 PC 953cm (subsurface) Y NM 38053 

DST_Exp1_28b_20170327 PC 953cm (subsurface) Y NM 27340 

DST_Exp1_28c_20170424 PC 953cm (subsurface) Y NM 13801 

DST_Exp1_29a_20170327 PC 953cm (subsurface) Y NM 24338 

DST_Exp1_29b_20170327 PC 953cm (subsurface) Y NM 19813 

DST_Exp1_29c_20170424 PC 953cm (subsurface) Y NM 17244 

DST_Exp1_30a_20170327 PC 953cm (subsurface) Y NM 21130 

DST_Exp1_30b_20170327 PC 953cm (subsurface) Y NM 30446 

DST_Exp1_30c_20170327 PC 953cm (subsurface) Y NM 15559 

DST_Exp1_37a_20170327 PC 20cm (surface) X DBB 17330 

DST_Exp1_37b_20170327 PC 20cm (surface) X DBB 26825 

DST_Exp1_37c_20170424 PC 20cm (surface) X DBB 13023 

DST_Exp1_38a_20170327 PC 20cm (surface) X DBB 47150 

DST_Exp1_38b_20170327 PC 20cm (surface) X DBB 38305 

DST_Exp1_38c_20170424 PC 20cm (surface) X DBB 12269 

DST_Exp1_39a_20170327 PC 20cm (surface) X DBB 52203 

DST_Exp1_39b_20170327 PC 20cm (surface) X DBB 45509 

DST_Exp1_39c_20170424 PC 20cm (surface) X DBB 10518 

DST_Exp1_40a_20170529 PC 344cm (subsurface) X DBB 48060 

DST_Exp1_40b_20170529 PC 344cm (subsurface) X DBB 33650 

DST_Exp1_40c_20170529 PC 344cm (subsurface) X DBB 22348 

DST_Exp1_41a_20170529 PC 344cm (subsurface) X DBB 43488 

DST_Exp1_41b_20170529 PC 344cm (subsurface) X DBB 32632 

DST_Exp1_41c_20170529 PC 344cm (subsurface) X DBB 16530 

DST_Exp1_43a_20170327 TWC 0-20cm (surface) Y DBB 55387 

DST_Exp1_43b_20170327 TWC 0-20cm (surface) Y DBB 42371 

DST_Exp1_43c_20170424 TWC 0-20cm (surface) Y DBB 21290 

DST_Exp1_44a_20170327 TWC 0-20cm (surface) Y DBB 49401 

DST_Exp1_44b_20170327 TWC 0-20cm (surface) Y DBB 47391 

DST_Exp1_44c_20170424 TWC 0-20cm (surface) Y DBB 21060 

DST_Exp1_45a_20170327 TWC 0-20cm (surface) Y DBB 31171 

DST_Exp1_45b_20170327 TWC 0-20cm (surface) Y DBB 40867 

DST_Exp1_45c_20170424 TWC 0-20cm (surface) Y DBB 8314 

DST_Exp1_46a_20170327 PC 953cm (subsurface) Y DBB 38494 

DST_Exp1_46b_20170327 PC 953cm (subsurface) Y DBB 20043 

DST_Exp1_46c_20170424 PC 953cm (subsurface) Y DBB 22021 

DST_Exp1_47a_20170327 PC 953cm (subsurface) Y DBB 115911 

DST_Exp1_47b_20170327 PC 953cm (subsurface) Y DBB 20493 

DST_Exp1_47c_20170424 PC 953cm (subsurface) Y DBB 13090 

DST_Exp1_48a_20170327 PC 953cm (subsurface) Y DBB 24042 

DST_Exp1_48b_20170327 PC 953cm (subsurface) Y DBB 39489 

DST_Exp1_48c_20170424 PC 953cm (subsurface) Y DBB 15518 
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Sample ID (table S3.2 cont.) Sample type Station Lysis method Reads 

DST_Exp1_55a_20170327 PC 20cm (surface) X H 15335 

DST_Exp1_55b_20170327 PC 20cm (surface) X H 12019 

DST_Exp1_55c_20170424 PC 20cm (surface) X H 23115 

DST_Exp1_56a_20170327 PC 20cm (surface) X H 42226 

DST_Exp1_56b_20170327 PC 20cm (surface) X H 27034 

DST_Exp1_56c_20170424 PC 20cm (surface) X H 27229 

DST_Exp1_57a_20170327 PC 20cm (surface) X H 34421 

DST_Exp1_57b_20170327 PC 20cm (surface) X H 24694 

DST_Exp1_57c_20170424 PC 20cm (surface) X H 7677 

DST_Exp1_58a_20170327 PC 344cm (subsurface) X H 33526 

DST_Exp1_58b_20170327 PC 344cm (subsurface) X H 35379 

DST_Exp1_58c_20170424 PC 344cm (subsurface) X H 16807 

DST_Exp1_59a_20170327 PC 344cm (subsurface) X H 36339 

DST_Exp1_59b_20170327 PC 344cm (subsurface) X H 45933 

DST_Exp1_59c_20170424 PC 344cm (subsurface) X H 15045 

DST_Exp1_60a_20170327 PC 344cm (subsurface) X H 35779 

DST_Exp1_60b_20170327 PC 344cm (subsurface) X H 35893 

DST_Exp1_60c_20170424 PC 344cm (subsurface) X H 21421 

DST_Exp1_61a_20170327 TWC 0-20cm (surface) Y H 16378 

DST_Exp1_61b_20170327 TWC 0-20cm (surface) Y H 16632 

DST_Exp1_61c_20170424 TWC 0-20cm (surface) Y H 19161 

DST_Exp1_62a_20170327 TWC 0-20cm (surface) Y H 37924 

DST_Exp1_62b_20170327 TWC 0-20cm (surface) Y H 38271 

DST_Exp1_62c_20170424 TWC 0-20cm (surface) Y H 16120 

DST_Exp1_63a_20170327 TWC 0-20cm (surface) Y H 42956 

DST_Exp1_63b_20170327 TWC 0-20cm (surface) Y H 63102 

DST_Exp1_63c_20170424 TWC 0-20cm (surface) Y H 12490 

DST_Exp1_64a_20170327 PC 953cm (subsurface) Y H 47348 

DST_Exp1_64b_20170327 PC 953cm (subsurface) Y H 40682 

DST_Exp1_64c_20170424 PC 953cm (subsurface) Y H 16023 

DST_Exp1_65a_20170327 PC 953cm (subsurface) Y H 64218 

DST_Exp1_65b_20170327 PC 953cm (subsurface) Y H 36373 

DST_Exp1_65c_20170424 PC 953cm (subsurface) Y H 17628 

DST_Exp1_66a_20170327 PC 953cm (subsurface) Y H 30011 

DST_Exp1_66b_20170327 PC 953cm (subsurface) Y H 28825 

DST_Exp1_66c_20170424 PC 953cm (subsurface) Y H 12980 

DST_Exp1_73a_20170327 PC 20cm (surface) X FT 12912 

DST_Exp1_73b_20170327 PC 20cm (surface) X FT 10308 

DST_Exp1_73c_20170424 PC 20cm (surface) X FT 13655 

DST_Exp1_74a_20170327 PC 20cm (surface) X FT 30199 

DST_Exp1_74b_20170327 PC 20cm (surface) X FT 24859 

DST_Exp1_74c_20170424 PC 20cm (surface) X FT 19779 
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Sample ID (table S3.2 cont.) Sample type Station Lysis method Reads 

DST_Exp1_75a_20170327 PC 20cm (surface) X FT 18721 

DST_Exp1_75b_20170327 PC 20cm (surface) X FT 22386 

DST_Exp1_75c_20170424 PC 20cm (surface) X FT 17556 

DST_Exp1_76a_20170327 PC 344cm (subsurface) X FT 39846 

DST_Exp1_76b_20170327 PC 344cm (subsurface) X FT 32733 

DST_Exp1_76c_20170424 PC 344cm (subsurface) X FT 16732 

DST_Exp1_77a_20170327 PC 344cm (subsurface) X FT 41566 

DST_Exp1_77b_20170327 PC 344cm (subsurface) X FT 35333 

DST_Exp1_77c_20170424 PC 344cm (subsurface) X FT 13078 

DST_Exp1_78a_20170327 PC 344cm (subsurface) X FT 31836 

DST_Exp1_78b_20170327 PC 344cm (subsurface) X FT 36638 

DST_Exp1_78c_20170424 PC 344cm (subsurface) X FT 9856 

DST_Exp1_79a_20170327 TWC 0-20cm (surface) Y FT 18507 

DST_Exp1_79b_20170327 TWC 0-20cm (surface) Y FT 18973 

DST_Exp1_79c_20170424 TWC 0-20cm (surface) Y FT 13289 

DST_Exp1_80a_20170327 TWC 0-20cm (surface) Y FT 38016 

DST_Exp1_80b_20170327 TWC 0-20cm (surface) Y FT 33983 

DST_Exp1_80c_20170424 TWC 0-20cm (surface) Y FT 13295 

DST_Exp1_81a_20170327 TWC 0-20cm (surface) Y FT 47427 

DST_Exp1_81b_20170327 TWC 0-20cm (surface) Y FT 41778 

DST_Exp1_81c_20170424 TWC 0-20cm (surface) Y FT 12163 

DST_Exp1_82a_20170327 PC 953cm (subsurface) Y FT 29879 

DST_Exp1_82b_20170327 PC 953cm (subsurface) Y FT 31115 

DST_Exp1_82c_20170424 PC 953cm (subsurface) Y FT 21737 

DST_Exp1_83a_20170327 PC 953cm (subsurface) Y FT 15246 

DST_Exp1_83b_20170327 PC 953cm (subsurface) Y FT 33595 

DST_Exp1_83c_20170424 PC 953cm (subsurface) Y FT 26792 

DST_Exp1_84a_20170327 PC 953cm (subsurface) Y FT 25243 

DST_Exp1_84b_20170327 PC 953cm (subsurface) Y FT 23787 

DST_Exp1_84c_20170424 PC 953cm (subsurface) Y FT 28465 
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Table S3.3. Shannon diversity index values corresponding to samples analyzed in Chapter 

3. Sample ID details are in Table S3.1. Table continued for three more pages. 

 

Sample ID Shannon index 
DST_Exp1_19a_20170327 5.067274 
DST_Exp1_19b_20170327 5.155382 
DST_Exp1_19c_20170424 5.098281 
DST_Exp1_20a_20170327 5.084334 
DST_Exp1_20b_20170327 5.088598 
DST_Exp1_20c_20170424 5.094143 
DST_Exp1_21a_20170327 5.119998 
DST_Exp1_21b_20170327 5.138045 
DST_Exp1_21c_20170424 5.130374 
DST_Exp1_22a_20170424 1.314498 
DST_Exp1_22b_20170424 2.01217 
DST_Exp1_22c_20170424 1.437326 
DST_Exp1_23a_20170424 1.469785 
DST_Exp1_23b_20170529 2.563627 
DST_Exp1_23c_20170529 1.639586 
DST_Exp1_24a_20170529 1.590477 
DST_Exp1_24b_20170529 2.185109 
DST_Exp1_24c_20170529 1.80728 
DST_Exp1_25a_20170327 2.941279 
DST_Exp1_25b_20170327 2.767199 
DST_Exp1_25c_20170424 3.322646 
DST_Exp1_26a_20170327 3.166301 
DST_Exp1_26b_20170327 3.025585 
DST_Exp1_26c_20170424 3.205069 
DST_Exp1_27a_20170327 3.033027 
DST_Exp1_27b_20170327 2.912658 
DST_Exp1_27c_20170424 3.100412 
DST_Exp1_28a_20170327 1.501223 
DST_Exp1_28b_20170327 1.490669 
DST_Exp1_28c_20170424 1.691876 
DST_Exp1_29a_20170327 1.435914 
DST_Exp1_29b_20170327 1.631714 
DST_Exp1_29c_20170424 1.768075 
DST_Exp1_30a_20170327 1.559889 
DST_Exp1_30b_20170327 1.639408 
DST_Exp1_30c_20170327 1.666675 
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Sample ID (Table S3.3 cont.) Shannon index 
DST_Exp1_37a_20170327 5.138651 
DST_Exp1_37b_20170327 5.098668 
DST_Exp1_37c_20170424 5.294418 
DST_Exp1_38a_20170327 5.2342 
DST_Exp1_38b_20170327 5.112658 
DST_Exp1_38c_20170424 5.30512 
DST_Exp1_39a_20170327 5.199938 
DST_Exp1_39b_20170327 5.078082 
DST_Exp1_39c_20170424 5.252132 
DST_Exp1_40a_20170529 1.768114 
DST_Exp1_40b_20170529 1.940388 
DST_Exp1_40c_20170529 2.038718 
DST_Exp1_41a_20170529 1.862792 
DST_Exp1_41b_20170529 2.932589 
DST_Exp1_41c_20170529 1.72748 
DST_Exp1_43a_20170327 3.633312 
DST_Exp1_43b_20170327 3.625354 
DST_Exp1_43c_20170424 3.924239 
DST_Exp1_44a_20170327 3.623453 
DST_Exp1_44b_20170327 3.596432 
DST_Exp1_44c_20170424 3.845292 
DST_Exp1_45a_20170327 3.703423 
DST_Exp1_45b_20170327 3.698068 
DST_Exp1_45c_20170424 3.862477 
DST_Exp1_46a_20170327 1.523573 
DST_Exp1_46b_20170327 1.606296 
DST_Exp1_46c_20170424 1.809804 
DST_Exp1_47a_20170327 1.72236 
DST_Exp1_47b_20170327 1.698325 
DST_Exp1_47c_20170424 1.903849 
DST_Exp1_48a_20170327 1.655515 
DST_Exp1_48b_20170327 1.714765 
DST_Exp1_48c_20170424 1.788017 
DST_Exp1_55a_20170327 5.161087 
DST_Exp1_55b_20170327 5.292278 
DST_Exp1_55c_20170424 5.139126 
DST_Exp1_56a_20170327 5.306696 
DST_Exp1_56b_20170327 5.316105 
DST_Exp1_56c_20170424 5.242102 
DST_Exp1_57a_20170327 5.154725 
DST_Exp1_57b_20170327 5.198798 
DST_Exp1_57c_20170424 5.185255 



 243 

Sample ID (Table S3.3 cont.) Shannon index 
DST_Exp1_58a_20170327 1.011357 
DST_Exp1_58b_20170327 0.928344 
DST_Exp1_58c_20170424 1.402488 
DST_Exp1_59a_20170327 1.255271 
DST_Exp1_59b_20170327 1.197622 
DST_Exp1_59c_20170424 1.273766 
DST_Exp1_60a_20170327 1.039809 
DST_Exp1_60b_20170327 0.935922 
DST_Exp1_60c_20170424 1.513483 
DST_Exp1_61a_20170327 3.504415 
DST_Exp1_61b_20170327 3.528925 
DST_Exp1_61c_20170424 4.0046 
DST_Exp1_62a_20170327 3.596741 
DST_Exp1_62b_20170327 3.694495 
DST_Exp1_62c_20170424 4.078084 
DST_Exp1_63a_20170327 3.606812 
DST_Exp1_63b_20170327 3.758569 
DST_Exp1_63c_20170424 3.923747 
DST_Exp1_64a_20170327 1.51074 
DST_Exp1_64b_20170327 1.689135 
DST_Exp1_64c_20170424 1.757559 
DST_Exp1_65a_20170327 1.566155 
DST_Exp1_65b_20170327 1.720243 
DST_Exp1_65c_20170424 1.80581 
DST_Exp1_66a_20170327 1.615021 
DST_Exp1_66b_20170327 1.574144 
DST_Exp1_66c_20170424 1.772729 
DST_Exp1_73a_20170327 5.218999 
DST_Exp1_73b_20170327 5.357744 
DST_Exp1_73c_20170424 5.154235 
DST_Exp1_74a_20170327 5.329717 
DST_Exp1_74b_20170327 5.376827 
DST_Exp1_74c_20170424 5.249414 
DST_Exp1_75a_20170327 5.315127 
DST_Exp1_75b_20170327 5.380898 
DST_Exp1_75c_20170424 5.198266 
DST_Exp1_76a_20170327 1.227799 
DST_Exp1_76b_20170327 1.327656 
DST_Exp1_76c_20170424 1.718796 
DST_Exp1_77a_20170327 1.284886 
DST_Exp1_77b_20170327 1.278116 
DST_Exp1_77c_20170424 1.39832 
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Sample ID (Table S3.3 cont.) Shannno index 
DST_Exp1_78a_20170327 1.001685 
DST_Exp1_78b_20170327 0.996373 
DST_Exp1_78c_20170424 1.259254 
DST_Exp1_79a_20170327 3.340203 
DST_Exp1_79b_20170327 3.314695 
DST_Exp1_79c_20170424 3.921038 
DST_Exp1_80a_20170327 3.478261 
DST_Exp1_80b_20170327 3.539025 
DST_Exp1_80c_20170424 3.86571 
DST_Exp1_81a_20170327 3.60409 
DST_Exp1_81b_20170327 3.676483 
DST_Exp1_81c_20170424 4.044109 
DST_Exp1_82a_20170327 1.564494 
DST_Exp1_82b_20170327 1.609228 
DST_Exp1_82c_20170424 1.702236 
DST_Exp1_83a_20170327 1.686531 
DST_Exp1_83b_20170327 1.66692 
DST_Exp1_83c_20170424 1.680272 
DST_Exp1_84a_20170327 1.542338 
DST_Exp1_84b_20170327 1.667724 
DST_Exp1_84c_20170424 1.657067 
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Table S3.4. Total number of OTUs in each amplicon library from samples in Chapter 3 

sequenced using either primer pair (i) 341F/785R, (ii) 341F/805R, or (iii) 926F/1392R. 

Sample ID number details are in Table S3.1. Table continued on next page. 

 

Sample ID (i) 341F/785R (ii) 341F/805R (iii) 926F/1392R 
19 2043 1947 925 
20 1385 1147 929 
21 2107 1819 996 
22 314 275 113 
23 283 447 128 
24 262 209 142 
25 735 618 588 
26 734 614 587 
27 779 809 330 
28 136 118 92 
29 72 135 77 
30 89 170 80 
37 1422 1719 1298 
38 2196 2016 1196 
39 2252 2165 1141 
40 203 168 120 
41 288 253 111 
43 972 868 727 
44 842 842 758 
45 704 810 450 
46 104 150 155 
47 141 153 136 
48 79 205 127 
55 1407 1326 1593 
56 2263 2003 1719 
57 1974 1750 996 
58 133 148 168 
59 141 173 148 
60 152 133 168 
61 516 630 784 
62 793 902 697 
63 864 1073 565 
64 122 160 134 
65 109 142 131 
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Sample ID 
(Table S3.4 

cont.) (i) 341F/785R (ii) 341F/805R (iii) 926F/1392R 
66 124 106 118 
73 1280 1190 1214 
74 1941 1897 1518 
75 1597 1735 1411 
76 121 122 128 
77 157 151 129 
78 141 133 97 
79 578 586 694 
80 781 757 584 
81 1016 1004 644 
82 111 104 115 
83 107 95 92 
84 72 115 110 
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Table S3.5. Total number of reads belonging to Archaea, Bacteria, Eukaryota or Unknown 

(OTU could not be taxonomically classified with a minimum of 80% bootstrap confidence) in 

each amplicon library sequenced using either primer pair (i) 341F/785R, (ii) 341F/805R, or 

(iii) 926F/1392R for samples analyzed in Chapter 3. Sample ID details are in Table S3.1. 

Table is four pages long. 

Sample ID Archaea Bacteria Eukaryota Unknown 
DST_Exp1_19a_20170327 0 40462 0 0 
DST_Exp1_19b_20170327 195 36556 0 60 
DST_Exp1_19c_20170424 1090 6298 2 10 
DST_Exp1_20a_20170327 0 16119 0 0 
DST_Exp1_20b_20170327 50 11306 1 19 
DST_Exp1_20c_20170424 1378 6677 11 9 
DST_Exp1_21a_20170327 1 43173 0 0 
DST_Exp1_21b_20170327 217 26822 0 104 
DST_Exp1_21c_20170424 1280 6839 10 18 
DST_Exp1_22a_20170424 2 46113 1 0 
DST_Exp1_22b_20170424 39 17892 0 0 
DST_Exp1_22c_20170424 64 26514 0 0 
DST_Exp1_23a_20170424 0 33717 0 0 
DST_Exp1_23b_20170529 155 52989 0 23 
DST_Exp1_23c_20170529 60 13089 5 0 
DST_Exp1_24a_20170529 0 47352 0 0 
DST_Exp1_24b_20170529 56 30299 0 3 
DST_Exp1_24c_20170529 192 20064 7 0 
DST_Exp1_25a_20170327 0 34914 0 1 
DST_Exp1_25b_20170327 44 23435 0 40 
DST_Exp1_25c_20170424 802 15005 10 5 
DST_Exp1_26a_20170327 3 40332 0 14 
DST_Exp1_26b_20170327 88 28892 1 61 
DST_Exp1_26c_20170424 792 17409 8 3 
DST_Exp1_27a_20170327 6 40017 0 15 
DST_Exp1_27b_20170327 170 42793 0 113 
DST_Exp1_27c_20170424 286 4952 5 0 
DST_Exp1_28a_20170327 2 38052 0 0 
DST_Exp1_28b_20170327 1 27339 0 0 
DST_Exp1_28c_20170424 10 13786 3 0 
DST_Exp1_29a_20170327 0 24340 0 0 
DST_Exp1_29b_20170327 0 19811 0 0 
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Sample ID (Table S3.5 cont.) Archaea Bacteria Eukaryota Unknown 
DST_Exp1_29c_20170424 13 17226 5 0 
DST_Exp1_30a_20170327 1 21129 0 0 
DST_Exp1_30b_20170327 3 30444 0 0 
DST_Exp1_30c_20170327 9 15539 6 1 
DST_Exp1_37a_20170327 1 17320 0 0 
DST_Exp1_37b_20170327 140 26619 0 72 
DST_Exp1_37c_20170424 1678 11314 23 41 
DST_Exp1_38a_20170327 1 47138 0 0 
DST_Exp1_38b_20170327 190 37992 1 131 
DST_Exp1_38c_20170424 1515 10714 20 30 
DST_Exp1_39a_20170327 3 52203 0 0 
DST_Exp1_39b_20170327 420 44895 0 195 
DST_Exp1_39c_20170424 1208 9298 12 20 
DST_Exp1_40a_20170529 3 48064 0 0 
DST_Exp1_40b_20170529 16 33634 0 0 
DST_Exp1_40c_20170529 62 22285 2 0 
DST_Exp1_41a_20170529 4 43484 0 0 
DST_Exp1_41b_20170529 43 32596 0 5 
DST_Exp1_41c_20170529 117 16402 13 0 
DST_Exp1_43a_20170327 7 55221 0 30 
DST_Exp1_43b_20170327 215 41957 1 132 
DST_Exp1_43c_20170424 1482 19794 15 12 
DST_Exp1_44a_20170327 3 49277 0 9 
DST_Exp1_44b_20170327 209 46993 0 124 
DST_Exp1_44c_20170424 1196 19836 15 2 
DST_Exp1_45a_20170327 1 31042 0 3 
DST_Exp1_45b_20170327 104 40509 0 58 
DST_Exp1_45c_20170424 338 7972 2 2 
DST_Exp1_46a_20170327 0 38494 0 0 
DST_Exp1_46b_20170327 0 20040 0 0 
DST_Exp1_46c_20170424 26 21984 8 0 
DST_Exp1_47a_20170327 1 115906 0 0 
DST_Exp1_47b_20170327 1 20490 0 0 
DST_Exp1_47c_20170424 24 13065 1 1 
DST_Exp1_48a_20170327 0 24043 0 0 
DST_Exp1_48b_20170327 2 39487 0 0 
DST_Exp1_48c_20170424 14 15498 7 0 
DST_Exp1_55a_20170327 0 15325 0 0 
DST_Exp1_55b_20170327 43 11959 0 13 
DST_Exp1_55c_20170424 4217 18888 44 19 
DST_Exp1_56a_20170327 0 42219 0 1 
DST_Exp1_56b_20170327 182 26782 0 69 
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Sample ID (Table S3.5 cont.) Archaea Bacteria Eukaryota Unknown 
DST_Exp1_56c_20170424 4346 22859 36 57 
DST_Exp1_57a_20170327 1 34421 0 0 
DST_Exp1_57b_20170327 97 24565 0 31 
DST_Exp1_57c_20170424 1165 6493 10 14 
DST_Exp1_58a_20170327 0 33551 0 0 
DST_Exp1_58b_20170327 41 35356 0 1 
DST_Exp1_58c_20170424 313 16488 11 1 
DST_Exp1_59a_20170327 0 36357 0 0 
DST_Exp1_59b_20170327 32 45922 0 2 
DST_Exp1_59c_20170424 149 14893 4 1 
DST_Exp1_60a_20170327 0 35821 0 0 
DST_Exp1_60b_20170327 23 35899 0 0 
DST_Exp1_60c_20170424 361 21036 24 0 
DST_Exp1_61a_20170327 0 16316 0 5 
DST_Exp1_61b_20170327 52 16462 0 32 
DST_Exp1_61c_20170424 1532 17585 16 9 
DST_Exp1_62a_20170327 1 37739 0 6 
DST_Exp1_62b_20170327 123 37944 0 63 
DST_Exp1_62c_20170424 1174 14919 25 3 
DST_Exp1_63a_20170327 4 42731 0 25 
DST_Exp1_63b_20170327 267 62350 0 214 
DST_Exp1_63c_20170424 794 11671 21 1 
DST_Exp1_64a_20170327 0 47346 0 2 
DST_Exp1_64b_20170327 6 40670 0 1 
DST_Exp1_64c_20170424 24 15980 20 0 
DST_Exp1_65a_20170327 1 64217 0 0 
DST_Exp1_65b_20170327 5 36366 0 2 
DST_Exp1_65c_20170424 16 17593 19 1 
DST_Exp1_66a_20170327 0 30012 0 0 
DST_Exp1_66b_20170327 1 28824 0 0 
DST_Exp1_66c_20170424 21 12932 25 2 
DST_Exp1_73a_20170327 0 12912 0 0 
DST_Exp1_73b_20170327 36 10257 0 6 
DST_Exp1_73c_20170424 2415 11264 15 10 
DST_Exp1_74a_20170327 0 30199 0 1 
DST_Exp1_74b_20170327 150 24659 0 39 
DST_Exp1_74c_20170424 3361 16404 37 31 
DST_Exp1_75a_20170327 0 18712 0 0 
DST_Exp1_75b_20170327 66 22307 1 13 
DST_Exp1_75c_20170424 3520 14050 37 21 
DST_Exp1_76a_20170327 0 39976 0 0 
DST_Exp1_76b_20170327 36 32830 0 1 
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Sample ID (Table S3.5 cont.) Archaea Bacteria Eukaryota Unknown 
DST_Exp1_76c_20170424 195 16524 10 3 
DST_Exp1_77a_20170327 0 41619 0 0 
DST_Exp1_77b_20170327 64 35292 0 4 
DST_Exp1_77c_20170424 324 12750 4 2 
DST_Exp1_78a_20170327 0 31862 0 0 
DST_Exp1_78b_20170327 31 36624 0 1 
DST_Exp1_78c_20170424 96 9752 7 1 
DST_Exp1_79a_20170327 1 18414 0 4 
DST_Exp1_79b_20170327 68 18801 0 45 
DST_Exp1_79c_20170424 880 12387 10 3 
DST_Exp1_80a_20170327 4 37848 0 6 
DST_Exp1_80b_20170327 100 33676 0 55 
DST_Exp1_80c_20170424 844 12431 14 3 
DST_Exp1_81a_20170327 4 47244 0 5 
DST_Exp1_81b_20170327 192 41303 0 111 
DST_Exp1_81c_20170424 825 11308 17 0 
DST_Exp1_82a_20170327 0 29878 0 0 
DST_Exp1_82b_20170327 1 31113 0 0 
DST_Exp1_82c_20170424 34 21681 21 0 
DST_Exp1_83a_20170327 0 15245 0 0 
DST_Exp1_83b_20170327 5 33591 0 0 
DST_Exp1_83c_20170424 15 26757 19 0 
DST_Exp1_84a_20170327 0 25243 0 0 
DST_Exp1_84b_20170327 2 23782 0 2 
DST_Exp1_84c_20170424 16 28440 9 0 
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Table S3.6. DNA concentrations (ng/µL) measured using the Qubit Fluorometer from 

subsurface marine sediment samples collected from stations X and Y using four different 

cell lysis methods during the DNA isolation. DNA was isolated in triplicate. A concentration of 

“0” means the concentration was below the Qubit measureable threshold of < 0.05 ng/µL. 

 

  Station X   Station Y  
 Rep 1 Rep 2 Rep 3 Rep 1 Rep 2 Rep 3 
No modification (ng/uL) 0 0 0 1.54 0.89 0.22 
Dbl bead-beating (ng/uL) 0 0 0 0.11 0.83 0.20 
Heat 1.60 1.50 1.28 3.07 2.58 2.49 
Freeze thaw 1.32 1.23 1.12 3.21 3.00 3.22 
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Table S4.1. Sample metadata and the assigned letter codes for baseline sediment 

samples collected in 2015, 2016, 2018 from the Scotian Slope offshore Nova Scotia. Table 

is continued on next page. 

Sequence ID Station ID Year Replicate Letter code 
DST_2015HudsonBaseline_0014TWC0cm113_2018 14 2015 1 A 
DST_2015HudsonBaseline_0015TWC0cm113_2018 15 2015 1 B 
DST_2015HudsonBaseline_0019TWC0cm113_2018 19 2015 1 C 
DST_2016HudsonBaseline_0004TWC0cm7_20171128 4 2016 1 D_1 
DST_2016HudsonBaseline_0004TWC0cm8_20171128 4 2016 2 D_2 
DST_2016HudsonBaseline_0004TWC0cm9_20171128 4 2016 3 D_3 
DST_2016HudsonBaseline_0008TWC0cm19_20171128 8 2016 1 E_1 
DST_2016HudsonBaseline_0008TWC0cm20_20171128 8 2016 2 E_2 
DST_2016HudsonBaseline_0015TWC0cm34_20171128 15 2016 1 F_1 
DST_2016HudsonBaseline_0015TWC0cm35_20171128 15 2016 2 F_2 
DST_2016HudsonBaseline_0015TWC0cm36_20171128 15 2016 3 F_3 
DST_2016HudsonBaseline_0016TWC0cm37_20171128 16 2016 1 G_1 
DST_2016HudsonBaseline_0016TWC0cm38_20171128 16 2016 2 G_2 
DST_2016HudsonBaseline_0016TWC0cm39_20171128 16 2016 3 G_3 
DST_2016HudsonBaseline_0019TWC0cm43_20171128 19 2016 1 H_1 
DST_2016HudsonBaseline_0019TWC0cm44_20171128 19 2016 2 H_2 
DST_2016HudsonBaseline_0019TWC0cm45_20171128 19 2016 3 H_3 
DST_2016HudsonBaseline_0024TWC0cm55_20171128 24 2016 1 I_1 
DST_2016HudsonBaseline_0024TWC0cm56_20171128 24 2016 2 I_2 
DST_2016HudsonBaseline_0024TWC0cm57_20171128 24 2016 3 I_3 
DST_2016HudsonBaseline_0029TWC0cm67_20171128 29 2016 1 J_1 
DST_2016HudsonBaseline_0029TWC0cm68_20171128 29 2016 2 J_2 
DST_2016HudsonBaseline_0029TWC0cm69_20171128 29 2016 3 J_3 
DST_2016HudsonBaseline_0030TWC0cm70_20171128 30 2016 1 K_1 
DST_2016HudsonBaseline_0030TWC0cm71_20171128 30 2016 2 K_2 
DST_2016HudsonBaseline_0030TWC0cm72_20171128 30 2016 3 K_3 
DST_2016HudsonBaseline_0033TWC0cm79_20171128 33 2016 1 L_1 
DST_2016HudsonBaseline_0033TWC0cm80_20171128 33 2016 2 L_2 
DST_2016HudsonBaseline_0033TWC0cm81_20171128 33 2016 3 L_3 
DST_2016HudsonBaseline_0035TWC0cm82_20171128 35 2016 1 M_1 
DST_2016HudsonBaseline_0035TWC0cm83_20171128 35 2016 2 M_2 
DST_2016HudsonBaseline_0035TWC0cm84_20171128 35 2016 3 M_3 
DST_2016HudsonBaseline_0037TWC0cm88_20171128 37 2016 1 N_1 
DST_2016HudsonBaseline_0037TWC0cm89_20171128 37 2016 2 N_2 
DST_2016HudsonBaseline_0037TWC0cm90_20171128 37 2016 3 N_3 
DST_2016HudsonBaseline_0038TWC0cm91_20171128 38 2016 1 O_1 
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Sequence ID (Table S4.1 cont.) Station ID Year Replicate Letter code 
DST_2016HudsonBaseline_0038TWC0cm92_20171128 38 2016 2 O_2 
DST_2016HudsonBaseline_0038TWC0cm93_20171128 38 2016 3 O_3 
DST_2016HudsonBaseline_0042TWC0cm94_20171128 42 2016 1 P_1 
DST_2016HudsonBaseline_0042TWC0cm95_20171128 42 2016 2 P_2 
DST_2016HudsonBaseline_0042TWC0cm96_20171128 42 2016 3 P_3 
DST_2018HudsonBaseline_0006GC0cm124_20180807 6 2018 1 Q_1 
DST_2018HudsonBaseline_0006GC0cm125_20180807 6 2018 2 Q_2 
DST_2018HudsonBaseline_0006GC0cm126_20180807 6 2018 3 Q_3 
DST_2018HudsonBaseline_0014GC0cm127_20180807 14 2018 1 R_1 
DST_2018HudsonBaseline_0014GC0cm128_20180807 14 2018 2 R_2 
DST_2018HudsonBaseline_0014GC0cm129_20180807 14 2018 3 R_3 
DST_2018HudsonBaseline_0022GC0cm130_20180807 22 2018 1 S_1 
DST_2018HudsonBaseline_0022GC0cm131_20180807 22 2018 2 S_2 
DST_2018HudsonBaseline_0022GC0cm132_20180807 22 2018 3 S_3 
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Figure S4.2. Total number of merged forward and reverse paired-end reads after quality 

control and removal of chimeric reads through the MetaAmp pipeline for sediment samples 

used for analysis in Chapter 4. Table continues on next page. 

Sample letter ID Reads 
A 20942 
B 11043 
C 16001 
D_1 12829 
D_2 4050 
D_3 10265 
E_1 8203 
E_2 7075 
F_1 9871 
F_2 4637 
F_3 9102 
G_1 7803 
G_2 9695 
G_3 13340 
H_1 5567 
H_2 4336 
H_3 6908 
I_1 5157 
I_2 5381 
I_3 8465 
J_1 8262 
J_2 6361 
J_3 6675 
K_1 9472 
K_2 7876 
K_3 12889 
L_1 11971 
L_2 6336 
L_3 9754 
M_1 9226 
M_2 16078 
M_3 10238 
N_1 7423 
N_2 4836 
N_3 10640 
O_1 9153 
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Sample Letter ID 
(Table S4.2. cont.) Reads 
O_2 10323 
O_3 10648 
P_1 9410 
P_2 4550 
P_3 7610 
Q_1 25550 
Q_2 13879 
Q_3 23249 
R_1 19898 
R_2 18206 
R_3 15760 
S_1 18644 
S_2 11454 
S_3 22662 

 

 

 

 

 

 

 

 

 

 

 

 

 

 



 256 

Table S4.3. Shannon alpha diversity index and Simpson dissimilarity index values for 

samples analyzed in Chapter 4. Table continues on next page. 

Sample ID Shannon Simpson 
A 5.827649 0.008234 
B 6.058454 0.006043 
C 6.122925 0.007019 

D_1 5.988818 0.005982 
D_2 6.032252 0.006195 
D_3 5.976287 0.006498 
E_1 5.790687 0.008393 
E_2 5.846711 0.007901 
F_1 6.02034 0.007047 
F_2 6.044294 0.006274 
F_3 6.111321 0.006111 
G_1 6.358863 0.00402 
G_2 6.259946 0.004568 
G_3 6.352663 0.004223 
H_1 5.99968 0.007185 
H_2 5.952551 0.007692 
H_3 5.931838 0.008002 
I_1 5.785131 0.0074 
I_2 5.78423 0.008099 
I_3 5.803844 0.007587 
J_1 5.808798 0.008553 
J_2 5.795712 0.00853 
J_3 5.78394 0.009991 
K_1 6.074452 0.006156 
K_2 6.08236 0.00598 
K_3 6.220723 0.005004 
L_1 5.88619 0.006433 
L_2 5.859999 0.006955 
L_3 5.89544 0.00629 
M_1 6.266961 0.00486 
M_2 6.255766 0.004514 
M_3 6.180102 0.005655 
N_1 5.547357 0.017945 
N_2 5.6585 0.013857 
N_3 5.669829 0.014576 
O_1 6.126905 0.005227 
O_2 6.273579 0.00464 
O_3 5.518308 0.015291 
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Sample ID 
(Table S4.3. 

cont.) Shannon Simpson 
P_1 6.02237 0.006186 
P_2 6.016369 0.006302 
P_3 6.058383 0.006318 
Q_1 5.87183 0.007658 
Q_2 5.924984 0.006686 
Q_3 5.812391 0.007968 
R_1 5.857606 0.00782 
R_2 5.775784 0.008968 
R_3 5.857814 0.007778 
S_1 6.068538 0.005957 
S_2 6.079831 0.006176 
S_3 6.097468 0.005837 
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Table S5.1. Stock solutions used to make up artificial seawater medium used in the 

microcosm experiment in chapter 5. Each stock solution was prepared using aseptic 

technique and remained aerobic. All solutions were sterilized either by 0.2 µm filter or by 

liquid cycle autoclave and stored at 4°C. 

Solution name Ingredient Volume or Mass 
1. 10 mM Phosphate 
Buffer  

MilliQ H2O 200 mL 

 NaH2PO4 0.240 g 
 Na2HPO4 0.285 g 
2. Trace Mineral  MilliQ H2O 987 mL 
 HCl (7.7 M) 12.5 mL 
 FeSO4,7H2O 2,100 mg 
 H3BO3 30 mg 
 MnCl2, 4H2O 100 mg 
 CoCl2, 6H2O 190 mg 
 NiCl2, 6H2O 24 mg 
 CuCl2, 2H2O 2 mg 
 ZnSO4, 7H2O 144 mg 
 Na2MoO4, 2H2O 36 mg 
3. Vitamin  (1) Phosphate Buffer (pH 

adjusted to 7.1 using pure 
phosphoric acid) 

100 mL 

 4-aminobenzoic acid 4 mg 
 D(+)-Biotin 1 mg 
 Nicotinic acid 10 mg 
 Calcium D(+)-

pantothenate 
5 mg 

 Pyridoxine dihydrochloride 15 mg 
4. Thiamine  (1) Phosphate Buffer (pH 

adjusted to 3.4 using pure 
phosphoric acid) 

100 mL 

 Thiamine hydrochloride 10 mg 
5. Vitamin B12  MilliQ H2O 100 mL 
 Cyanocobalamine 5 mg 
6. 100X Salt  MilliQ H2O 500 mL 
 MgCl2, 6H2O 100 g 
 KCl 25 g 
 NH4Cl 12.5 g 
 CaCl2, 2H2O 10 g 
7. 100X Phosphate MilliQ H2O 100 mL 
 KH2PO4 2 g 
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Table S5.2. Total number of merged forward and reverse paired-end reads after quality 

control and removal of chimeric reads through the MetaAmp pipeline for all samples used 

for analysis in Chapter 5. Table continues for four more pages. 

Sequence name 
Treatment/ 
Replicate Sample day Molecule Reads 

DST_Exp2_1C1_20171024 C1 0 DNA 30746 
DST_Exp2_2C2_20171024 C2 0 DNA 5405 
DST_Exp2_3C3_20171024 C3 0 DNA 25986 
DST_Exp2_4C4_20171024 C4 0 DNA 23058 
DST_Exp2_5C5_20171024 C5 0 DNA 23007 
DST_Exp2_6C6_20171024 C6 0 DNA 27318 
DST_Exp2_7C7_20171024 C7 0 DNA 24009 
DST_Exp2_8C8_20171024 C8 0 DNA 25909 
DST_Exp2_9C9_20171024 C9 0 DNA 29680 
DST_Exp2_10U1_20171024 U1 0 DNA 24003 
DST_Exp2_11U2_20171024 U2 0 DNA 27664 
DST_Exp2_12U3_20171024 U3 0 DNA 37640 
DST_Exp2_16P1_20171024 P1 0 DNA 20417 
DST_Exp2_17P2_20171024 P2 0 DNA 18545 
DST_Exp2_18P3_20171024 P3 0 DNA 30494 
DST_Exp2_19SE1_20171024 SE1 0 DNA 18943 
DST_Exp2_20SE2_20171024 SE2 0 DNA 41135 
DST_Exp2_21SE3_20171024 SE3 0 DNA 18091 
DST_Exp2_22SE4_20171024 SE4 0 DNA 23587 

DST_Exp2_23SE5_20171024 
DST_Exp2_24SE6_20171024 

SE5 
SE6 

0 
0 

DNA 
DNA 

23487 
18470 

DST_Exp2_25C1_20171024 C1 30 DNA 22868 
DST_Exp2_27C3_20171024 C3 30 DNA 21068 
DST_Exp2_28C4_20171024 C4 30 DNA 24927 
DST_Exp2_29C5_20171024 C5 30 DNA 18143 
DST_Exp2_30C6_20171024 C6 30 DNA 19539 
DST_Exp2_31C7_20171024 C7 30 DNA 21688 
DST_Exp2_32C8_20171024 C8 30 DNA 16714 
DST_Exp2_33C9_20171024 C9 30 DNA 25808 
DST_Exp2_34P1_20171024 P1 30 DNA 27327 
DST_Exp2_35P2_20171024 P2 30 DNA 27007 
DST_Exp2_36P3_20171024 P3 30 DNA 28425 
DST_Exp2_37U1_20171024 U1 30 DNA 26718 
DST_Exp2_38U2_20171024 U2 30 DNA 17223 

DST_Exp2_39U3_20171024 U3 30 DNA 23657 
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Sequence name (Table S5.2. cont.) 
Treatment/ 

Replicate Sample day Molecule Reads 
DST_Exp2_43C1_20171024 C1 60 DNA 18648 
DST_Exp2_44C2_20171024 C2 60 DNA 18773 
DST_Exp2_45C3_20171024 C3 60 DNA 31878 
DST_Exp2_46C4_20171024 C4 60 DNA 20857 
DST_Exp2_47C5_20171024 C5 60 DNA 15887 
DST_Exp2_48C6_20171024 C6 60 DNA 37225 
DST_Exp2_49C7_20171024 C7 60 DNA 21649 
DST_Exp2_50C8_20171024 C8 60 DNA 11283 
DST_Exp2_51C9_20171024 C9 60 DNA 31807 
DST_Exp2_52P1_20171024 P1 60 DNA 26083 
DST_Exp2_53P2_20171024 P2 60 DNA 20686 
DST_Exp2_54P3_20171024 P3 60 DNA 20316 
DST_Exp2_55U1_20171024 U1 60 DNA 18321 
DST_Exp2_56U2_20171024 U2 60 DNA 19723 

DST_Exp2_57U3_20171024 U3 60 DNA 24225 
DST_Exp2_61C1_20180409 C1 92 DNA 39276 
DST_Exp2_62C2_20180409 C2 92 DNA 35273 
DST_Exp2_63C3_20180409 C3 92 DNA 38746 
DST_Exp2_64C4_20180409 C4 92 DNA 23243 
DST_Exp2_65C5_20180409 C5 92 DNA 34921 
DST_Exp2_66C6_20180409 C6 92 DNA 35141 
DST_Exp2_67C7_20180409 C7 92 DNA 33707 
DST_Exp2_68C8_20180409 C8 92 DNA 31269 
DST_Exp2_69C9_20180409 C9 92 DNA 32129 
DST_Exp2_70P1_20180409 P1 92 DNA 16488 
DST_Exp2_71P2_20180409 P2 92 DNA 21352 
DST_Exp2_72P3_20180409 P3 92 DNA 24688 
DST_Exp2_73U1_20180409 U1 92 DNA 34529 
DST_Exp2_74U2_20180409 U2 92 DNA 33048 

DST_Exp2_75U3_20180409 U3 92 DNA 36100 
DST_Exp2_103C1_20180409 C1 150 DNA 22081 
DST_Exp2_104C2_20180409 C2 150 DNA 32224 
DST_Exp2_105C3_20180409 C3 150 DNA 40043 
DST_Exp2_106C4_20180409 C4 150 DNA 28289 
DST_Exp2_107C5_20180409 C5 150 DNA 31855 
DST_Exp2_108C6_20180409 C6 150 DNA 33995 
DST_Exp2_109U1_20180409 U1 150 DNA 13708 
DST_Exp2_110U2_20180409 U2 150 DNA 22189 
DST_Exp2_111U3_20180409 U3 150 DNA 22793 
DST_Exp2_115P1_20180409 P1 150 DNA 35479 
DST_Exp2_115P2_20180409 P2 150 DNA 25879 
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Sequence name (Table S5.2. cont.) 
Treatment/ 

Replicate Sample day Molecule Reads 

DST_Exp2_115P3_20180409 P3 150 DNA 23631 
DST_Exp2_148C1_20180409 C1 240 DNA 15929 
DST_Exp2_149C2_20180409 C2 240 DNA 31759 
DST_Exp2_150C3_20180409 C3 240 DNA 29570 
DST_Exp2_151C4_20180409 C4 240 DNA 26422 
DST_Exp2_152C5_20180409 C5 240 DNA 23339 
DST_Exp2_153C6_20180409 C6 240 DNA 15768 
DST_Exp2_154U1_20180409 U1 240 DNA 18483 
DST_Exp2_155U2_20180409 U2 240 DNA 16205 
DST_Exp2_156U3_20180409 U3 240 DNA 20399 
DST_Exp2_160P1_20180409 P1 240 DNA 34362 
DST_Exp2_161P2_20180409 P2 240 DNA 52631 

DST_Exp2_162P3_20180409 P3 240 DNA 39915 
DST_Exp2_178C1Day300_20180709 C1 300 DNA 13635 
DST_Exp2_179C2Day300_20180709 C2 300 DNA 11749 
DST_Exp2_180C3Day300_20180709 C3 300 DNA 19649 
DST_Exp2_181C4Day300_20180709 C4 300 DNA 14542 
DST_Exp2_182C5Day300_20180709 C5 300 DNA 25878 
DST_Exp2_183C6Day300_20180709 C6 300 DNA 23410 
DST_Exp2_184U1Day300_20180709 U1 300 DNA 6614 
DST_Exp2_185U2Day300_20180709 U2 300 DNA 14144 
DST_Exp2_186U3Day300_20180709 U3 300 DNA 9502 
DST_Exp2_190P1Day300_20180709 P1 300 DNA 13766 
DST_Exp2_191P2Day300_20180709 P2 300 DNA 5459 
DST_Exp2_192P3Day300_20180709 P3 300 DNA 11000 
DST_Exp2_193SE1Day300_20180709 SE1 300 DNA 5992 
DST_Exp2_194SE2Day300_20180709 SE2 300 DNA 8371 

DST_Exp2_195SE3Day300_20180709 SE3 300 DNA 19922 
DST_Exp2_cDNA1_20180807 C1 0 RNA 16431 
DST_Exp2_cDNA2_20180807 C2 0 RNA 11913 
DST_Exp2_cDNA7_20180807 U1 0 RNA 15411 
DST_Exp2_cDNA8_20180807 U2 0 RNA 10551 

DST_Exp2_cDNA9_20180807 U3 0 RNA 12405 
DST_Exp2_cDNA10_20180807 C1 30 RNA 10005 
DST_Exp2_cDNA11_20180807 C2 30 RNA 8532 

DST_Exp2_cDNA12_20180807 C3 30 RNA 15298 
DST_Exp2_cDNA46_20180807 C1 150 RNA 11571 
DST_Exp2_cDNA47_20180807 C2 150 RNA 9076 

DST_Exp2_cDNA48_20180807 C3 150 RNA 14631 
DST_Exp2_cDNA91_20180807 C1 300 RNA 5279 
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Sequence name (Table S5.2. cont.) 
Treatment/ 

Replicate Sample day Molecule Reads 
DST_Exp2_cDNA92_20180807 C2 300 RNA 7226 
DST_Exp2_cDNA93_20180807 C3 300 RNA 10162 
DST_Exp2_cDNA97_20180807 U1 300 RNA 14751 
DST_Exp2_cDNA98_20180807       U2 300     RNA 10211 
DST_Exp2_cDNA99_20180807       U3 300     RNA 10833 
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Supplementary Figures 
 

 

Figure S3.1. Shannon alpha diversity of subsurface sediment from A: Station X, and B: 

Station Y, based on the different cell lysis methods tested. The bold horizontal line in the box 

indicates the median Shannon alpha diversity of 9 samples per cell lysis method (i.e. per 

box) for both stations, with the exception of the double bead-beating dataset from station X 

(A) with 6 samples. The dashed vertical lines extending from the top and bottom of the box 

indicate the upper and lower quartile ranges, respectively. The horizontal lines at the end of 

the dashed lines indicate the highest and lowest observation in the dataset and the dots 

indicate outliers.   
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Figure S3.2. Total number of OTUs in amplicon libraries of subsurface sediment DNA 

isolated using the four cell lysis methods sequenced using primer pair (i) 341F/785R (A), (ii) 

341F/805R (B), and (iii) 926F.1392R (C). Data from stations X and Y are grouped together 

and each box corresponds to 6 samples. The box and whiskers have the same meaning as 

described in Figure 3.3 legend.  
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Figure S3.3. Shannon alpha diversity of subsurface sediment DNA sequenced using three 

different primer pairs. Data from cell lysis method and stations are grouped together. Each 

box represents 23 samples. The box and whiskers have the same meaning as described in 

Figure 3.3 legend.  
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Figure S3.4. Total number of reads assigned to OTUs taxonomically classified as Archaea 

(A), Bacteria (B), Eukaryota (C), or unknown (D) in subsurface sediment amplicon libraries 

created using three different primer pairs. Data from station X and Y are grouped together. 

Each box represents 23 of samples. The box and whiskers have the same meaning as 

described in Figure 3.3 legend.  

 


